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a b s t r a c t

Understanding how chromatin is spatially and dynamically organized in the nucleus of
eukaryotic cells and how this affects genome functions is one of the main challenges of
cell biology. Since the different orders of packaging in the hierarchical organization of
DNA condition the accessibility of DNA sequence elements to trans-acting factors that
control the transcription and replication processes, there is actually a wealth of structural
and dynamical information to learn in the primary DNA sequence. In this review, we
show that when using concepts, methodologies, numerical and experimental techniques
coming from statistical mechanics and nonlinear physics combined with wavelet-based
multi-scale signal processing, we are able to decipher the multi-scale sequence encoding
of chromatin condensation–decondensation mechanisms that play a fundamental role in
regulating many molecular processes involved in nuclear functions.
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1. Introduction

1.1. Multi-scale coding of genomic information

The relation between the DNA primary structure and its biological function is one of the outstanding problems inmodern
biology. There are many objective reasons to believe that the functional role of the DNA sequence is not only to code for
proteins, which represents less than 5% of mammalian genomes, but also to contribute to controlling the spatial structure of
DNA in chromatin. Nowadays, it is well-recognized that the dynamics of DNA folding and unfoldingwithin living cells play a
major role in regulating many biological processes, such as gene expression, DNA replication, recombination and repair [1–
4]. As sketched in Fig. 1 [5], the genomic DNA of eukaryotic cells is tightly packaged into nucleosomes which constitute the
basic units of chromatin [6,7]. As experimentally detailed by high resolution X-ray analysis [8–10], each nucleosome consists
of almost two turns of DNA wrapped around an octamer of core histone proteins. An additional DNA fragment separates
successive nucleosomes which are disposed as beads-on-a-string along DNA. This nucleosomal array is further organized
into successive higher order structures [4] including condensation into the 30 nm chromatin fiber and the formation of
chromatin loops, up to a full extent of condensation in metaphase chromosomes. Actually, the structure and dynamics
of chromatin are under the control of a number of mechanisms involving DNA-protein interactions which may depend
upon the local sequence-dependent double-helix physical (structural, mechanical. . . ) properties. The precise influence of
the so-called primary structure (i.e. the sequence) on the organization of chromatin at all scales remains controversial. On a
local scale, specific sequence elements have been identified to interact with protein components of chromatin. For instance,
some sequence motifs that favor the formation and positioning of nucleosomes were found to be regularly spaced, e.g. the
10 bp periodicity exhibited by some dinucleotides like AA/TT [11–13]. Alternatively, similar motifs were shown to present
long-range correlations along the genome that are a signature of nucleosomes [14–16]. Other DNA regions, the scaffold or
matrix attachment regions that constitute the anchor points of chromatin loop domains, are constituted by ∼1 kbp AT-rich
sequence patterns [17,18]. On larger scales, the folding of the nucleosomal strings into higher-order structures has been the
issue of various models involving, e.g., random packing, coiling into hierarchical helical structures (solenoids) [19–21], or
loop-models [17,18,22–24], but the DNA sequence itself was not taken into account. Further experimental results suggest



A. Arneodo et al. / Physics Reports 498 (2011) 45–188 49

Fig. 1. Hierarchical structure of eukaryotic DNA. Each DNA molecule is packed into a mitotic chromosome that is 1/50 000 shorter than its extended
length.
Source: Adapted with permission from Ref. [5].
© 2003, by Nature Publishing Group.

that loopsmight be organized by the active transcription complexes [25–27]. Accordingly, gene positions and transcriptional
activity would constitute major determinants of themicroscopic structure of chromatin that would self-organize in a rather
predictable way: the 3D structure would then result to some extent from the DNA primary sequence.

Actually there is much more to be learned about the different stages of DNA compaction inside the cell nucleus (Fig. 1)
from the DNA sequence than is commonly thought. The originality of the approach described in this report relies on the fact
thatwe are going to extract structural, dynamical and functional information from theprimaryDNA sequence using concepts
coming from statistical mechanics and nonlinear physics and methodologies issuing from physics and signal processing
[28–32]. More precisely, we will mainly use a mathematical microscope, namely the continuous wavelet transform (WT)
[28,33–55], to explore the structural complexity of signals generated from adequate codings of the DNA sequences.

At high magnification, for scales up to 20–40 kbp, we will unravel information concerning the first two orders of DNA
packaging in eukaryotic nuclei, namely the linear nucleosomal array commonly called the 10 nm chromatin fiber and its
condensation into the packed nucleosomal 30 nm fiber (see the top panels in Fig. 1). On that range of rather small scales, the
concepts at work are scale-invariance, fractal, multifractal, long-range correlations (LRC) and the underlying mechanisms
are the ones encountered in the physics of disordered systems [56–79]. The observation of LRC between DNA bending sites
[14–16] has urged the necessity of revisiting polymer statistical physics to account for the long-range structural disorder
induced by theDNA sequence [31,80].When further developing a grand canonical physicalmodeling of nucleosomeordering
along the 10 nm chromatin fiber [31,81,82], it is the actual role of the DNA sequence in nucleosome positioning and its role
in regulating gene expression [83] that will be elucidated. These physical modelings based on the principles of equilibrium
statistical physics will be used as a theoretical guide for in vitro imaging experiments by atomic force microscopy (AFM),
aiming at studying the effect of the DNA sequence on (i) the elastic properties of genomic DNA molecules [31,84,85] and
(ii) the nucleosome ordering along genomic DNA fragments [86].

At scales above 40 kbp, when decreasing the magnification of our mathematical WT microscope, some characteristic
scales will emerge as the signature of the breaking of scale invariance properties (symmetry under dilations) [30,87]. In
the second part of this report, our goal will be to show that, at these large scales (hundreds of kbp up to several Mbp),
the primary sequence still contains structural and mechanical information, no longer on DNA, but rather on the 30 nm
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chromatin fiber and its propensity to form loops and multi-looped structural patterns (see the lower panels in Fig. 1), that
are likely to stabilize chromatin domains of autonomous DNA replication and gene expression [30]. This studywill lead us to
propose (i) some universal mechanism accounting for the self-organization of multi-looped rosettes prior to the replication
and transcription proteic complexes coming into play [30,88] and (ii) some dynamical modeling of the spatio-temporal
replication programme in the human genome, with replication first initiating at ‘‘master’’ replication origins likely specified
by an open chromatin structure favored by the DNA sequence [30,32,89–92] followed by successive activations of secondary
origins in a ‘‘cascade’’ or ‘‘domino’’ like model.

Altogether the results reviewed in this report will contribute to decipher the superimposition of various levels of
genomic information encrypted in the DNA sequence. As an important component, a multi-scale coding of the hierarchical
packaging of DNA inside eukaryotic chromatin actually contains fundamental information about the constitutive regulation
of functional processes like transcription and DNA replication.

1.2. Outline of the report

The report is organized as follows:

Section 2. In this section, we report the observation that in eukaryotic genomes, sequence motifs that favor the formation
of nucleosomes present particular correlation properties. These correlations, which are referred to as long-range
correlations (LRC), extend over large distances up to 20–40 kbp and are related to scale-invariant properties of
DNA sequences. We first explain how the LRC are identified and quantified using a mathematical microscope, the
so-calledWavelet Transform (WT).We show the existence of LRC in both coding and non-coding DNAwalkswhich
discards any understanding of these LRC in terms of genome plasticity. Then we compare eukaryotic, eubacterial
and archeal sequences using various coding tables including a structural coding table based on nucleosome
positioning data. The corresponding DNA chain bending profiles display scale-invariance properties characterized
by two LRC regimes. In the 10–200 bp range, LRC are observed for eukaryotic sequences as the signature of
the nucleosomal structure. In contrast, no LRC can be detected for eubacterial sequences. Over larger distances
(&200 bp) up to few kbp, stronger LRC seem to exist in all DNA sequences and are likely to play a role in the
condensation of the nucleosomal string notably into the so-called eukaryotic 30 nm chromatin fiber.

Section 3. The recent flowering of high throughput micro-array and sequencing data has provided an unprecedented
opportunity to study nucleosome positioning along eukaryotic chromosomes. In this section, we carry out a
statistical study of experimental nucleosome occupancy landscapes in the yeast genome based on power spectrum
and correlation function analysis. This study confirms that the spatial organization of nucleosomes is long-range
correlated with characteristics similar to the LRC imprinted in the DNA sequence. Then we develop a realistic but
simple model of nucleosome assembly that relies on the computation of the free-energy cost of bending a DNA
fragment of a given sequence from its natural curvature to the final superhelical structure around the histone
core. This model accounts for the nucleosome-free region (NFR) observed at yeast promoters. It also faithfully
predicts promoter strength in fly as encoded in distinct chromatin architectures characteristic of strongly and
weakly expressed genes.When further extending this theoreticalmodeling, we obtain nucleosome density profiles
that remarkably reproduce the heterogeneity of the nucleosome occupancy landscapes observed in vivo in yeast,
with alternation of ‘‘crystal-like’’ phases of confined regularly spaced nucleosomes and ‘‘fluid-like’’ phases of
rather diluted nonpositioned nucleosomes. Furthermore, we provide a very attractive interpretation of the NFRs
experimentally observed at gene promoters in terms of very high inhibitory energy barriers that are absent in
the energy landscape generated from uncorrelated sequences. After noticing that most yeast genes exhibit a NFR
at the transcription start site (TSS) but also at the transcription termination site (TTS), corresponding in fact to
the polyadenylation site, we revisit the in vivo nucleosome occupancy probability data with special focus on the
intragenic chromatin structure. We put into light a remarkably organized nucleosome distribution resulting from
the collective confinement of nucleosomes by the inhibitory energy barriers located at both gene extremities.
According to the gene size, we clearly identify ‘‘crystal’’ gene domains where gene chromatin is characterized
by a well-defined nucleosome repeat length (NRL). Interestingly, at the transition between successive crystal
domains, we observe ‘‘bistable’’ genes with a fuzzy-looking nucleosomal profile resulting from a statistical mixing
of two possible crystal states, one with a rather expanded chromatin (n nucleosomes) and the other one with a
more compact chromatin (n + 1 nucleosomes). Within each crystal domain, the transcription rate, and in turn
the expression level, decreases when the nucleosome compaction decreases. As compared to crystal-like genes
that present a constitutive expression level, bistable genes show a higher transcriptional plasticity and are more
sensitive to chromatin regulators. Accordingly, by mean of a single nucleosome switching, bistable genes may
drastically alter their expression level in response to various stimuli. Finally, the fact that bistable genes are
enriched in intron containing genes suggests that chromatin is indeed involved in the splicing regulation. As regard
to previous works on transcription initiation regulation by promoter nucleosome occupancy, our results shed a
new light on the role of the intra-gene chromatin structure on gene expression regulation.

Section 4. This section is devoted to two recent experimental studies that provide strong support to our structural
interpretation of the existence of LRC in DNA sequences. The first one concerns the observation of the influence
of genomic LRC on the elastic properties of DNA fragments of the human genome deposited on mica under 2D
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thermodynamical equilibrium conditions, by atomic force microscopy (AFM). As compared to the 2D equilibrium
conformations of synthetic intrinsically straight DNA and of uncorrelated DNA from hepatitis C RNA virus (HCV),
the conformations of human DNA clearly display a macroscopic intrinsic curvature that confirms that a persistent
LRC distribution of DNA bending sites constitutes a realistic and very attractive alternative to the more popular
10 bp periodicity nucleosome positioning signature. In the second experimental study, we combine AFM imaging
in liquid and physical modeling of nucleosome assembly to study the effect of the DNA sequence on nucleosome
positioning. In particular, (i) by comparing the statistical positioning distribution of a single nucleosome (which
is not accessible in vivo) to the theoretical nucleosome energy profile, we characterize the ability of the sequence
to locally favor or inhibit nucleosome formation, and (ii) by comparing experimental to theoretical equilibrium
nucleosomedensity profiles,we can quantify the contribution of theDNA sequence to the collective organization of
nucleosomes observed in vitro as well as in vivo. We show that the sequence signaling that prevails are high energy
barriers that locally inhibit nucleosome formation as observed in vivo (NFRs). We also bring the first experimental
demonstration that these excluding genomic energy barriers condition the collective positioning of neighboring
nucleosomes. Analysis of Saccharomyces cerevisiae and human gene promoters reveals that by directing the
positioning of these energy barriers relative to the TSS, the sequence specifies the intrinsic nucleosome occupancy
at regulatory sites, thereby contributing to gene regulation.

Section 5. In this section, we start unraveling the genomic information contained at large scales in DNA sequences. First
we show that along the human chromosomes, the GC content displays rather regular nonlinear oscillations with,
among others, two main periods of 110 ± 20 kbp and 400 ± 50 kbp, that are well recognized characteristic scales
of chromatin loops and loop domains involved in the hierarchical folding of the chromatin fibers. These periods
are also remarkably similar to the size of mammalian replicons and replicon clusters. Analysis of deviations from
intrastrand equimolarities between T and A, and between G and C, the so-called TA and GC skews, corroborates the
existence of these rhythms as the footprints of replication and/or transcription mutation bias. We show that these
oscillations enlighten a remarkable cooperative gene organization. Analysis of human intron-containing genes
reveals that these skews are correlated to each other and display a characteristic step-like profile exhibiting sharp
transitions between transcribed (finite bias) and non-transcribed (zero bias) regions. We further use the wavelet
transform modulus maxima (WTMM) method to investigate the multifractal properties of (TA + GC) skew walk
profiles along human chromosomes. This study reveals the bifractal nature of these skew profiles which involve
two competing scale-invariant components. The first corresponds to the long-range correlated homogeneous
fluctuations previously observedwith DNA structural codings. The second is associatedwith the presence of jumps
in the original (TA + GC) strand-asymmetry profile. We confirm that a majority of upward (downward) jumps in
this profile co-locate with gene TSS and TTS. We find that the skew displays rather sharp upward jumps from
negative to positive values at the locations of experimentally identified human replication origins. Wavelet-based
multi-scale analysis of the skew profiles along the 22 human autosomes reveals numerous sharp upward jumps
that are good candidates as replication initiation zones and allows us to predict a thousand of them. Between two
neighboring sharp upward jumps, the skewdisplays a linear decreasing profile leading to a characteristic N-shaped
pattern also observed in mouse and dog. Along this observation, we propose a model of replication in mammalian
germline cells with well positioned origins and random terminations.

Section 6. In this section, we develop a multi-scale pattern recognition methodology based on the WT of the total
(TA + GC) skew S, using a best-adapted analyzing wavelet to detect N-shaped replication domains. Since the
skew S contains some contribution induced by transcription (step-like blocks), we use a least-squares fitting
procedure to provide unprecedented estimates of the replication and transcription biases. When looking at
individual genes,we show that their transcriptionbias decreaseswith thedistance to theputative origins bordering
the replication N-domains. Importantly, when comparing transcription bias to expression data, we find that
the estimated transcription bias strongly correlates to the expression level in the germline (spermatogonia) but
not in somatic lineages. Altogether, these results suggest that (i) transcription bias is indeed a consequence of
germline transcription and (ii) putative replication origins correspond to transcriptionally active regions in many
tissues. Similar results are obtained for the mouse genome which suggests that the mechanisms underlying the
transcription- and replication-associated skews are characteristics of mammalian genomes. Taking advantage
of the recent availability of high resolution timing data, we show that most of the putative replication origins
that border N-domains are replicated earlier in the S phase than their surroundings whereas the central regions
replicate late. These results bring the first experimental confirmation of these putative replication origins. When
investigating further the large scale organization of human genes with respect to replication, we show that these
replication origins, gene orientation and gene expression are not randomly distributed but on the opposite are
at the heart of a strong organization of human chromosomes. Around the putative origins, genes are abundant
and broadly expressed, and their transcription is co-oriented with replication fork progression. These features
weaken progressively with the distance from putative replication origins. At the center of domains, genes are
rare and expressed in few tissues. We propose that this specific organization could result from the constraints of
accommodating the replication and transcription initiation processes at chromatin level. Finally, we report the
recent discovery of a novel kind of skew domains, the so-called split-N-domains similar to N-domains at their
borders, but exhibiting at their heart a large region of null and constant skew. We show that the central regions of
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these large split-N-domains (fewMbp long) correspond toheterochromatin genedeserts found in lowGC isochores
andwe propose that the initiation of replication in these regions could be random. AltogetherN-domains and split-
N-domains cover more than 50% of the human genome.

Section 7. In this section, we address the issue of the role of the sequence on the chromatin tertiary structure. First, we
review the two-angle model of the 30 nm chromatin fiber and propose to let the nucleosome repeat length to
vary, in order to account for the nucleosome ordering predicted by our sequence-dependent physical model. This
should allow us to derive the genomic map of in vitro chromatin fiber structure and compactness. By comparison
with various models of interphase chromatin based on a multi-looped (rosette-like) structure of the 30 nm fiber
induced by the action of external factors (e.g. transcription factors), we elaborate on the very attractive alternative
that the chromatin fiber can self-organize into multi-looped patterns thanks to its heterogeneous structure. In the
crowded environment of the eukaryotic nucleus, we show that the presence of intrinsic structural defects (local
open chromatin fiber defects) predisposes the chromatin fiber to form rosette-like structures. These multi-looped
patterns self-organize through entropy-driven clustering of these sequence-induced fiber defects by depletive
forces, prior to any external factor coming into play. This clustering is likely to favor the recruiting of protein
complexes involved in the activation of replication and transcription. In this context, the set of ∼1000 putative
replication initiation zones identified in silico in the human genome are good candidates for some intrinsic
decondensed fiber defects. When mapping experimental and numerical chromatin mark data in replication N-
domains, we find, surrounding most of the putative replication origins that replicate early in the S phase, regions
of a few hundred kbp wide that are hypersensitive to DNase cleavage, that are hypomethylated and that present
a significant enrichment in genomic energy barriers that impair nucleosome formation (NFRs). This suggests
that these replication origins, further qualified as ‘‘master’’ origins, are specified by an open chromatin structure
favored by the DNA sequence. We propose that replication would initiate in early S phase at these privileged
locations and the diverging replication fork progression would further trigger secondary origins, likely separated
by shorter distances (∼50–300kbp as compared to∼1Mbp formaster origins), as recently observed in the ENCODE
regions, in a ‘‘domino cascade’’ manner. As structural defects (bursts of ‘‘openness’’) in the chromatin fiber, these
master replication origins might also be central to the tertiary structure of eukaryotic chromatin into rosette-
like structures. Thus the spontaneous emergence of rosette patterns, likely maintained by the origin recognition
complexes (ORCs), provides a very attractive description of the so-called replication foci observed in interphase
mammalian nuclei as stable structural domains of autonomous replication. Furthermore, the remarkable gene
organization discovered around the putative replication origins suggests that these rosettes contribute to the
compartmentalization of the genome into autonomous domains of gene transcription. Via the self-organizing
structural role of the replication origins, the DNA sequence might therefore code, to some extent, for the tertiary
chromatin structure. When investigating evolutionary breakpoint regions (breakage of synteny) along human
chromosomes, we show that they appear more frequently near the predicted origins than in N-domain central
regions, suggesting that the distribution of large-scale rearrangements in mammals reflects a mutational bias
towards fragile regions of high transcriptional activity and replication initiation. The fact that chromosome
anomalies involved in the tumoral process coincide with replication N-domain extremities raises the possibility
that the replication origins detected in silico are potential candidate loci susceptible to breakage in some cancer
cell types.

This review ends with some concluding remarks in Section 8, and 3 Appendices collectingmaterial used in themain text.

2. Long-range correlations in eukaryotic DNA sequences: a footprint of nucleosome packaging

2.1. About the controversy concerning the existence of long-range correlations in DNA sequences

The possible relevance of scale invariance and fractal concepts to the structural complexity of genomic sequences has
been the subject of considerable increasing interest [29,93]. During the past fifteen years or so, there has been intense
discussion about the existence, the nature and the origin of LRC in DNA sequences. Different techniques including mutual
information functions [94,95], autocorrelation functions [96–98], power spectra [95,99,100], ‘‘DNAwalk’’ representation [93,
101], Zipf analysis [102–104] and entropies [105–108], were used for statistical analysis of DNA sequences. For years there
has been some permanent debate on rather struggling questions like the fact that the reported LRC might be just an artifact
caused by the compositional heterogeneity of the genome organization [29,93,96,97,109–114]. Another controversial issue
is whether or not LRC properties are different for protein-coding (exonic) and non-coding (intronic, intergenic) sequences
[29,93–104,111,113,115–120]. Actually, there were many objective reasons for this somehow controversial situation. Most
of the pioneering investigations of LRC in DNA sequences were performed using different techniques that all consisted in
measuring the power-law behavior of some characteristic quantity, e.g., the fractal dimension of the DNA walk, the scaling
exponent of the correlation function or the power-law exponent of the power spectrum. Therefore, in practice, they all faced
the same difficulties, namely finite-size effects due to the finiteness of the sequence [121–123] and statistical convergence
that required some precautions when averaging over many sequences [93,111]. But beyond these practical problems, there
was also a more fundamental restriction since the measurement of a unique exponent characterizing the global scaling
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Table 1
Trinucleotide coding tables of relative local bending properties of the DNA double helix axis. (a) PNuc table has been established from nucleosome
positioning data [134,135] and is thought to code for the local curvature properties. (b) DNase I table is based on the sensitivity of DNA fragments to
DNase I [136] and more likely codes for DNA local flexibility properties. The values of theses two tables were arbitrarily assigned between 0° and 10°.

Trinucleotide Bending Trinucleotide Bending
PNuc DNase I PNuc DNase I

AAA/TTT 0.0 0.1 CAG/CTG 4.2 9.6
AAC/GTT 3.7 1.6 CCA/TGG 5.4 0.7
AAG/CTT 5.2 4.2 CCC/GGG 6.0 5.7
AAT/ATT 0.7 0.0 CCG/CGG 4.7 3.0
ACA/TGT 5.2 5.8 CGA/TCG 8.3 5.8
ACC/GGT 5.4 5.2 CGC/GCG 7.5 4.3
ACG/CGT 5.4 5.2 CTA/TAG 2.2 7.8
ACT/AGT 5.8 2.0 CTC/GAG 5.4 6.6
AGA/TCT 3.3 6.5 GAA/TTC 3.0 5.1
AGC/GCT 7.5 6.3 GAC/GTC 5.4 5.6
AGG/CCT 5.4 4.7 GCA/TGC 6.0 7.5
ATA/TAT 2.8 9.7 GCC/GGC 10.0 8.2
ATC/GAT 5.3 3.6 GGA/TCC 3.8 6.2
ATG/CAT 6.7 8.7 GTA/TAC 3.7 6.4
CAA/TTG 3.3 6.2 TAA/TTA 2.0 7.3
CAC/GTG 6.5 6.8 TCA/TGA 5.4 10.0

properties of a sequence fails to resolve multifractality [113,124], and thus provides very poor information upon the nature
of the underlying LRC (if there were any). Actually, it can be shown that for homogeneous (monofractal) DNA sequence, the
scaling exponents estimated with the techniques previously mentioned, can all be expressed as a function of the so-called
Hurst or roughness exponent H of the corresponding DNA walk landscape [29,93,101,113,124]. H = 1/2 corresponds to
classical Brownian, i.e., uncorrelated random walks. For any other value of H , the steps (increments) are either positively
correlated (H > 1/2: ‘‘persistent’’ random walks) or anti-correlated (H < 1/2: ‘‘antipersistent’’ random walks) (see
Appendix B).

One of the main obstacles to LRC analysis in DNA sequences is the genuine mosaic structure of these sequences which
are well-known to be formed by ‘‘patches’’ of different underlying compositions [125–127]. When using the ‘‘DNA walk’’
representation, these patches appear as trends in the DNA walk landscapes that are likely to break scale invariance [29,93,
101,109–114,124,128]. Most of the techniques, e.g., the variancemethod, used for characterizing the presence of the LRC are
notwell adapted to study non-stationary sequences. There have been somephenomenological attempts to differentiate local
patchiness from LRC using specific methods such as the so-called ‘‘min–maxmethod’’ [101] and the ‘‘detrended fluctuations
analysis’’ [120,129]. In previous work [29,113,124], we have emphasized the WT as a well suited technique to overcome
this difficulty (see Appendix A). By considering analyzing wavelets that make the WT microscope blind to low-frequency
trends, any bias in the DNAwalk can be removed and the existence of power-law correlations with specific scale invariance
properties can be revealed accurately. In this section, we report the results of a comparative analysis of the LRC properties
for both DNA texts and DNA bending profiles of various eukaryotic, eubacterial and archaeal genomes [14–16,113,124,130].

2.2. Coding DNA sequences for statistical analysis

2.2.1. DNA walk representation
A DNA sequence is a four-letter (A, C, G, T) text where A, C, G and T are the bases adenine, cytosine, guanine, and thymine

respectively. A popular method to graphically portray the genetic information stored in DNA sequences consists in mapping
them in some variants of n-dimensional random-walks [131–133]. In this section, we follow the strategy originally proposed
by Peng et al. [101]. The so-called ‘‘DNA walk’’ analysis requires first to convert the DNA text into a binary sequence. This
can be done, for example, on the basis of purine (Pu = A,G) versus pyrimidine (Py = C, T) distinction, by defining an
incremental variable that associates to position i the value χ(i) = 1 or −1, depending on whether the ith nucleotide of the
sequence is Pu or Py. Each DNA sequence is thus represented as a string of purines and pyrimidines. Then the graph of the
DNA walk is defined by the cumulative variables:

f (n) =

n−
i=1

χ(i). (1)

Various mono- and dinucleotide codings have been used in the literature to investigate the possible existence of LRC
properties in the so-reconstructed DNA walks. These codings are actually inspired from the binary coding method exten-
sively used by Voss [99,100] and which consists in decomposing the nucleotide sequence in four sequences corresponding
to A, C, G or T, codingwith 1 at the considered nucleotide positions and 0 at the other positions. Similarly dinucleotide coding
rules, e.g. AT, consists in coding with 1 at the positions of the As that are followed by a T and at the positions of the Ts that
are preceded by an A and 0 at all other positions.
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Fig. 2. Schematic representation of a frozen DNA chain. (a) Classical polymer representation of the double helix with an intrinsically straight axis; the
base-pair planes are parallel and each base-pair twists with respect to its neighbor by about 34.3°. (b) Intrinsic structural disorder induced by the sequence:
the base-pair planes are no longer parallel and the double helix axis displays local curvature fluctuations θ̇o(i) [3].

2.2.2. DNA bending profile
To construct DNA bending profiles that account for the fluctuations of the local double helix curvature induced by the

sequence (Fig. 2) [1–3], we have used in our original work [14–16,130], the trinucleotide model proposed in Ref. [134] (here
called PNuc) and which was deduced from experimentally determined nucleosome positioning [135] (Table 1). To test that
our results do not come out from a simple recoding of the DNA text, we have also used the trinucleotide coding table defined
in Ref. [136] (here called DNase) which is based on sensitivity of DNA fragments to DNaseI and that likely codes for the DNA
local flexibility properties (Table 1). The ‘‘‘PNuc’’ and ‘‘DNase’’ trinucleotide coding rules are thus defined by coding the
nucleotide ni at position i by the numerical value given by either one of these tables for the trinucleotide defined by this
nucleotide and its two nearest neighbors, i.e., the triplet (ni−1, ni, ni+1). A complete coding of DNA sequence is achieved by
repeating this operation for all the positions i from 2 to L − 1, where L is the overall length of the sequence.

As illustrated in Fig. 3, it is worth noticing that the differences between the ‘‘PNuc’’ and ‘‘DNase’’ tables are clearly
sufficient to produce, at least at first sight, significantly different DNA bending profiles. Both the structural and mechanical
bending profiles look very irregular with some qualitative resemblancewith the landscapes obtained from the displacement
of a random walker (see Appendix B.1) [15,29,137]. They both display scale invariance properties: when zooming in
some part of these profiles, we recover similar fluctuating landscapes which are statistically undistinguishable from the
corresponding original profiles.

2.3. Mastering the mosaic structure of DNA walks with the wavelet transform microscope

Because of the characteristic heterogeneity of genome composition, one of themain features of DNAwalks is theirmosaic
structure [125–129]. Even though the patchy structure of DNA sequences probably contains biological information of great
importance, it is rather cumbersome as far as LRC investigation is concerned. In Fig. 4 is shown the WT analysis of the
bacteriophage λ DNA walk (Fig. 4(a)) when using the binary purine-pyrimidine coding defined in Section 2.2.1 (Eq. (1))
[29,113,124]. Fig. 4(b) shows the WT space-scale representation of this DNA signal when using the first derivative of the
Gaussian function g(1) (Appendix A, Fig. A.1(a)) as analyzing wavelet. In Fig. 4(d,e), two horizontal cuts of Tg(1)(b, a) are
shown at two different scales a = a1 = 22 and a2 = 27 that are represented by the dashed lines in Fig. 4(b). When taking
into account the characteristic size of the analyzing wavelet at the scale a = 1 corresponding to 3 nucleotides, these two
scales correspond to looking at the fluctuations of the DNA walk over a characteristic length of the order of 12 and 384
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Fig. 3. (a) Cumulative bending profiles for a human DNA fragment (chromosome 21, positions 192–200 kbp). Abscissa is the position on the sequence;
the curves are cumulative representations of PNuc (black) and DNase (grey) codings (in order to facilitate the comparison, the mean drift of the curves has
been eliminated). (b) Enlargement of the portion of the cumulative bending profiles contained in the inset of (a).
Source: Adapted from Ref. [137].

nucleotides respectively. When focusing theWTmicroscope at the small scale a = a1 in Fig. 4(d), since g(1) is orthogonal to
constants (nψ = 1) (Appendix A, Eq. (A.3)), we reveal the local (high frequency) fluctuations of f (n), i.e., the local fluctuations
in purine and pyrimidine compositions over small size (∼12 nucleotides) domains. When decreasing theWTmagnification
in Fig. 4(e), we realize that these fluctuations actually occur around three successive linear trends; g(1) not being blind to
linear behavior, the WT coefficients fluctuate around non-zero constant behavior that corresponds to the slopes of those
linear trends. Note that this result is a direct consequence of Eq. (A.4) (Appendix A). Although this phenomenon is more
pronouncedwhen progressively increasing the scale parameter a towards a value that corresponds to the characteristic size
(∼15000 nucleotides) of these strand biases, it is indeed present at all scales. In Fig. 4(f), at the same coarse scale a = a2 as
in Fig. 4(e), the fluctuations of theWT coefficients are shown as computed with the order-2 analyzing wavelet g(2) (nψ = 2)
(Appendix A, Eq. (A.3)). The WT microscope now being also orthogonal to linear behavior, the WT coefficients fluctuate
about zero and we do not see the influence of the strand bias any longer, and this at all scales (Fig. 4(c)). Furthermore, by
considering successively g(3), g(4), . . ., we can not only remove linear trends from the DNA signal but also eliminate more
complicated high-order polynomial trends that could be mistaken with the presence of LRC in DNA sequences [113,124]. In
that respect the WT microscope is a very efficient tool to filter the scale-invariant component of the DNA walk landscape
and thus to characterize the possible existence of LRC properties (see Appendices A and B) [29].

2.4. Application of the wavelet transform modulus maxima method to multifractal analysis of DNA sequences

2.4.1. DNA walks are monofractal
To quantify the scale invariance properties of DNA walks, we have intensively used the WTMM method [29,138] that is

described in Appendix A together with test applications in Appendix B. In an early work [113,124,130], we have mainly
focused on the statistical analysis of coding and noncoding sequences in the human genome. The results reported in
Fig. 5 correspond to the study of 2184 introns of length L ≥ 800 bp and of 226 exons of length L ≥ 600 bp selected
(in the late nineties) in the EMBL data bank [15,16,130]. The length criteria used to select these sequences result from
some compromise between the control of finite-size effects in the WTMM scaling analysis (those sequences are rather
short sequences: L̄introns ≃ 800 bp, L̄exons ≃ 150 bp) and the achievement of statistical convergence (2184 introns and
226 exons are rich enough statistical samples). Fig. 5(a) displays plots of the partition functions Z(q, a) (Appendix A, Eq.
(A.12)), computed from theWT skeletons using g(2) (Appendix A, Eq. (A.3)) as analyzing wavelet, versus the scale parameter
a in a logarithmic representation. These results correspond to quenched averaging over the corresponding 2184 intronwalks
(red curves) and 226 exon walks (blue curves) generated using the G mononucleotide coding. For a rather wide range of q
values: −2 ≤ q ≤ 4, scaling actually operates over a sufficiently large range of scales for the estimate of the τ(q) exponents
to be meaningful. The τ(q) spectra obtained from linear regression fits of the intron and exon data are shown in Fig. 5(b).
For both these noncoding and coding sequences, the data points fall remarkably on a straight line which indicates that the
considered intron walks and exon walks are likely to display monofractal scaling. But the slope of the straight line obtained
for introns H = ∂τ(q)/∂q = 0.60 ± 0.02 is definitely larger than the slope of the straight line derived for the exons
H = 0.53 ± 0.02. This is a clear indication that intron walks display LRC (H > 1/2), while exon walks look much more
like uncorrelated random walks (H ≃ 1/2) (see Appendix B). At first sight these results are in good agreement with the
conclusions of previous studies concerning the existence of LRC in noncoding DNA sequences only [93,101,116,117]. Similar
observations are reported in Refs. [113,124], when investigating the largest individual introns and exons found in the EMBL
data bank.



56 A. Arneodo et al. / Physics Reports 498 (2011) 45–188

Fig. 4. WTanalysis of the bacteriophage λ genome (L = 48 502 bp). (a) DNAwalk displacement f (n) based on purine-pyrimidine distinction, vs. nucleotide
distance n. (b) WT of f (n) computed with g(1) (Appendix A, Fig. A.1(a)); Tg(1) (b, a) is coded using 256 colors from black (min|Tg(1) |) to red (max|Tg(1) |).
(c) Same analysis as in (b) but with the second-order analyzing wavelet g(2) (Appendix A, Fig. A.1(b)). (d) Tg(1) (b, a = a1) vs. b for a1 = 12 (nucleotides).
(e) Tg(1) (b, a = a2) vs. b for a2 = 384 (nucleotides). (f) Same analysis as in (e) but with g(2) . The scales a1 and a2 are indicated by the horizontal dashed
lines in (b) and (c). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Reprinted from Ref. [29].

One of the most striking results of our WTMM analysis in Fig. 5, is the fact that the τ(q) spectra extracted for both sets
of introns and exons, are well fitted by Eq. (B.8), i.e., the analytical spectrum for fBm’s (see Appendix B). Let us note that
this remarkable finding as well as the respective values of H obtained from intronic and exonic sequences are robust with
respect to change in the considered nucleotide coding used to generate the DNA walks (see Table 2).

2.4.2. About the Gaussian nature of the fluctuations in DNA walk landscapes
Within the perspective of confirming the monofractality of DNA walks, we have studied the probability density function

(pdf) of wavelet coefficient values ρa(Tg(2)(., a)), as computed at a fixed scale a in the fractal scaling range. According to the
monofractal scaling properties, one expects these pdfs to satisfy the self-similarity relationship (Appendix B, Eq. (B.9)):

aHρa(aHT ) = ρ(T ), (2)

where ρ(T ) is a ‘‘universal’’ pdf (actually the pdf obtained at scale a = 1) that does not depend on the scale parameter a. In
Refs. [113,124], we have shown that when plotting aHρa vs. aHT , all the ρa curves corresponding to different scales actually
collapse on a unique curve when using the exponent H = 0.6 for the set of human introns and H = 0.53 for the set of
human exons. Moreover, independently of the coding or noncoding nature of the sequences, the so-obtained universal pdfs
cannot be distinguished from a Gaussian distribution. As shown in Fig. 6, this result is quite general since similar Gaussian
WT coefficient statistics are observed on a comparable range of (small) scales in between 10 and 200 nucleotides, for both
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Fig. 5. Comparative WTMM analysis of the DNA walks of 2184 introns (L ≥ 800 bp) and 226 exons (L ≥ 600 bp) in the human genome. The analyzing
wavelet is g(2) (Appendix A, Fig. A.1(b)). The DNA walks are generated using the G mononucleotide coding for introns (red) and exons (blue). The reported
results correspond to quenched averaging over our statistical samples of introns and exons respectively. (a) ⟨log2 Z(q, a)⟩ vs. log2 a for various values of
q. (b) τ(q) vs. q; the solid lines correspond to the theoretical spectrum τ(q) = qH − 1 (Appendix B, Eq. (B.8)) for fBm’s with H = 0.60 ± 0.02 (introns)
and 0.53 ± 0.02 (exons). (c) h(q) = (τ (q)+ 1)/q vs. q for the coding subsequences relative to position 1 (blue circles), 2 (green circles) and 3 (red circles)
of the bases within the codons; the data for the introns (red squares) are shown for comparison; the horizontal broken-lines correspond to the following
respective values of the Hurst exponent H = 0.55, 0.58 and 0.60. (For interpretation of the references to color in this figure legend, the reader is referred
to the web version of this article.)
Source: Reprinted from Ref. [29].

the S. cerivisiae (H = 0.59, Fig. 6(c)) and Escherichia coli (H = 0.50, Fig. 6(d)), when using the Amononucleotide coding (see
Table 2) [15,16]. Thus, as explored through the optics of theWTmicroscope, the basic fluctuations (about the low frequency
trends due to compositional patchiness) in DNA walks are likely to have monofractal Gaussian statistics. The presence of
LRC in the human introns is in fact contained in the scale dependence of the root mean-square (rms) fluctuations of wavelet
coefficients (see Appendix B):

σ(a) ∝ aH , (3)

with H = 0.60 ± 0.02 like for persistent random walk fBms (see Appendix B.1), as compared to uncorrelated random walk
value H = 0.53 ± 0.02 ≃ 1/2 obtained for the coding sequences.

2.5. Long-range correlations in DNA sequences do not originate from genome plasticity

2.5.1. Uncovering long-range correlations in coding DNA sequences
Because of the ‘‘period three’’ codon structure of coding DNA, it was natural to investigate separately the three

subsequences relative to the position (1, 2 or 3) of the bases within their codons [139,140]. We have build up these
subsequences from our set of 226 human exons and we have repeated the WTMM analysis. The data obtained for the
corresponding τ(q) spectra again fall on straight lines which corroborates monofractal scaling properties for the three
subsequences. As shown in Fig. 5(c), for the subsequences relative to positions 1 and 2, we get the same slope h(q) =

∂τ(q)/∂q = 0.55±0.02, which is undistinguishable from the value obtained for the overall coding sequences. Surprisingly,
the data for the subsequence relative to position 3, exhibit a slope which is clearly largerH = 0.58±0.02, i.e., a value which
is very close to the exponent H = 0.60 ± 0.02 estimated for the set of introns. This observation suggests that this third
coding subsequence is likely to display the same degree of LRC as noncoding sequences [140].

2.5.2. Nucleotide composition effects on the long-range correlation properties of human genes
The idea of looking for a link between the LRC properties and theGC content of the sequences results from the remark that

theWTMMmethod indeed fails to distinguish a few introns from actual exons [113]. For example, two introns of the human
factor XIIIb subunit gene of length L = 9952 and 2874 nucleotides have the following Hölder exponent H = 0.49 ± 0.02
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Fig. 6. Probability distribution functions of wavelet coefficient values of ‘‘A’’ DNA walks. The analyzing wavelet is the Mexican hat g(2) (Appendix A,
Fig. A.1(b)). S. cerevisiae (complete genome): (a) log2(ρa) vs. Tg(2) for the set of scales a = 12 (△), 24 (�), 48 (◦), 192 (N), 384 ( ), and 768 (•); (c) small-scale
regime: log2(aHρa(aHTg(2))) vs. Tg(2) with H = 0.59; (e) large-scale regime: log2(aHρa(aHTg(2))) vs. Tg(2) with H = 0.75. E. coli (complete genome): (b)
log2(ρa) vs. Tg(2) for the set of scales a = 24 (△), 48 (�), 96 (◦), 384 (N), 768 ( ), and 1536 (•); (d) small-scale regime: log2(aHρa(aHTg(2))) vs. Tg(2) with
H = 0.50; (f) large-scale regime: log2(aHρa(aHTg(2))) vs. Tg(2) with H = 0.80. Scales are in nucleotide units.
Source: Reprinted from Ref. [29].

and 0.46 ± 0.02 respectively. Similarly, one large (L = 10 986) intron of the human retinoblastoma susceptibility gene has
a Hölder exponent H = 0.51 ± 0.02 which is undistinguishable from the value 1/2 for uncorrelated biased random walks.
After having tried to understand to which extent these introns were different from other introns, we realized that they all
corresponded to DNA sequences with a low percentage in GC content (from 31% to 36%). As shown in Fig. 7 (first row), the
strength H of the LRC observed in both the human introns and exons definitely increases when increasing the GC content of
the sequence under study from values close to 1/2 at low GC content (.40%) up to values larger than 0.6 at high GC content
(&60%). These results clearly confirm the existence of LRC in coding and noncoding sequences [15,16,130] and make quite
questionable most of the models proposed in the literature to account for the LRC and that are based on genome plasticity
(insertion-deletion, rearrangment events) [93,95,107,141–145]. Actually, because of selection pressure, these models fail to
explain the existence of LRC in exonic regions due to the strong constraints imposed by their coding properties. The results
reported in Fig. 7 further suggest that the LRCmight be related to themechanisms underlying the ‘‘isochore structure’’ of the
human genome [119,143]. The isochore structure of the human andmore generally mammalian genomes is manifested as a
uniformity of GC content within specific domains, called isochores, and appreciable scatter of the average GC content when
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Fig. 7. Global estimate of the rms of WT coefficients: log2 σ(a) − 0.6 log2 a is plotted versus log2 a; the scale is expressed in nucleotide units; the thin
straight lines corresponding to uncorrelated (H = 1/2) and strongly correlated (H = 0.8) regimes are drawn to guide the eyes. (Some horizontal line
on this logarithmic representation will correspond to H = 0.6). The analyzing wavelet is g(2) (Appendix A, Fig. A.1(b)). The results correspond to some
averaging over the mononucleotide ‘‘G’’ and ‘‘C’’ codings for introns (left column) and exons (central column) of length L ≥ 600 nucleotides, and for the
position 3 nucleotides within codons (right column) for the eukaryotic organisms human, rodents, birds and drosophila from top to bottom. Introns and
exons were grouped into classes of different GC content: GC% ∈ [0, 40] (dotted line), [40, 50] (dashed line), [50, 60] (thin black line) and [60, 100] (thick
black line).
Source: Adapted from Ref. [130].

comparing different domains [127,146–152]. Consistently, GC dependent LRC are also observed in coding DNA sequences in
rodents and birds (Fig. 7). But if the isochores are well recognized structures in warm blood vertebrates, their characteristic
length ∼105–106 nucleotides is much larger than the characteristic sizes of both introns and exons and there are not found
in Drosophila where LRC are equally observed as shown in Fig. 7 (lower row) [15,16,130]. This explains that in the late
nineties, the origin of LRC in DNA sequences was still a very debated question [29,93,107,113,120,123].
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2.6. Towards a structural interpretation of long-range correlations in DNA sequences

2.6.1. Investigating long-range correlations in fully sequenced genomes
The success in DNA sequencing has provided a wide range of investigations for statistical analysis of genomic sequences

[150,153–161]. The availability of fully sequenced genomes offers the possibility to study scale-invariance properties of
DNA sequences over a wide range of scales extending from tens to thousands of nucleotides. The first completely sequenced
eukaryotic genome S. cerevisiae [158]was an opportunity to performa comparativewavelet analysis of the scaling properties
displayed by each chromosome [14–16,130]. When looking at the scale dependence of the root-mean square σ(a) of
the wavelet coefficient pdf computed with g(2) (Appendix A, Eq. (A.3)), for the ‘‘A’’ DNA walks in each of the 16 yeast
chromosomes,we see, in Fig. 8(a), that they all present superimposable behavior.Wenotably observe the same characteristic
scale that separates two different scaling regimes. Let us note that common behavior to the 16 yeast chromosomes has
already been pointed out in Refs. [114,126]. At small scales, 20 . a . 200, weak power-law correlations are observed as
characterized by H = 0.59 ± 0.02, a mean value which is significantly larger than 1/2. At large scales, 200 . a . 5000,
strong power-law correlations with H = 0.82± 0.01 become dominant with a cutoff around 104 bp (a number which is by
nomeans accurate) where uncorrelated behavior is observed. (In this section the scale parameter is expressed in nucleotide
units). The existence of these two scaling regimes is confirmed in Fig. 6(a), (c) and (e) [29], where the WT pdfs computed
at different scales (Fig. 6(a)) are shown to collapse on a single curve, as predicted by the self-similarity relationship (2),
provided we use the scaling exponent value H = 0.59 in the scale range 10 . a . 100 (Fig. 6(c)) and H = 0.75 in the scale
range 200 . a . 1000 (Fig. 6(e)). In the small-scale regime, the pdfs are very well approximated by Gaussian distributions
(Fig. 6(c)) which recalls the results of the WTMM analysis of eukaryotic intronic and exonic sequences in Section 2.4.2.
In the large-scale regime, the pdfs have stretched exponential-like tails (Fig. 6(e)). In both regimes, the fact that Eq. (2) is
verified, corroborates the monofractal nature of the roughness fluctuations of the yeast DNA walks [14–16,130]. We have
also examined other eukaryotic contigs from different organisms (human, rodent, avian, plant and insect) and we have
observed the same characteristic features as those obtained with S. cerevisiae (Table 2). In Fig. 8(c), a similar but slightly
smaller characteristic scale a∗

≃ 100 bp is clearly seen on a human contig (see also Fig. 9). Moreover, the cross-over from a
H = 0.62 ± 0.01 to a H = 0.75 ± 0.02 scaling regime is remarkably robust since the data for the four ‘‘A’’, ‘‘C’’, ‘‘G’’ and ‘‘T’’
DNA walks fall almost on the same curve in the range 20 . a . 2000 [14–16,130].

The striking overall similarity of the results obtained with these different eukaryotic genomes prompted us to also
examine the scale invariance properties of bacterial genomes. In Figs. 6(b), (d), (f) and 8(b), are reported the results obtained
for E. coli [159] which are typical of what we have observed with fifteen other bacterial genomes (Table 2) [14–16,130].
Again, there exists a well defined characteristic scale a∗

≃ 100–200 that delimits the transition to stronger LRC with
H = 0.85 ± 0.02 at large scales. In order to examine if these properties actually extend homogeneously over the whole
genomes, σ(a) was calculated over a window of width l = 2000 nucleotides, sliding along the DNA walk profiles. The
results reported in Fig. 9 clearly reveal the existence of a characteristic scale a∗

≃ 100–200 nucleotides which seems to be
robust all along the corresponding DNAmolecules and this for all investigated genomes. There exists however an important
difference between eukaryotic and bacterial genomes where uncorrelated (H = 1/2) Brownian motion-like behavior is
observed in the small-scale regime (Fig. 6(d)). But the striking feature of these data is that the strong large-scale power-law
correlations are present in all bacterial, archaeabacterial and eukaryotic genomes (Fig. 8; see also Fig. 11(a)) [14–16,99,100,
130].

2.6.2. Evidencing long-range correlations between DNA bending sites in eukaryotic organisms
What mechanism or phenomenon might explain the small-scale LRC in eukaryotic genomes? Their total absence in

bacterial genomes raises the possibility that they could be related to certain nucleotide arrangements in the 147 bp
long DNA regions which are wrapped around histone proteins to form the eukaryotic nucleosomes [1–4,6–10]. Indeed,
eubacterial genomic DNA is associated with histone-like proteins (e.g. Hu), but no nucleosome-type structure has been
detected in these organisms [162]. Following this hypothesis, we have extended the application of the WT microscope to
the investigation of the multi-scale properties of DNA bending signals that are likely to reflect the hierarchical organization
of nucleoprotein complexes. To construct a bending profile that accounts for the fluctuations of the local DNA curvature,
we use the trinucleotide coding table ‘‘PNuc’’ (Table 1) [134,135]. The results of the WTMM analysis of the bending profiles
of the yeast chromosomes are reported in Figs. 8(a) and 10(a). This analysis reveals striking similarities with the curves
resulting from the DNA walk analysis, in both the small-scale and the large-scale regimes. As shown in Fig. 10(a), in the
former regime, the wavelet coefficient pdfs computed at different scales again collapse on a same parabola in a semi-
logarithmic representation, as predicted by the self-similarity relationship (2), when using the scaling exponent H = 0.6,
the hallmark of LRC Gaussian statistics [14–16,130]. Eq. (2) also applies in the later regime when adjusting H = 0.75, but
as previously observed with the mononucleotide codings in Fig. 6(e), the pdfs have now stretched exponential-like tails.
These observations are not simply due to a ‘‘recoding’’ of the DNA sequences since when using the DNase coding table
(Table 1) [136], we notice a significant weakening of the H exponent in the large scale regime (H ≃ 0.6) (Fig. 8(a)).

As shown in Figs. 8(b) and 10(b), the structural information that is contained in the scaling properties of the bending
profiles obtained for E. coli can also be directly extracted from theWTMM reading of the DNA texts [14–16,130]. But there is
a major difference between the scaling properties observed for eubacteria (Fig. 10(b) and Table 2) and the ones previously
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Fig. 8. Global estimate of the rms ofWT coefficients: log10 σ(a)−0.6 log10 a is plotted versus log10 a; the scale is expressed in nucleotide units; the straight
dashed lines corresponding to uncorrelated (H = 1/2) and strongly correlated (H = 0.80) regimes are drawn to guide the eyes. (Some horizontal line
in this logarithmic representation will correspond to H = 0.6.) The analyzing wavelet is the ‘‘Mexican hat’’ wavelet g(2) (Appendix A, Fig. A.1(b)). (a) S.
cerevisiae: ‘‘A’’ DNA walks of the 16 S. cerevisiae chromosomes (grey line) and of the corresponding bending profiles obtained with the PNuc (◦) and DNase
(△) coding tables when averaged over the 16 chromosomes. (b) E. coli: ‘‘A’’ (grey line), ‘‘T’’ (grey –––), ‘‘G’’ (black line) and ‘‘C’’ (black –––) DNA walks
and the corresponding PNuc (◦) and DNase (△) bending profiles. (c) Human chromosome 21: ‘‘A’’, ‘‘C’’, ‘‘G’’ and ‘‘T’’ DNA walks and corresponding PNuc and
DNase bending profiles; same symbols as in (b). (d) Human chromosome 21: comparative analysis of DNA walks for all adenines (line), adenines part of a
dinucleotide AA (· · ·) and isolated adenines not part of a dinucleotide AA (– - –).
Source: Reprinted from Ref. [137].

observed for S. cerivisiae (Fig. 10(a)) and more generally for all eukaryotic PNuc bending profiles (Fig. 8(c) and Table 2),
namely the fact that in the small-scale regime no correlations are observed for prokaryotes whereas LRC are likely to be the
signature of eukaryotic nucleosomal DNA [14–16,130].

2.6.3. Long-range correlations in eukaryotic DNA: a signature of the nucleosomal structure
Following the nucleosomal interpretation of LRC in the small-scale regime, the observation of such correlations in

archaeal genomes in Fig. 11 and Table 2 [15,16,130] is consistent with the presence in archaebacteria of structures similar to
the eukaryotic nucleosomes [163–169]. This analysis has also been extended to viral genomes. Small-scale LRC are clearly
detected in organelle genomes (data not shown) and inmost viral double-stranded DNA genomes (Herpes-, Adeno-, Papova-,
Parvo- and Hepadna-viruses) as shown for Epstein-barr virus in Fig. 11 [15,16,130]. This further supports the hypothesis of
nucleosome-based LRC since nucleosomes have been observed on several classes of double-strandedDNAviruses [170–174].
The Poxviridae, which are the only animal DNA viruses replicating in the cytoplasm of their host cells, code for a bacterial-
type of histone-like protein [175], and no LRC are found in this scale range as shown in Fig. 11 for Melanoplus sanguinipes
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Fig. 9. Local estimate of the rms σ(a, x) of the WT coefficients of the ‘‘A’’ DNA walk, computed with the Mexican hat analyzing wavelet g(2) (Appendix A,
Fig. A.1(b)). σ(a) is computed over a window of width l = 2000 bp, sliding along the first 106 bp of the yeast chromosome IV (a), E. coli (b) and a human
contig (c). log10 σ(a) − 2/3 log10 a is coded using 128 colors from black (min) to red (max). In this space-scale wavelet like representation, x and a are
expressed in bp units. The horizontal white dashed lines mark the scale a∗ where some minimum is observed consistently along the entire genomes:
a∗

= 200 bp for S. cerevisiae, a∗
= 200 bp for E. coli and a∗

= 100 bp for the human contig. (For interpretation of the references to color in this figure
legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [29].

Fig. 10. Probability distribution functions ofwavelet coefficient values of PNuc bending profiles. The analyzingwavelet is theMexican hat g(2) (Appendix A,
Fig. A.1(b)). (a) S. cerevisiae: log2(aHρa(aHT )) vs. T for the set of scales a = 12 (△), 24 (�), 48 (◦), 192 (N), 384 (�), and 768 (•) in nucleotide units; H = 0.60
(H = 0.75) in the small (large)-scale regime. (b) E. coli: same as in (a) but with H = 0.50 (H = 0.80) in the small (large)-scale regime.
Source: Reprinted from Ref. [14].

virus. This observation is consistent with our hypothesis and suggests that the genomic DNA of these viruses is submitted to
packaging process different from other animal viruses. Finally, bacteriophage genomes do not present any small-scale LRC
(Fig. 11 for T4 bacteriophage) as already observed for their eubacterial hosts (Table 2). Other classes of virus genomes like the
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Fig. 11. Global estimate of the rms of WT coefficients of (a) ‘‘A’’ DNA walks and (b), (c) PNuc bending profiles [137]. The various symbols correspond to
the following genomes: Archaeglobus fulgidus (squares), Epstein-Barr virus (dots), Melanoplus sanguinipes entomapoxvirus (open circles), T4 bacteriophage
(stars), average over 21 single-stranded RNA viruses (open triangles) and 17 retroviruses (black triangles). Same representation as in Fig. 8.
Source: Reprinted from Ref. [137].

single and double-stranded RNA viruses (to the exception of the retroviruses) are very unlikely associated to nucleosomes. In
all cases except retroviruses, we observe a total absence of small-scale LRC (Fig. 11). In the case of retroviruses, it is known
that the integrated viral DNA is associated to nucleosomes in the cell nucleus [176]; we clearly confirm the presence of
small-scale LRC (H ≃ 0.57±0.02) (Fig. 11(c)). These wavelet based fractal analysis of viral and cellular genomes of all three
kingdoms sustain without failure the fact that small-scale LRC provide a reliable diagnostic of the existence of eukaryotic
nucleosomes (Table 2) [14–16,130].

To further investigate this LRC nucleosomal diagnostic, we ask whether particular dinucleotides which are known to
participate to the positioning and formation of nucleosomes [11–13,177–189] (e.g. AA dinucleotides) would carry LRC
specifically associated to eukaryotic genomes. This can be examined if one performs the analysis of different DNA walks
generated with (i) all adenines, (ii) only adenines that are part of a dinucleotide AA and (iii) isolated adenines that are not
part of a dinucleotide AA. The analysis of human (Fig. 8(d)) and eukaryotes (Table 2) shows that the ‘‘isolated A’’ DNA walk
exhibits a clear weakening of the LRC properties at small scale, while the ‘‘AA’’ DNA walk accounts for a major part of the
observed LRC on the ‘‘A’’ DNA walk, which confirms the nucleosomal signature of small-scale LRC [14–16,130]. Note that
this observation is an additional illustration of the fact that recoding does not trivially conserve the correlation law [15,130].

2.6.4. Long-range correlations in genomic DNA: a requisite for condensation–decondensation processes?
Several studies have established the presence in genomic sequences of DNA motifs related to bending properties.

A 10.2 bp periodicity has been observed using either Fourier or correlation function analysis, specifically in eukaryotic
genomes where it has been interpreted in relation to the nucleosomal structure [11–13,177–189]. However there is a
fundamental difference between this nucleosome diagnostic based on periodicity (i.e. invariance with respect to discrete
translations) and our analysis based on scale invariance properties (i.e. invariance with respect to continuous dilations)
which strongly suggests that the mechanisms underlying the nucleosomal structure of eukaryotic genomes are multi-scale
phenomena that actually involve the whole set of scales in the 10–200 bp range. In this respect, periodicity (which concerns
5% of sequences that present affinities for the histone octamer that are significantly larger than average [190]) and scale
invariance (which concerns 95% of bulk genomic DNA sequences having an affinity for the histone octamer similar to that of
randomsequences [190]) should not be considered as opposed to each other but rather complementary. Hence, in contrast to
the tight histone binding obtainedwith an adequate periodic distribution of bending sites, LRCmight facilitate the formation
and the positioning of the histone core throughout a major part of the genome. If we consider the translational positioning
of nucleosomes as a mechanism of diffusion along the DNA chain and if we assume that, once the histone core is bound to
DNA, the distribution of bending sites has a direct consequence on this diffusion process, then the LRC are likely to increase
the average nucleosome displacement along DNA with respect to uncorrelated sequences (anomalous diffusion) [137,191].

What mechanisms might explain the strongly correlated patterns observed on the DNA walks as well as on the
corresponding bending profiles in all genomes, in the 200–5000 bp range? As already suggested in Ref. [190], the signals
involved in nucleosome binding and positioning may act collectively over large distances to the packing of nucleosomal
arrays into high-order chromatin structures [18,192–194]. Since DNA bending sites are key elements for nucleosomal
structures, the detailed investigation of large-scale LRC observed in eukaryotic bending profiles should shed light on the
compaction mechanisms at work in the hierarchical formation and dynamics of chromatin (Fig. 1). An important clue
provided by our studies is that similar long distance correlations in bending profiles are also observed in eubacteria
and archaebacteria. It is then tempting to conjecture that the compaction of the eubacterial nucleoid in rosette-shaped
chromosomal structures [195] is submitted to similar multi-scale structural constraints. Indeed, it is well established
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Table 2
Values of the Hurst exponent H in the small-scale regime. This exponent is estimated using our wavelet-based method as described in Appendices A and
B. The numbers in each line correspond to a linear regression fit of log10 σWT (a) versus log10 a, in the 10(20)–100 bp range, for the indicated sequence or
set of sequences. The error bars are estimated from the fluctuations of the local slope of the data in this range of scales. Each column indicates the coding
rule that is used (Section 2.2). n.a., non-attributed, when the statistical sample is not large enough to allow reliable measurements.
Source: Reprinted table from Ref. [16].

PNuc DNase AA Aiso A GG Giso G
(=TT ) (=Tiso) (+T ) (=CC) (=Ciso) (+C)

Homo sapiens 0.67 0.59 0.64 0.55 0.61 n.a 0.54 0.59
±0.04 ±0.03 ±0.02 ±0.01 ±0.03 ±0.02 ±0.03

Homo sapiens 0.68 0.60 0.64 0.54 0.60 n.a 0.54 0.60
Introns ±0.02 ±0.02 ±0.01 ±0.02 ±0.02 ±0.01 ±0.01

Homo sapiens 0.55 0.49 n.a 0.50 0.53 0.54 0.51 0.54
Exons ±0.01 ±0.02 ±0.01 ±0.01 ±0.01 ±0.01 ±0.01

Exons 0.53 0.50 0.50 0.50 0.53 n.a 0.50 n.a
GC% < 50 ±0.04 ±0.02 ±0.05 ±0.01 ±0.02 ±0.02

Exons 0.55 0.50 n.a 0.52 0.53 0.56 0.53 0.58
GC% > 60 ±0.02 ±0.01 ±0.02 ±0.01 ±0.03 ±0.03 ±0.03

Danio rerio 0.61 0.58 0.58 0.58 0.60 n.a 0.56 0.57
±0.05 ±0.03 ±0.05 ±0.03 ±0.03 ±0.03 ±0.06

Drosophila 0.62 0.56 0.60 0.59 0.63 n.a 0.56 0.61
melanogaster ±0.03 ±0.03 ±0.05 ±0.02 ±0.05 ±0.01 ±0.06

Caenorhabditis 0.66 0.59 0.63 0.56 0.59 n.a 0.57 0.62
elegans ±0.06 ±0.05 ±0.05 ±0.02 ±0.05 ±0.04 ±0.07

Arabidopsis 0.60 0.55 0.58 0.55 0.60 n.a 0.54 0.58
thaliana ±0.07 ±0.02 ±0.05 ±0.01 ±0.03 ±0.02 ±0.07

Saccharomyces 0.54 0.54 0.54 0.55 0.57 n.a 0.52 0.53
cerevisiae ±0.01 ±0.02 ±0.01 ±0.01 ±0.03 ±0.01 ±0.03

Herpesviridae 0.57 0.52 n.a 0.53 0.53 0.57 0.53 0.59
±0.01 ±0.01 ±0.01 ±0.01 ±0.02 ±0.01 ±0.01

Adenoviridae 0.57 0.53 0.55 0.54 0.53 n.a 0.52 0.54
±0.01 ±0.02 ±0.04 ±0.02 ±0.02 ±0.04 ±0.02

Melanoplus 0.51 0.49 0.50 0.51 0.49 n.a 0.49 0.51
sanguinipes ±0.01 ±0.02 ±0.02 ±0.03 ±0.02 ±0.02 ±0.01

Vaccinia virus 0.51 0.49 0.51 0.50 0.48 n.a 0.51 0.48
±0.02 ±0.01 ±0.02 ±0.02 ±0.04 ±0.01 ±0.01

positive-strand 0.53 0.52 0.51 0.53 0.50 n.a 0.53 0.49
ssRNA viruses ±0.01 ±0.02 ±0.01 ±0.01 ±0.01 ±0.02 ±0.02

dsRNA viruses 0.55 0.49 n.a 0.51 0.50 0.53 0.53 0.51
±0.01 ±0.02 ±0.01 ±0.03 ±0.03 ±0.03 ±0.01

Human 0.62 0.50 0.53 0.51 0.49 n.a 0.62 0.54
spumaretrovirus ±0.02 ±0.02 ±0.01 ±0.02 ±0.01 ±0.04 ±0.02

Retroviridae 0.57 0.50 0.57 0.51 0.53 0.61 0.56 0.54
±0.03 ±0.01 ±0.01 ±0.02 ±0.02 ±0.01 ±0.01 ±0.01

Escherichia 0.49 0.48 0.50 0.50 0.51 0.50 0.50 0.50
coli ±0.02 ±0.02 ±0.02 ±0.01 ±0.01 ±0.01 ±0.01 ±0.01

Rickettsia 0.54 0.50 0.54 0.52 0.52 n.a 0.52 0.51
prowazekii ±0.03 ±0.02 ±0.02 ±0.01 ±0.02 ±0.02 ±0.03

Helicobacter 0.51 0.51 0.52 0.52 0.52 n.a 0.50 0.55
pylori 26695 ±0.05 ±0.02 ±0.04 ±0.01 ±0.04 ±0.03 ±0.03

Chlamydia 0.51 0.51 0.52 0.52 0.46 n.a 0.51 0.49
trachomatis ±0.01 ±0.02 ±0.01 ±0.01 ±0.02 ±0.01 ±0.01

Treponema 0.54 0.51 0.50 0.51 0.50 0.49 0.53 0.50
pallidum ±0.04 ±0.01 ±0.01 ±0.01 ±0.02 ±0.03 ±0.01 ±0.01

Mycoplasma 0.51 0.51 0.52 0.52 0.52 0.52 0.52 0.52
pneumoniae ±0.04 ±0.03 ±0.03 ±0.01 ±0.02 ±0.03 ±0.03 ±0.01

Bacillus 0.51 0.49 0.50 0.51 0.52 n.a 0.50 0.51
subtilis ±0.02 ±0.01 ±0.02 ±0.01 ±0.01 ±0.02 ±0.01
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Table 2 (continued)

PNuc DNase AA Aiso A GG Giso G
(=TT ) (=Tiso) (+T ) (=CC) (=Ciso) (+C)

Synechocystis 0.51 0.47 0.50 0.50 0.50 0.49 0.49 0.51
PCC6803 ±0.01 ±0.02 ±0.01 ±0.01 ±0.01 ±0.02 ±0.01 ±0.01

Thermotoga 0.52 0.49 0.52 0.51 0.51 0.52 0.51 0.50
maritima ±0.02 ±0.01 ±0.03 ±0.01 ±0.02 ±0.02 ±0.01 ±0.02

Aquifex 0.57 0.51 0.57 0.51 0.54 0.52 0.51 0.53
aeolicus ±0.04 ±0.02 ±0.03 ±0.01 ±0.03 ±0.02 ±0.01 ±0.02

Bacteriophage 0.50 0.50 0.50 0.52 0.49 n.a 0.53 0.47
T4 ±0.01 ±0.01 ±0.01 ±0.01 ±0.01 ±0.02 ±0.01

Bacteriophage 0.49 0.50 0.50 0.52 0.51 n.a 0.51 0.50
SPBc2 ±0.01 ±0.03 ±0.01 ±0.01 ±0.01 ±0.01 ±0.01

Thermoplasma 0.56 0.50 0.52 0.50 0.54 0.52 0.51 0.51
acidophilum ±0.03 ±0.02 ±0.05 ±0.01 ±0.03 ±0.03 ±0.01 ±0.02

Methanococcus 0.56 0.52 0.55 0.51 0.55 n.a 0.51 0.53
jannaschii ±0.05 ±0.03 ±0.03 ±0.01 ±0.04 ±0.02 ±0.02

Pyrococcus 0.52 0.51 0.53 0.51 0.53 0.50 0.51 0.52
horikoshii ±0.04 ±0.02 ±0.04 ±0.01 ±0.01 ±0.02 ±0.01 ±0.02

Archaeoglobus 0.54 0.51 0.52 0.50 0.50 0.50 0.52 0.58
fulgidus ±0.05 ±0.02 ±0.05 ±0.01 ±0.03 ±0.02 ±0.01 ±0.02

Aeropyrum 0.53 0.51 n.a 0.50 0.48 0.50 0.51 0.58
pernix ±0.01 ±0.01 ±0.01 ±0.03 ±0.01 ±0.01 ±0.02

Sulfolobus 0.54 0.50 0.53 0.51 0.53 n.a 0.51 0.55
solfataricus ±0.03 ±0.01 ±0.02 ±0.01 ±0.02 ±0.01 ±0.02

that architectural proteins interacting with DNA bending sites participate to the stabilisation of large nucleoprotein
arrays, as for example, the eukaryotic HMG and the eubacterial HU histone-like proteins [196]. Moreover, the individual
domains constituting the bacterial nucleoid are variable in size and position [197]. Actually eukaryotic, eubacterial and
archaebacterial chromosomes are submitted to dynamical constraints that might result in scale invariant properties of the
DNA text. For instance, large-scale LRC may result from DNA structural features related to the modulation of transcription,
replication and recombination events [198–200]. A deep understanding of the large-scale LRC and their interpretation in
terms of these structural and dynamical constraints raise challenging questions that will be addressed, at least as far as
eukaryotic chromatin is concerned, in the next sections.

3. DNA sequence effect on the nucleosomal organization of the eukaryotic chromatin fiber

3.1. Experiments confirm the existence of long-range correlations in yeast nucleosomal occupancy profiles

Since the pioneering experiment of Yuan et al. [201], on chromosome III of S. cerevisiae, the recent flowering of genome-
wide experimental maps of nucleosome positions for many different organisms and cell types [202–217], has provided an
unprecedented opportunity to elucidate to which extent the DNA sequence participates to the positioning of nucleosomes
observed in vivo along eukaryotic chromosomes. Nucleosome organization is generally analyzed by micrococcal nuclease
(MNase) digestion of chromatin. To perform large-scale studies, the distribution of MNase cleavage sites is determined
throughout genomic regions or in the whole genome by means of either high resolution oligonucleotide tiling microarrays
[201,205–208] or more recently be several different massive DNA sequencing technologies [202–204,209–217]. In this
section, we will mainly focus on the simple organism S. cerevisiae whose genome is highly genic (∼75% gene coverage)
and for which in vivo [201,204,205,208–210,213,215,216], and also in vitro [216,217] genome-wide positioning data are
available.

3.1.1. In vivo nucleosome occupancy data
In Fig. 12 is shown the in vivo nucleosome occupancy profile obtained by Lee et al. [205] along a 30 kbp long fragment

of S. cerevisiae chromosome II. This profile P(s) is an estimate (up to some normalization) of the probability for a base pair
located at position s to be occupied by a nucleosome of length 146 bp. When plotted in a semi-logarithmic representation,
this experimental nucleosome occupancy landscape reveals a patchy organizationwith some alternation of genomic regions
of somehowperiodic oscillations ofmeanperiod l∗ ∼ 167±10bp, corresponding to regular arrays of nucleosomes, separated
by either nucleosome depleted regions also called nucleosome-free regions (NFRs) [201,205] or disordered (unstructured)
regions of ‘‘fuzzy’’ positioning. At a statistical level, this peculiar organization can be quantified by performing power-
spectrum and correlation analyses. These studies reveal that nucleosomal 167 bp periodicity is not the only main spectral
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Fig. 12. Nucleosome occupancy profile (δY (s) = Y (s)− Ȳ , where Y (s) = log2(P(s))) along the yeast chromosome II: (a) in vivo data [205] (red); (b) in vitro
data [216] (orange); (c) corresponding power spectra; (d) autocorrelation function (C(1s) = ⟨δY (s)δY (s + 1s)⟩). In (c) and (d) are also represented the
results of our theoretical modeling (Section 3.2): energy landscape (green) for δE = ⟨(E − Ē)2⟩1/2 = 2 kT; nucleosome occupancy profile for δE = 2 kT and
µ̃ = µ− Ē = −1.3 kT (dark blue) and −6 kT (cyan) so that the mean in vivo and in vitro nucleosome densities are correctly reproduced respectively. In (c)
and (d) the data correspond to the results obtained when averaging over the 16 yeast chromosomes. In (c), the dashed lines correspond to the power-law
scaling exponents ν = 0.65, 0.74, 0.68, 0.74 and 0.46 from top to bottom corresponding to H = 0.82, 0.87, 0.84, 0.87 and 0.77 LRC properties respectively.
(For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)

characteristic of the experimental occupancy profile. As shown in Fig. 12(c), the corresponding power-spectrum displays a
very convincing power-law decay S(k) ∝ k−ν with exponent ν = 2H − 1 = 0.74 ± 0.02 (H = 0.87) that is likely to be a
direct consequence of the large-scale (low frequency k . 1/200) LRC regime observed in yeast DNA bending profiles (see
Section 2.6, Fig. 8(a)). In Fig. 12(d), the auto-correlation function C(1s) clearly confirms the presence of a small-scale periodic
arrangement of nucleosomes with a characteristic spacing l∗ = 167 ± 10 bp in good agreement with the well-established
165 bp value for yeast [218]. Note that this characteristic nucleosome repeat length (NRL) observed in the stretches of well-
ordered nucleosomes is significantly smaller than the mean in vivo nucleosome repeat length ∼210 bp estimated when
assuming an homogeneous 75% coverage of the 16 yeast chromosomes by nucleosomes. This suggests the presence of some
long-distance confining process. But this experimental two-point correlation function also reveals that this ‘‘nucleosomal’’
periodicity statistically appears as a modulation of a dominant slow decaying component which characterizes the large-
scale disordered occupancy landscape fluctuations. C(1s) ∝ 1s−α actually decays as a power-law (See Appendix B, Eq.
(B.5)), with an exponent α = 0.48 which, under the assumption of monofractality (α = 2 − 2H), is in reasonably good
agreement with the H = 0.75 value characterizing the large scale (1s & 200 bp) LRC in yeast bending profiles (Fig. 10(a)).
Altogether these results demonstrate that the spatial organization of nucleosomes observed in vivo is long-range correlated
with characteristics similar to the LRC imprinted in the DNA sequence [81].

3.1.2. In vitro nucleosome occupancy data
Very recently, Kaplan et al. [216] have assembled chicken erythrocyte histone octamers on purified yeast genomic DNA

by salt gradient dialysis. They succeeded in producing in vitro genome-wide nucleosome occupancy data but for a genome
coverage by nucleosomes ∼30%, which corresponds to a much smaller nucleosome density (mean NRL ∼500 bp) than
previously observed in vivo [201,205]. As shown in Fig. 12(b), the in vitro nucleosome occupancy profile along the same
30 kbp long fragment of S. cerevisiae chromosome II looks much more disordered as compared to the in vivo profile in
Fig. 12(a). In particular, if we still observe rather localized nucleosome depleted regions (NFRs), there is no longer evidence
of stretches of periodically distributed nucleosomes. This is statistically confirmed in Fig. 12(d), where the auto-correlation
function C(1s) does not oscillate any longer and the power spectrum in Fig. 12(c) no longer displays a bump at high
frequencies corresponding to a characteristic NRL l∗ ∼ 167 bp. But what is remarkable is the fact that both the in vitro
power spectrum and auto-correlation function still present very convincing power-law behavior with respective exponent
ν = 0.74 (Fig. 12(c)) and α = 0.33 (Fig. 12(d)) that are both consistent with a value of H ≃ 0.85 > 1/2, the hallmark of the
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presence of LRC in the in vitro yeast nucleosome occupancy profile. Furthermore, the specific value H ≃ 0.85 found for both
in vivo and in vitro nucleosome occupancy data is reminiscent of the one found in Section 2.6 (Figs. 8(a) and 10(a)) for the
yeast DNA bending profiles. This strongly suggests that along the line of the theoretical modeling of the thermodynamics of
2DDNA loops in the presence of LRC structural disorder in Refs. [137,191], the LRC observed in the experimental nucleosome
occupancy profiles are a direct consequence of the LRC present in the DNA sequence at scales &200 bp. In the remaining of
this section, our goal is to show that the LRC observed in the sequence are not only recovered in the nucleosome occupancy
profiles but that they globally provide a convincing understanding of the succession of patterns observed in vivo, regions of
well-ordered nucleosomes confined near excluding energy barriers alternatingwith regions ofmore diluted non-positioned
nucleosomes (Fig. 12(a)) [81].

3.2. Grand canonical modeling of nucleosome occupancy landscape

Preliminary analyses [219,220] of experimental nucleosome occupancy data have concluded that a significant set
(30%–50%) of nucleosome positions found in vivo could effectively be related to a ‘‘genomic nucleosomal pattern’’ based on
a ∼10 bp periodicity in the distribution of some di- or trinucleotides (e.g. AA/TT) showing higher affinity for nucleosomes
[11–13,177–189]. The periodic positioning of these motifs over a few helical pitches would contribute to a global
spontaneous curvature of DNA that would favor its wrapping on the histone surface. However this nucleosome code [219,
220], based on the statistical significance of this 10 bp periodicity nucleosome positioning signal, remains very debated.
According to more recent reports [221,222], in S. cerevisiae, no more than 20% of the in vivo nucleosome positioning above
what is expected by chance is determined by intrinsic signals in the genomic DNA. Thanks to the recent availability of
new in vivo and in vitro genome-wide nucleosome occupancy data [216], a model of DNA-sequence-dependent nucleosome
positioning based on statistical learning [209,216] was shown to be significantly predictive of nucleosome organization in
vivo in yeast as well as in other organisms like fly and human. In this section, in the spirit of the physical modeling developed
in a previous work [137,191], we propose a model which is based on sequence-dependent DNA bending properties [81]. To
evaluate the performance and the predictive power of our model, we will systematically compare our results with those of
Field et al. model [209,216] further considered as a reference statistical model.

3.2.1. Nucleosome occupancy profile
When focusing on the dynamical assembly of histone octamers along the DNA chain, chromatin can be reasonably

modeled by a fluid of rods of finite extension ℓ (the DNA wrapping length around the octamer), binding and moving
in an external potential E(s) (the effective nucleosome formation potential) and interacting (potential υ(s, s′)) along a
1D substrate (the DNA chain) [81]. Within the grand canonical formalism, considering that the fluid is in contact with a
thermal bath (at reciprocal temperature β) and a histone octamer reservoir (at chemical potentialµ), the thermodynamical
equilibrium properties of the system are described by the grand partition function:

Ξ =

Nmax−
N=0

1
N!

∫
D[s(N)] exp


−β(V (s(N))− µN)


, (4)

where V (s(N)) is the total potential energy of the N (&1) rod system:
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N−
1

E(sk)+ 1/2
−
j≠k

υ(sk, sj), (5)

E(s) an external field and υ(s, s′) the interaction potential. From Eq. (4) we obtain the nucleosome density profile as:
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The thermodynamics of this system has been largely investigated: in the case of monodisperse hard rods in a uniform
external potential, it is the well-known Tonks gas [223]. In the case of a non-uniform external potential of interest here,
the problem was solved by Percus who derived an exact functional relationship between the residual chemical potential
µ− E(s) and the hard rod density ρ(s) [224]:

βµ = βE(s)+ ln ρ(s)− ln

1 −

∫ s+l

s
ρ(s′)ds′


+

∫ s

s−l

ρ(s′)

1 −
 s′+l
s′ ρ(s′′)ds′′

ds′. (7)

Eq. (7) has an explicit solution [225] that requires numerical integration. The nucleosome occupancy profile P(s) is then
obtained by convolving the nucleosome density ρ(s)with the rectangular functionΠ of width 146 bp:

P(s) = ρ ◦Π146(s). (8)

For pedagogical purposes, we show in Fig. 13 the theoretical nucleosome occupancy profile obtained at rather high
nucleosome density for a toy energy landscape bordered by two infinite walls and that displays a stretch of square-likewells
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Fig. 13. Nucleosome occupancy profile (thin line) obtained from the Vanderlick et al. solution [225] of Eq. (7) for the theoretical energy landscape E(s)
(thick line) and the chemical potential µ = −1 kT.

on the right side and two square-like energy barriers on the left side. As expected, an array of well positioned nucleosomes is
observed as induced by the stretch of regularly distributed potential wells (e.g. a stretch of highly positioning sequences like
thewell known601 sequence [190]).More interesting is the nucleosome ordering observed near the two energy barriers and
the limiting walls. This is a very simple illustration of the ‘‘statistical ordering’’ mechanism originally proposed by Kornberg
and Stryer [226] andwhich is awell-knownphenomenon of nonuniformhard rod fluids. If we study 1D hard rod distribution
in the vicinity of a boundary (i.e., a fixed exclusion zone), we obtain, for a sufficiently dense system, a damped oscillating
density pattern, i.e., a statistical short-range ordering due to the interplay between boundary confinement and rod–rod
excluded volume interaction. Realistic boundaries or barriers can be induced by unfavorable sequences that resist to the
structural distortions required for nucleosome formation (e.g. the presence of poly(dA:dT) [209,210,216,227,228] might
impair nucleosome formation or favor nucleosome disassembly [229,230] by increasing the DNAwrapping free energy cost)
or particular sequences that may recruit transcription factors [216,231] and/or other protein complexes such as chromatin
regulators [232–234] that may compete with nucleosomes. Note that fixed nucleosomes on strong positioning sequences
may also play the role of motionless obstacles. As illustrated on the left of Fig. 13, this confinement-induced nucleosome
ordering can be enhanced when two high energy barriers are found at sufficiently short distance from each other, thus
providing an alternative scenario for collective nucleosome organization by excluding energy barriers [81,82].

3.2.2. Nucleosome formation energy
To compute the free energy landscape E(s) associated to the formation of one nucleosome at a given position along

the DNA chain, we will assume that [81] (i) DNA is an unshearable elastic rod whose conformations are described by the
set of local angles Ω1(s) (tilt), Ω2(s) (roll), Ω3(s) (twist) (Fig. 2) and (ii) the DNA chain along the nucleosome at position
s is constrained to form an ideal superhelix of radius R = 4.19 nm and pitch P = 2.59 nm as observed in the X-
ray crystallographic nucleosome structure (Fig. 14) [8–10] over a total length ℓ, which fixes the distribution of angular
deformation rate (ΩNuc

i (u))i=1,2,3, u = s, . . . , s + ℓ. Within linear elasticity approximation, the energy cost reads:

βE(s) =

∫ s+ℓ

s

3−
i=1

Ai

2


ΩNuc

i (u)−Ωio(u)
2

du, (9)

where A1, A2 and A3 are the stiffnesses associated to the tilt, roll and twist deformations around their intrinsic value Ωo1,
Ωo2 andΩo3 respectively. Consistently with our previous work (Section 2) [14–16,130,137,191], we will use here the PNuc
structural roll coding table (Table 1) which is mainly a trinucleotide roll coding table (Ωo2), with zero tilt (Ωo1 = 0) and
constant twist (Ωo3 = 2π/10.5). As the values for this bending table were arbitrary assigned between 0 and π/18 [134,
135], we will perform the following affine rescalingΩ∗

o2 = γΩo2 − η with γ = 0.4, η = 0.06, in order to get a comparable
energy fluctuation range as in experiments [201,205].

In Fig. 15 is shown the theoretical nucleosome occupancy profile obtained along the yeast chromosome II when fixing
the model parameters to provide a very good match, at a statistical level, with the experimental in vitro [216] and in
vivo [205] data. The 2D map in Fig. 15(a) actually represents the evolution of the nucleosome occupancy probability when
increasing the mean residual chemical potential µ̃ = µ − Ē. In Fig. 15(b) is shown the predicted energy landscape
when fixing the effective nucleosome wrapping length to l = 125 bp, a value which is smaller than the typical and well
accepted 146 bp nucleosomal DNA length [8]. Note that this might actually reflect the fact that nucleosome–nucleosome
interactions have a short-range attractive component [235–239] that is lacking in our hard core model but that we recover
in an effective way by considering a smaller hard core DNA length. Interestingly, Fig. 15(a) enlightens the fundamental role
of the energy landscape and its topography (amplitude, size and distribution of favorable and unfavorable regions) that
entirely control the fluctuations in the nucleosome occupancy profile but in a non-trivial (nonlinear and non-local) manner
that depends on the chemical potential. As a main feature, the highest energy barriers present in the energy landscape
correspond to regions that are robustly depleted in nucleosomes whatever the overall nucleosome density. At low density,
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Fig. 14. (Top) X-ray structure of the nucleosome core particle: front (left) and side (right) views. Adapted with permission from Ref. [8]. Copyright 1997
by Nature Publishing Group. (Bottom) Our physical modeling consists in computing the energy cost to bend a DNA fragment of length l into the almost two
turns of the DNA double helix that are involved in the crystallized nucleosome particle (radius R = 4.19 nm, pitch P = 2.59 nm). Adapted with permission
from Ref. [10]. Copyright 2003 by Nature Publishing Group.

Fig. 15. (a) 2Dmap representing the theoretical nucleosome occupancy (log2) along a 12 kbp long fragment of the yeast chromosome II as a function of the
mean residual chemical potential µ̃ = µ− Ē [82]: dark blue corresponds to low probability and red to high probability. The two white occupancy profiles
are the theoretical profiles obtained for µ̃ = −6 kT and−1.3 kT that correspond to a genome nucleosome coverage of 30% and 75% as observed in vitro [216]
and in vivo [205] respectively; the corresponding in vitro and in vivo experimental nucleosome occupancy profiles are shown in red for comparison. (b)
The corresponding energy landscape 1E(s) = E(s) − Ē computed with the following parameter values: δE = ⟨(E − Ē)2⟩1/2 = 2 kT and l = 125 bp.
In (a) are indicated the positions of the transcription start site (TSS) (black dots), of the transcription termination site (TTS), corresponding in fact to the
polyadenylation site (circles), and of the transcription factor binding sites (TFS) (black triangles). (For interpretation of the references to color in this figure
legend, the reader is referred to the web version of this article.)

the confinement is weak and the nucleosomes distribute everywhere in between the highest energy barriers according to
the energy landscape fluctuations. When the nucleosome density is increased, ordering progressively appears leading to an
overall organization with ‘‘crystal-like’’ phases of regularly positioned nucleosomes confined near or in between excluding
energy barriers, coexisting with ‘‘fluid-like’’ phases where ordering is lost. Thus, our sequence-dependent grand canonical
model generates nucleosome occupancy profiles that strongly resemble to the collective nucleosome organization observed
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Fig. 16. Energy landscape statistics (1E(s) = E(s)− Ē) computed with the following parameter values: δE = ⟨(E − Ē)2⟩1/2 = 2 kT and l = 125 bp. The
colors correspond to the LRC genomic yeast DNA sequence (green) and to its randomly shuffled uncorrelated version (black). (a)1E(s) along a 50 kbp long
fragment of yeast chromosome II. (b) Energy pdfs computed for the 16 yeast chromosomes. (c) Energy autocorrelation function C(1s)/C(0) vs. 1s. (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)

in vivo in Fig. 12(a). In particular it illustrates the importance in this nucleosomal organization of the presence of excluding
energy barriers encoded in the DNA sequence. Importantly, as shown in Fig. 16(a), when recomputing the energy landscape
after randomly shuffling the DNA sequence, the obtained energy profile displays Gaussian fluctuations without any more
evidence of high energy barriers. This is a strong indication that these barriers result from the presence of LRC in the DNA
bending profile. Indeed, the energy pdf obtained for the genuine DNA sequence significantly deviates from the Gaussian
distribution recovered from the shuffled sequence (Fig. 16(b)), in particular as far as its right exponential tail corresponding
to large 1E > 0 fluctuations is concerned [137,191]. As further shown in Fig. 16(c), while the energy correlation function
decreases rather fast to zero for the uncorrelated (randomly shuffled) DNA chains, in the presence of LRC structural disorder,
this correlation function decreases more slowly at large distances and this as a power law in very good agreement with the
theoretical prediction C(1s) ∝ 1s−α (Appendix B, Eq. (B.5)) with an exponent α = 2 − 2H = 0.51 comparable to the
value H = 0.75 previously found in Section 2 for the large-scale LRC exponent in yeast bending profiles (Fig. 10(a)). These
results confirm the importance of the LRC observed in the DNA sequence on the nucleosome organization along the yeast
chromosomes via the emergence of excluding energy barriers.

3.2.3. In vitro data validate theoretical nucleosome occupancy predictions
As shown in Fig. 15(a), when adjusting the chemical potential µ̃ to obtain the nucleosome density observed in vitro by

Kaplan et al. [216],we get a nucleosomeoccupancy profile (white profile) that reproduces the experimental data (red profile)
remarkably. The mean Pearson correlation computed along the 12 millions bp of the yeast genome is r = 0.71, a result
which is as good as the correlation value r = 0.77 obtained with the Field et al. model based on statistical learning [209].
Furthermore this very satisfactory mean Pearson correlation value really reflects the pertinence and consistency of our
physical model all along the yeast chromosomes. As shown in Fig. 17(a), the histogram of correlation values computed in
1 kbp sliding windows along the entire genome is mainly concentrated over a range 0.7 . r . 1, with a well defined
maximum for a value as high as r = 0.85. For the sake of comparison, we have also reported in Fig. 17(a), the histogram
of correlation values obtained between the predictions of our physical model and those of the Field et al. statistical model.
This histogram is even more concentrated at very large r values with a rather sharp maximum for r = 0.92. This brings
the demonstration that our model based on the structural and mechanical properties of the DNA double helix performs as
well as rather sophisticated models requiring statistical learning [209,216]. This is confirmed in Fig. 12(c) and (d) where
both the predicted power spectrum and autocorrelation functions display a power-law decay with respective exponents
ν = 2H − 1 = 0.65 and α = 2 − 2H = 0.61, very similar to the ones obtained for the in vitro data and the ones computed
directly from the energy landscapes (ν = 0.68, α = 0.51). Let us emphasize that all these results are consistent with the
value H = 0.83 ± 0.03 (>1/2) derived from the energy landscape as the signature of the presence of LRC dictated by the
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Fig. 17. Histograms of correlation values r between theoretical and experimental nucleosome occupancy profiles, as measured in 1 kbp sliding window
over the 16 yeast chromosomes. (a) In vitro data: Pearson correlation between our physical modeling (δE = 2 kT, µ̃ = −6 kT) and in vitro Kaplan et al.
data [216] (light blue), Field et al. statistical model [209] (pink) and a random occupancy landscape (black). (b) In vivo data: Pearson correlation between
our physical model (δE = 2 kT, µ̃ = −1.3 kT) and in vivo Lee et al. data [205] (dark blue) and a random occupancy landscape (black). (For interpretation
of the references to color in this figure legend, the reader is referred to the web version of this article.)

DNA bending profile and therefore by the DNA sequence. Importantly, the physical model neither predicts any oscillatory
modulation of the power-law decay of the auto-correlation function (Fig. 12(d)) nor the presence of some periodicity
(∼167 bp) in the power-spectrum (Fig. 12(c)), thereby confirming the absence of statistical ordering at low nucleosome
density as previously noticed in the analysis of in vitro data (Fig. 12).

3.2.4. In vivo nucleosome ordering: organizing via excluding?
As shown in Fig. 15(a), when increasing the chemical potential µ̃ to reach the in vivo nucleosome density, we get a

nucleosome occupancy profile (white profile) that is still in good agreement with the experimental data (red profile).
However, as reported in Fig. 17(b), the histogram of Pearson correlation values is significantly shifted to lower values, as
compared to the one previously obtained at lower (in vitro) nucleosome density in Fig. 17(a), with amean value r = 0.27 and
a rather wide maximum at rmax = 0.31. The weakest correlations observed for our model are also shared by the statistical
model of Field et al. [209] that does not perform much better with a mean Pearson correlation r = 0.33. As a careful
inspection of the theoretical and in vivo experimental nucleosome occupancy profiles (Fig. 15(a)) seems to indicate, these
weakest correlations result from two main features, i.e., (i) experimental NFRs that do not correspond to genomic energy
barriers butmore likely result from the action of external factors like transcription or other proteic factors (TF, PIC, Pol I/II/III,
. . . ) and (ii) regions (up to 1 kbp) where the experimental nucleosomal pattern is shifted by a few tens bp with respect to
the predicted nucleosomal pattern as the possible outcome of ATP consuming remodeling factors. Wewill come back to this
point in more details in Section 3.6.

Let us emphasize that, at a statistical level, our physical model now accounts remarkably well for the harmonic
modulation with period l∗ ∼ 167 bp observed in vivo in the two-point correlation function (Fig. 12(d)) as well as for the
corresponding bump at high frequency (k ∼ 1/167) in the power spectrum (Fig. 12(c)). These results confirm that the
stretches of well-ordered nucleosomes observed in vivo but not in vitro (i.e., at high but not at low nucleosome density)
are the direct consequence of the organizing role of the genomic energy barriers that condition nucleosome ordering over
rather long distances according to equilibrium statistical physics principles [81,82,226]. As a final remark, (i) the fact that our
physical model yields power-law decay exponents ν = 0.46 and α = 0.63 for both power spectrum and auto-correlation
function, in good agreement with the values obtained for the in vitro data and (ii) altogether with the exponent values
found in vitro, the fact that the nucleosome occupancy profiles are long-range correlated with LRC exponent H ≃ 0.75–0.85
directed by the DNA bending profile, strongly suggest that in the disordered ‘‘liquid’’ phase, far away from the genomic
energy barriers, the nucleosomes are randomly distributed according to the sequence-induced LRC fluctuations of the
nucleosome formation energy landscape (Fig. 15) [81,82].

3.3. Functional location of genomic energy barriers and nucleosome-free regions

The modeling of nucleosome occupancy data in Section 3.2 has confirmed the genomic excluding energy barriers and
more generally the NFRs, as major actors in the collective assembly of nucleosomes observed in vivo [81,210,222,240]. In
that regards, these genome-wide results raise the fundamental question of elucidating the possible functional role of these
nucleosome depleted regions. In this section, we will investigate the specific location of NFRs relative to various regulatory
regions, namely the TSS, the TTS (defined in Fig. 15) and the transcription factor binding sites (TFS). To specify the position
of these NFRs in the theoretical nucleosome occupancy profiles, we first threshold P(s) < 0.35 and only keep the minima
of the resulting signal. Then we check for the presence of a barrier in E(s): after removing the low-frequency trends in the
energy landscapewith a high-pass filter, if the energy profile is still higher than 3 kT at aminimum of P(s), then this position
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Fig. 18. Average (4554 yeast genes) in vitro (orange) and theoretical (cyan) nucleosome occupancy (log2) profiles, and mean theoretical energy profile
(green) plotted around (a) the TSS, (b) the TTS, (c) the 5′ nucleosome downstream the TSS and (d) the 3′ nucleosome upstream the TTS. The physical model
parameters are δE = ⟨(E− Ē)2⟩1/2 = 2 kT and µ̃ = µ− Ē = −6 kT. In (a–d) are shown for comparison the nucleosome occupancy profiles (pink) predicted
by the Field et al. [209] statistical model. (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)

is accepted as a NFR. A score is then assigned to the so-defined energy barriers as the mean number of nucleosomes in a
125 bp wide window centered at the barrier position, the smaller the better.

3.3.1. Yeast gene data
A selection of 4554 yeast genes for which high-confidence TSS and TTS could be assignedwas determined as follows [83].

We used the high resolution transcriptome analysis from David et al. [241] in which genome-wide tiling arrays were used
to define a set of transcribed segments along the S. cerevisiae genome. Transcribed segments overlapping known non-
dubious genes on less than 50% of the segment length were not considered. The TSS and TTS were determined from the
boundaries of the given transcribed segments. Note that the transcribed segment used to determine the 5′ end could be
different from the one used for the 3′ end of the gene. This resulted in 4554 genes for which high-confidence TSS and TTS
could be assigned. Genes containing introns were downloaded from the Saccharomyces Genome Database (SGD project:
http://www.yeastgenome.org/). Only genes with one intron were retained for our analysis of intron size. Genome wide
data on yeast RNA polymerase II was retrieved from Ref. [242]. A given position was considered enriched in Pol II when its
score was in the highest quintile. We also considered that each polymerase has a certain occupancy in space, therefore
we considered each enriched Pol II position to be included in a ±30 bp surrounding box. Transcription plasticity was
retrieved from Ref. [243]: it is the average of the square log2 expression-ratio estimated from a large number of microarray
experiments. Sensitivity to disruption of chromatin modifiers was obtained from Refs. [243,244]: it quantifies the extent by
which gene expression depends on chromatin regulators activity.

3.3.2. In vitro nucleosome-free regions
Using a simple thresholding algorithm (δY < −3), we have extracted from the in vitro nucleosome occupancy profile

(Fig. 12(b)) [216] about 3500 NFRs that are predominantly associated to gene TSS (24%) and TTS (55%). A large majority
(∼63%) co-localized at 70 bp (68% at 200 bp) with NFRs predicted by our physical modeling at low nucleosome density
(µ̃ = −6 kT). Actually 63% of the in vitro TSS NFRs correspond to high genomic energy barriers detected in the energy
landscape. A similar estimate (70%) is found for the in vitro TTS NFRs. This means that nomore than 15% of the yeast TSS and
30% of TTS regions are constitutively depleted in nucleosome and likely encoded in the DNA sequence during evolution.

In Fig. 18(a) is shown the mean in vitro nucleosome occupancy profile obtained when averaging around the 4554 yeast
gene TSS. The observed nucleosome depleted region (5′ NFR) is remarkably well described by our physical model (as well

http://www.yeastgenome.org/
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by the Field et al. statistical model) that simply accounts for the presence of a high energy barrier in the energy landscape.
A nucleosome depleted region (3′ NFR) is also observed in the mean in vitro occupancy profiles when aligned at the TTS
(Fig. 18(b)). Actually themean nucleosome occupancy profiles observed at the TSS and TTS look very similar and symmetric.
They both exhibit no flanking nucleosome ordering except the first 5′ nucleosome downstream of the 5′ NFR (Fig. 18(a))
and the last 3′ nucleosome upstream the 3′ NFR (Fig. 18(b)) [82] that are the two nucleosome (relative) positioning that are
known to be associatedwith a 10 bpperiodic distribution of AA/TT dinucleotides [210,213,219]. This privileged positioning is
clearly evidenced in Fig. 18(c) and (d) when averaging the nucleosome occupancy profiles around the 5′ and 3′ nucleosomes
respectively.

3.3.3. In vivo nucleosome-free regions
When extending this study of NFRs (δY < −2) to genome-wide in vivo data (Fig. 12(a)), we realize that significantly

more NFRs (4800) are detected that are now predominantly associated to TSS (70%) and to a lesser extent to gene TTS (33%).
Clearly, as compared to the in vitro NFRs, more NFRs are found in vivo at the gene TSS as the probable signature of the
(sequence-dependent) action of external factors such as transcription factors (a NFR is observed at themajority of TFS out of
our physical model predictions, see Fig. 15(a) and Section 3.6) and remodelers (some phase shift is experimentally observed
with respect to the sequence-induced nucleosome occupancy profile, see Section 3.6) [245]. This explains that our sequence-
directed physical model at high nucleosome density (µ̃ = µ − Ē = −1.3 kT) predicts a number of NFRs corresponding to
a smaller percentage (29%) of the in vivo 5′ NFRs but that still remarkably match (46%) with the experimental in vitro NFRs.
Interestingly, almost half (40%) of the in vivo 3′ NFRs are predicted by our physical model and match to a large extent (67%)
the NFRs previously observed in vitro. Thusmost of the NFRs observed in vitro as corresponding to genomic excluding energy
barriers are consistently observed in vivo, and this both at the gene TSS and TTS, besides some substantial additional 5′ NFRs
that are not accounted for by our sequence-dependent physical model.

In Fig. 19(a) is shown themean in vivonucleosomeoccupancyprofile around the 4554 yeast gene TSSwhich again displays
a nucleosome depleted region but now flanked, especially towards the ORF of the gene, by stretches (5–6) of well positioned
nucleosomes with a periodic ordering ∼167 bp. Our physical modeling accounts very well for the depleted zone but with
no ordering on the sides, very similar to what is experimentally observed at gene TTS in Fig. 19(b), but significantly smaller
andwider than the one observed at TSS (Fig. 19(a)). We interpret this discrepancy as a consequence of a less precise phasing
of the theoretical NFR with respect to the TSS, leading to the averaging out of the periodic ordering and a widening of the
depletion. As shown in Fig. 19(a), if the histogram of experimental distance values between the TSS and 5′ nucleosome is
sharply peaked at ∼70 bp as the signature of a strong phasing, the corresponding theoretical histogram is much wider and
rather flat. This simple lack of phasing is confirmed in Fig. 19(c) where when now averaging the nucleosome occupancy
profile around the 5′ NFRs, we recover theoretically a periodic ordering bordering the NFR on both sides. A similar result is
obtained in Fig. 19 (d) around the 3′ NFR, corroborating the organizing role of these NFRs over distances encompassing a
rather large number of nucleosomes. As illustrated in Fig. 19(e) and (f), the statistical ordering observed in vivo around yeast
gene TSS and TTS can also be evidencedwhen averaging the nucleosome occupancy profile around the 5′ and 3′ nucleosomes
that are rather well phased with respect to the 5′ and 3′ NFRs.

In order to elucidate the mechanisms underlying the substantial set of NFRs detected in vivo at gene promoters but
that are not predicted by our physical model and not observed in vitro, we have averaged the experimental and theoretical
nucleosome occupancy profiles around annotated TF binding sites. As shown in Fig. 20, most TFS reside in nucleosome-
depleted regions in vivo (Fig. 20(b)) [201,204,205] but not in vitro (Fig. 20(a)), suggesting that in these genomic regions
the TF have won the competition with the histones for binding on the DNA target sites [246]. This is confirmed by our
physical modeling which does not predict an inhibitory energy barrier at the TFS but simply some mild hilly profile
that is not discernible in the in vitro nucleosome occupancy profile (Fig. 20(a)) but that induces a rather weak relative
nucleosome depletion at larger nucleosome density (by phasing the neighboring nucleosome arrangement) as compared to
the pronouncedmean NFR profile found in vivo (Fig. 20(b)). To account for these extra in vivoNFRs, in the following sections,
whenevermentioned, wewill locally impose at the corresponding TSS and TTS the presence in E(s) of an excluding barrier of
trapezoidal shape to mimic the effect of external factors likely involved in the transcription machinery. As shown in Figs. 19
and 20 (b), this new ingredient improves evenmore the comparison between our physical model predictions and the in vivo
nucleosome occupancy data.

3.3.4. Nucleosome-free regions are evolutionary conserved
In their pioneering experiment, Yuan et al. [201] have investigated sequence conservation in seven closely related

Saccharomyces species. When aligning promoters by the NFR and averaging the conservation scores, they found a mark
of conservation in the NFRs that contrasts with nucleosomal intergenic sequences that appeared to be poorly conserved
across evolution. Because these regions of conservation often include a great deal of sequences beyond the well-known
conserved TF binding motifs [247], they proposed as a complementary interpretation, the presence of multiple poly(dA:dT)
stretches that are known to be poorly incorporated into nucleosome because of their relative rigidity [209,210,216,227–
230] and to have an increased likelihood of being linkers. In a more recent study, Washietl et al. [248] have confirmed that
on average, lower substitution rates are observed in linker regions than in nucleosomal yeast DNA and this in intergenic as
well as in coding regions. Actually, among intergenic regions, the NFRs observed at gene TSS and TTS seem to be relatively
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Fig. 19. Average (4554 yeast genes) in vivo (red) and theoretical (dark blue) nucleosome occupancy (log2) profiles, and mean theoretical energy profile
(green) plotted around (a) the TSS, (b) the TTS, (c) the 5′ NFR, (d) the 3′ NFR, (e) the 5′ nucleosome and (f) the 3′ nucleosome. The red (dark blue) histograms
correspond to experimental (theoretical) distance between (a) TSS and 5′ nucleosome, (b) TTS and 3′ nucleosome, (c) 5′ NFR and 5′ nucleosome and (d)
3′ NFR and 3′ nucleosome. The model’s parameters are δE = ⟨(E − Ē)2⟩1/2 = 2 kT and µ̃ = µ − Ē = −1.3 kT. The dark blue dashed line corresponds
to the theoretical nucleosome profile obtained when imposing an artificial excluding energy barrier at TFS when not predicted by the sequence. (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)

more conserved, some probably because of a concentration of TFS, some others probably because of the presence of several
poly(dA:dT) stretches. In that context, investigating the conservation status of the sequences underlying the excluding
energy barriers predicted by our physical model should bring further understanding of the strong nucleosome depletion
observed in vitro and in vivo at some yeast gene TSS and TTS and in turn of the concomitant observation of long-range
nucleosome ordering inside genes [83].

3.4. Thermodynamics of intragenic nucleosome ordering

3.4.1. Yeast genes display a highly organized nucleosomal architecture in vivo
Whatever the origin of the effective energy barriers that impair nucleosome formation at the observed NFRs, they result

in a confining and an ordering of flanking nucleosomes and as such, condition the chromatin organization inside the genes.
When ordering yeast genes by the distance L that separates the first (5′) and last (3′) nucleosomes [210,249], we obtain a
2D map that reveals a striking organization of the nucleosome distribution inside the genes (Fig. 21(a)) [82,83]. Note that
we use L as a substitute of the distance L between the 5′ and 3′ NFRs that is more difficult to measure accurately because
of the NFR shape variability. Small genes (L . 1.5 kbp) present a clear periodic packing in between the two bordering
NFRs with a well defined number n of regularly spaced nucleosomes (Fig. 21(b)). As the inter-distance L increases, these
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Fig. 20. Average nucleosome occupancy (log2) profiles around TF binding sites. (a) In vitro data (orange), theoretical physical model (light blue) and Field
et al. (pink). (b) In vivo data (red), theoretical physical model (dark blue), and physical model with artificial excluding energy barriers at TSS and/or TTS
when not predicted by the sequence (dark blue dashed). The red (dark blue) histogram corresponds to experimental (theoretical) distance between the
NFR and the TFS. Themodel’s parameters are the same as in Figs. 18 and 19 respectively. The green line corresponds to themean theoretical energy profile.
(For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)

‘‘crystallized’’ genes cluster into L-domains with genes having the same number of nucleosomes, from n = 2 to about 9
nucleosomes. For rather large gene sizes (L & 1.5 kbp), the nucleosome positioning appears periodic essentially at the two
boundaries and fuzzy in the middle where the confinement induced by both boundaries is probably too weak to constrain
the positioning of the central nucleosomes (Fig. 21(a)). Close inspection of this 2D-map shows that the range of influence of
the 5′ NFR extends to about 7 nucleosomes as compared to about 5 nucleosomes for the 3′ NFR. This likely results from NFR
nucleosome occupancy profiles that are more pronounced, on average, at the 5′ than at the 3′ gene extremities (Fig. 19(a)
and (b)).We thus observe a periodic ordering that extends inside the genes, consistentwith a statistical orderingmechanism
induced by exclusion from the boundaries [82,83]. In this ordering mechanism, the strength, period and range depend on
the degree of nucleosome confinement that increases with the nucleosome exclusion strength of the boundaries and with
the average nucleosome density [226]. The more nucleosomes are confined, the more they adopt a long-range and compact
periodic organization, with the inter-boundary distance as an additional control parameter.

This interpretation is strengthened by the corresponding 2D-map obtained from in vitro data in Fig. 22(a), where except
from some positioning of the 5′ and 3′ nucleosomes at gene extremities, no collective periodic nucleosome ordering is
observed inside the genes. This is an indication that the main positioning signal is not specified by the high affinity of
intragenic positioning sequences but rather by the long-range confinement induced by the bordering excluding barriers. This
is confirmed by the 2D-map of nucleosome occupancy predicted by our physical model which (i) at low nucleosome density
(Fig. 22(b)), accounts for the featureless structure of the in vitro 2D map (Fig. 22(a)) and (ii) at high nucleosome density
(Fig. 21(b)) reproduces remarkably well the highly organized intragenic nucleosomal architecture observed in vivo [82,83].

As shown in Fig. 22(c), when investigating nucleosome positioning inside intergenic regions in vivo, we obtain a 2D-
map that again strongly differs from the one observed inside the genes (Fig. 21(a)). Along intergenic regions, that consist
in regions located between the NFRs of neighbor genes, only the bordering nucleosomes are well positioned. We observe
no propagation of nucleosome phasing from bordering to internal nucleosomes that present a rather fuzzy distribution.
This lack of intergenic crystal-like nucleosomal organization is likely related to the asymmetric shape of the NFRs that are
significantly sharper on the gene side than on the intergenic side where their range of influence appears to be limited to the
closest nucleosome (Fig. 19).

3.4.2. Two classes of intragenic chromatin architecture: crystal-like versus bi-stable structures
From spectral analysis of the in vivo nucleosome occupancy profiles, we assign [83] genes to one of the three categories,

crystal-like (1940/4554), bi-stable (946/4554) and other (1668/4554), depending on the crystallization state of their
chromatin. Genes presenting a profile with a single and dominant periodic contribution are considered as ‘‘crystal genes’’
(Fig. 23(a), (c), (d) and (f)). Genes presenting two periodic contributions are considered as ‘‘bi-stable’’ genes (Fig. 23(b) and
(e)). Among large genes, we also detect genes presenting more than two periodic contributions thus displaying properties
of multi-stable genes.

As shown in Fig. 23(g), we observe [83] a quantized distribution of L values for all genes, with maxima corresponding to
crystal-like genes with L = n × 167 (n = 2, 3, etc.. . . ). It results that genes with L values corresponding to bi-stability are
under-represented. Indeed, our criteria to select ‘‘bi-stable’’ genes from their power spectrum was chosen very stringently
on purpose (Fig. 23), in order to ensure no contamination by ‘‘crystal’’ or ‘‘other’’ genes; this certainly contributed to some
underestimation of the ‘‘bi-stable’’ category to the benefit of higher confidence level. In agreement with analyses of the in
vivo 2D-map (Fig. 21(a)), we find that themean proportion of crystal genes clearly presents a 167 bp periodicity as a function
of L up to around 1.5 kbp (Fig. 23(h)). In addition, this proportion is globally larger at small L values and decreases when
increasing L. This actually defines a crystallization regime associated with L values, in which large domains of crystal-like
genes alternate with smaller domains where crystal-gene density locally drops. At transitions between n and n+1 domains
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Fig. 21. (a) 2D map of local minima (red) of the experimental in vivo nucleosome occupancy profile at yeast genes. The 4554 yeast genes are ordered
vertically by the distance Lbetween the 5′ and3′ nucleosomes. Insets:mean experimental (red) and one individual theoretical (blue) nucleosomeoccupancy
profiles for ‘‘crystal’’ genes harboring 5 nucleosomes (right, top), 6 nucleosomes (right, bottom) and the bi-stable genes with 5/6 nucleosomes (left).
(b) Zoom on the first 2000 genes in (a); on the top of the experimental data (red) are superimposed the predictions of our physical modeling (blue) when
imposing an artificial excluding energy barrier at TSS and/or TTS when not predicted by the sequence (δE = 0.75 kT, µ̃ = 1.5 kT). (c) Same as in (b)
but where the theoretical predictions (blue) correspond now to the noiseless energy landscape defined in Fig. 24(a); the black curves indicate the 5′ and
3′ end position of the theoretical excluding energy barriers. In (b) and (c), horizontal grey-shaded bands correspond to some ‘‘bi-stable’’ L-domains. (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Refs. [82,83].

(Fig. 23(i)), intermediate Lwindows can be identifiedwhere the nucleosome occupancy profile becomes apparently irregular
without clear nucleosome positioning (Fig. 23(b)). As revealed by the power spectrum analysis, this irregularity does not
mean that the crystallization mechanisms are no longer at work inside those genes. The presence of two dominating peaks
in the power spectrum reveals the statistical coexistence of two crystal-like chromatin states with respectively n and n + 1
nucleosomes (Fig. 23(b) and (e)). Indeed when increasing L, more peaks can appear in the power spectrum suggesting some
evolution from a bi-stable to a multi-stable structure.

This quantized distribution of L values observed for all gene classes (Fig. 23(g)–(i)) actually reflects specific crystallization
mechanisms at work inside genes [82,83]. A naive way to order nucleosomes in a crystal-like fashion is to impose a strict
period of 167 bp which will lead to a trivially quantized distribution of L distances: L = n × 167 bp. A more realistic
interpretation of the observed quantized distributions is to relax this very strict constraint allowing the nucleosomal repeat
length (NRL) to fluctuate around a given value with some lower and upper bounds: lmin < NRL = L/(n − 1) ≃ L/n < lmax.
Then n-crystal stateswill exist in the range (n−1)lmin < L < (n−1)lmax. When L slightly increases (nlmin < L < (n−1)lmax),
there is possible coexistence of n- and (n + 1)-crystal states. Similarly, when L slightly decreases ((n − 1)lmin < L <
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Fig. 22. 2D-map of nucleosome occupancy along yeast genes (same coding as in Fig. 21(a)): (a) in vitro data retrieved from Ref. [216]; (b) theoretical
physical model for parameter values δE = 2 kT and µ̃ = −6 kT (low nucleosome density); (c) 2D-map of nucleosome occupancy along yeast intergenic
regions: in vivo data retrieved from Ref. [205].

(n− 2)lmax), there is possible coexistence of (n− 1)- and n-crystal states. This very tentative scenario raises the issue of the
crystallizationmechanisms thatwould produce suchNRL distribution and in turn the succession of n-crystal genes separated
by bi-stable (multi-stable) genes observed in vivo (Fig. 21(a)).

As reported in Table 3, we have investigated whether crystal-like and bi-stable gene classes display some enrichment in
specific functions [83]. We have only observed a slightly significant enrichment in cytoskeleton organization and biogenesis
genes among bi-stable genes (56%, P = 10−2) and in genes involved in translation among crystal-like genes (74%, P = 10−2).

3.4.3. Intragenic chromatin architecture conforms to equilibrium statistical ordering principles
To test whether a statistical ordering mechanism induced by excluding boundaries at gene extremities may account for

the highly organized nucleosomal yeast chromatin observed in vivo, let us simplify even more the nucleosome formation
energy landscape by assuming that it is flat (no sequence effect) inside the genes and bordered by two linear energy barriers
that amounts to impose a constant force on both sides of the intragenic nucleosome array (Fig. 24(a)) [83]:

E(s) = EM s < s1 = sTSS −1

E(s) = EM(1 − (s − s1)/1) s1 < s < sTSS
E(s) = EM for sTSS < s < s2 = sTTS −1

E(s) = EM(s − s2)/1 s2 < s < sTTS
E(s) = EM s > sTTS

 (10)
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Fig. 23. Average experimental nucleosome occupancy profiles of crystal-like and bi-stable genes (black), together with some examples of individual gene
profiles (grey): (a) crystal geneswith n = 5 nucleosomes; (b) bi-stable genes at the transition between the n = 5 and n = 6 crystal gene domains; (c) crystal
genes with n = 6 nucleosomes. Power spectrum (PS) S̃2(k) = S2(k)/

∑
i=1 S

2(i) of nucleosome occupancy profiles: (d) PS of one crystal gene profile with
a dominant peak (>0.06) at n = 5 nucleosomes; (e) PS of one bi-stable gene with two main peaks of comparable magnitude at n = 5 and 6 nucleosomes;
(f) PS of one crystal gene profile with a dominant peak at n = 6 nucleosomes. (g) Total number of genes, (h) proportion (density) of crystal genes and (i)
proportion (density) of bi-stable genes as a function of the gene size L; the plotted data correspond to average values computed in a 50 bp sliding window.
In (g)–(i), the vertical grey bands define bi-stability domains and the vertical dotted lines indicate the successive L = n × 167, with n = 2, 3, . . ..
Source: Adapted from Ref. [83].

Fig. 24. Theoretical probability of nucleosome occupancy at each point of a box bordered by two linear energy barriers (see Eq. (10)): (a) box large enough
to shelter 5 nucleosomes (solid line); (b) larger box where the two n = 5 (dotted line) and n = 6 (dashed line) configurations are possible; the weighted
average of the 5 and 6 nucleosome crystal-like profiles yields an apparently irregular profile (solid line); (c) larger boxwhere 6 nucleosomes can be inserted
(solid line).
Source: Adapted from Ref. [83].

Small genes (L . 1.5 kbp): As shown in Fig. 21(c), when fixing the height EM = 6 kT and the width 1 = 80 bp of the
bordering linear energy barriers, we get for µ̃ = 1 kT so that nucleosomes cover 75% of the yeast genome, a 2D-map
of nucleosome occupancy in remarkable agreement with the in vivo data [83]. Indeed this theoretical 2D-map appears as
the backbone of the noisy 2D-map obtained with our physical model (Fig. 21(b)) that accounts for the sequence-induced
energy landscape fluctuations. In that respect it can be considered as the footprint of intragenic nucleosome ordering under
constant force imposed by the bordering NFRs. This very simplemodel actually provides some understanding (Fig. 24) of the
alternation of crystal-like and bistable nucleosome patterns observed in vivowhen increasing the distance L (∼L+ 188 bp)
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Table 3
Numbers of S. cerevisiae genes displaying a given Gene Ontology (GO) that are
classified as bi-stable or crystal-like [83].

GO-term Bistable Crystal-like

Cytoskeleton organization and biogenesis 18 14
Translation 46 127
Cytokinesis 18 16
Response to stress 23 66
Pseudohyphal growth 14 14
Amino acid and derivative metabolic process 33 43
Protein modification 55 82
Signal transduction 14 16
Vitamin metabolic process 3 13
Conjugation 9 9
DNA metabolic process 74 117
Transport 84 135
Cell budding 10 11
Transcription 33 76
Cell homeostasis 11 13
Biological process unknown 262 516
Lipid metabolic process 18 44
Electron transport 2 8
Meiosis 13 18
Vesicle mediated transport 27 59
Carbohydrate metabolic process 16 36
Ribosome biogenesis and assembly 51 104
Cellular respiration 9 21
Organelle organization and biogenesis 37 75
Sporulation 6 8
Protein catabolic process 14 29
Generation of precursor metabolites and energy 8 13
Cell cycle 27 52
RNA metabolic process 49 90
Anatomical structure morphogenesis 5 8
Cell wall organization and biogenesis 25 46
Membrane organization and biogenesis 11 21
Nuclear organization and biogenesis 5 10

between the bordering NFRs (Fig. 23). Indeed, the gene nucleosome occupancy profile is the sum of n = 1, 2, . . . nucleosome
occupancy profiles. The theoretical weighted probability of a n-nucleosome configuration according to its size L is shown
in Fig. 25(a). For small genes, this model predicts that in between the crystal n (Fig. 24(a)) and n + 1 (Fig. 24(c)) domains,
there is a coexistence domain (Fig. 25(a)) where these two (or more) crystalline configurations contribute statistically to
an apparently irregular occupancy profile (Fig. 24(b)). Note that in good agreement with in vivo observations, the domains
of ‘‘crystallization’’ are characterized by a NRL that increases with L over the range: 140 bp . lmin < NRL ∼ L/n <
lmax . 200 bp (Fig. 25(b)) [82,83]. Globally, crystallization is observed up to gene sizes of at least 10 nucleosomes, as shown
in the in vivo 2D-map. In our modeling, the 2D map geometry is symmetrical with respect to gene center by construction
although in vivo the 3′ NFR range of influence is slightly smaller than on the 5′ side. This elementary thermodynamical
modeling thus provides a simple interpretation of the crucial role of the inter-barrier distance as a fine control parameter of
chromatin structure, and demonstrates that the complex pattern of intragenic nucleosome distribution mainly depends on
the presence of the bordering NFRs and not somuch on the gene sequence [83]. From the characteristics of the linear energy
barriers mimicking the NFRs at gene extremities, we get the following estimate of the force they apply on the nucleosomal
array:

F =
EM
1

=
6 kT

27.2 nm
∼ 1 pN. (11)

This estimate is significantly smaller than the force required for full DNA unwrapping as measured in previous pulling
experiments, namely ∼6 pN for simple nucleosome [250] and substantially more ∼15–25 pN [251–256] in the context
of a nucleosomal array. A possible explanation of these rather high unwrapping forces is the fact that most of these pulling
experiments have used DNA arrays consisting of repeats of strongly positioning sequences (e.g. 601 sequence [190]) that
overstabilize the wrapped conformation. Note however that 1 pN is comparable and actually a little less than the few
piconewton tensions generated by polymerases [257,258] and helicases [259,260] suggesting that these enzymes can
drastically affect the nucleosomepattern observed inside yeast genes. Hopefully equilibrium statistical nucleosomeordering
(likely resulting from the action of chromatin remodeling factors, see Section 3.6) will be recovered along most genes with
a characteristic time much shorter than the typical time separating the successive chromatin alterations induced by these
external factors.
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Fig. 25. (a) Theoretical probability of crystal configurations with a fixed number n of nucleosomes vs. the box size; the energy profile is given by Eq. (10)
(Fig. 24(a)). Vertical dashed lines correspond to the interbarrier distances used in Fig. 24(a)–(c) respectively. (b) NRL dependency on the box size: thin black
dotted lines correspond to a fixed number n of nucleosomes and the thick black dotted lines to the NRL at a fixed nucleosome density (∼85%); grey dots
correspond to individual crystal gene values. Vertical grey-shaded bands correspond to the experimental ‘‘bi-stable’’ L-domains [83].

Fig. 26. Example of nucleosome occupancy profile along a large gene. Profile of the KOG1 gene (TSS = 480 731, TTS = 475 999) on yeast chromosome
VIII: (a) in vivo data from Ref. [205]; (b) Physical model when imposing artificial excluding energy barriers at TSS and/or TTS when not predicted by the
sequence (δE = 0.75 kT, µ̃ = 1.5 kT); (c) in vitro data from Ref. [216]. (a’–c’) represent a zoom on the 1 kbp central region of the KOG1 gene. To determine
the nucleosomes that can be considered as well positioned (dots), we smooth the nucleosome occupancy data by a (σ = 18 bp) Gaussian window and
then select the maxima above a 0.20 (in vivo), 0.15 (in vitro) and 0.718 (theoretical P(s)) threshold. The vertical dotted–dashed line marks the location of a
nucleosome detected in vitro as well as in vivo and also predicted by our theoretical modeling. In (b’), the blue dashed-line corresponds to the prediction
of our toy model with energy barriers bordering a flat energy potential.

Long genes (L > 3 kbp): This understanding of intragenic nucleosome organization in terms of statistical ordering is further
supported by the nucleosome positioning observed in vivo in the central region (1 kbp) of the N = 483 longest yeast
genes with L > 3000 bp. In these regions, far away from the influence of the bordering inhibitory energy barriers, 1270
nucleosomes were found to be well positioned corresponding to ∼39% coverage of the sequence [83], i.e. a number smaller
than the coverage∼80% observed close to the gene extremities due to boundary confining, but significantly larger than zero
as an indication that the sequence plays some role in the statistical positioning of central nucleosomes (Fig. 26). Importantly,
among this set of well positioned central nucleosomes observed in vivo [205], only 191 correspond to (at a 35 bp precision)
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well positioned nucleosomes also observed in the in vitro data [216]. Since intrinsic histone-DNA interactions are likely to
result into well positioned nucleosomes at the lower in vitro nucleosome density, this means that less than 15% (191/1270)
of in vivowell positioned nucleosomes in central intragenic regions can be attributed to strongly positioning DNA sequences.
Again themajor determinant of nucleosomepositioning is statistical ordering, no longer imposed by the bordering excluding
barriers but by the fluctuations in the central energy landscape induced by the DNA sequence [83]. As expected, our toy
model with constant energy profile E(s) between the bordering barriers does not generate any well positioned nucleosome
in the central region of large genes (data not shown). When considering our physical model, the corresponding nucleosome
occupancy profiles exhibit some central nucleosome positioning (Fig. 26(b’)). Indeed 1309 nucleosomes are predicted to
be well positioned (corresponding to ∼40% coverage of the sequence) among which we recover 28% (360/1270) of the in
vivo central nucleosomes including 53% (100/191) of the ones also observed in vitro. Moreover, when shuffling the gene
sequence, we recover a similar number ∼1140 of well positioned nucleosomes as the signature of statistical ordering in a
noisy energy landscape but we lose a majority (74/100) of the nucleosomes intrinsically positioned by sequences with high
affinity to histones.

Altogether the results reported in this section [82,83] agreewith the central conclusion of recent experimental in vitro and
in vivo studies of nucleosome positioning in S. cerevisiae [217], which provides additional evidence that intrinsic histone-
DNA interactions make only a modest contribution to the in vivo intragenic nucleosome positioning pattern, the major
determinant being the statistical ordering mainly induced by the excluding NFRs located at gene extremities.

3.5. Distinct modes of gene regulation by chromatin nucleosomal organization

3.5.1. Transcription initiation regulation by promoter nucleosome occupancy
The role of chromatin structure (nucleosome density and positioning) on gene expression regulation has been mostly

investigated at the level of transcription initiation and different regulation strategies associated to different kinds of
promoter structural design have been revealed [205,243,246,261,262]. As reported in Section 3.3, recent high-resolution
experiments have revealed a specific gene promoter pattern characterized by a nucleosome depleted region (NFR), of typical
size 100–200 bp, upstream the TSS and flanked by periodically ordered nucleosomes, notably at the gene 5′ end [201,
204,205,210,213]. However, we can further distinguish from this ‘‘average’’ picture some structural gene classes: if a
majority of genes presents indeed this stereotypic pattern, a significant subset reveals a depleted but delocalized region
and another subset does not present any noticeable NFR [205,243]. Interestingly, the expression level has been shown to be
(negatively) correlated with the absolute nucleosome occupancy at promoter whereas the relative nucleosome occupancy
would rather specify the logic of expression regulation and control the ability for genes to vary (adapt) their expression
under environmental changes [243,262]. For example, Tirosh and Barkai [243] clearly showed that genes that present in vivo
higher (relative) occupancy at the 150 bp vicinity of the TSS (‘‘OPN’’ for occupied proximal nucleosome, see Fig. 27(c)), reveal
higher transcriptional plasticity, expressionnoise and expressiondivergence [243,263]. In contrast, geneswith a pronounced
proximal depletion region (‘‘DPN’’ for depleted proximal nucleosome, see Fig. 27(d)) correspond to constitutively expressed
genes and are less versatile. These observations are corroborated by the fact that as shown in Fig. 27(b), DPNare also observed
in vitro [216] as well as in our physical model at low nucleosome density as resulting from the presence of an inhibitory
energy barrier encoded in the DNA sequence. Note that if the mean energy barrier observed at DPN is not high enough to
account statistically for the NFRs observed in vivo at a majority of yeast genes (Fig. 27(d)), the in vivo mean nucleosome
occupancy profile at OPN (Fig. 27(c)) also displays some nucleosome statistical ordering towards the ORF gene that is not
reproduced by our physicalmodel. Consistentwith these observations, there is amain difference in the spatial distribution of
TFS in yeast gene promoters. They aremainly localized at the NFRs of DPNswhereas for the OPN, they are broadly distributed
over all the promoter region. This suggests that, at promoters, some genes have a rather ‘‘static’’ chromatin pattern with a
‘‘stable (stereotypic)’’ nucleosome depleted region facilitating the permanent access/recruitment of activators/repressors
while some others present a more homogeneous and dynamic chromatin reflecting a finer level (program) of regulation by
a nucleosome positioning control at regulatory sites [243,261,262,264].

Changes in transcriptional regulation during evolution are important for generating phenotypic diversity among species,
but the mechanisms underlying these regulatory changes are far from being understood. In a recent work [215], gene
expression changes were shown to be linked to a co-evolution of promoter nucleosome organization. In anaerobic yeast
species, where cellular respiration genes are relatively inactive under typical growth conditions, the promoter sequences of
the respiration genes encode a relatively closed (OPN) chromatin organization. In contrast in aerobic yeast species where
respiration genes are active under typical growth conditions, their promoter sequences encode a relatively open (DPN)
nucleosome organization. These results [215] suggest that these changes in the expression of yeast respiration genes is
achieved, at least in part, through DNA sequence evolution that alters the nucleosome occupancy profile in their promoter
regions.

3.5.2. A novel strategy of transcription regulation by intragenic nucleosome ordering

Intragenic nucleosome density correlates positively with transcription rate: In this section, we investigate the functional
implications of the intragenic chromatin structure by analyzing howdifferent features relate to the two types of nucleosomal
organization identified in the in vivo data [83]. We first examine the way transcription rate, estimated by the Pol II
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Fig. 27. Average nucleosome occupancy profiles plotted around the 5′ nucleosome of (N = 503) OPN (a, c) and (N = 458) DPN (b, d) yeast genes [243].
The colored curves have the same meaning as in Figs. 18 and 19: in vitro data (orange), in vivo data (red), physical model δE = 2 kT, µ̃ = −6 kT (light
blue) and −1.3 kT (dark blue). In (a,b) are shown for comparison the corresponding theoretical energy profiles. Note that in (c, d), the mean theoretical
nucleosome occupancy profile has beenmultiplied by a factor of 3 indicating that the in vivo data result from the combination of ‘‘intrinsic’’ and ‘‘extrinsic’’
(TFs, chromatin regulators, Pols) sequence specific force fields. (For interpretation of the references to color in this figure legend, the reader is referred to
the web version of this article.)

Fig. 28. Bi-stable nucleosome organization controls gene expression. Sliding window (50 bp) analysis of average (a) transcription rate estimated by Pol II
density [242], (b) nucleosome repeat length (dark blue) and intragenic mean nucleosome occupancy (light blue), (c) transcriptional plasticity [243], (d) H3
turnover rate [265], (e) sensitivity to chromatin regulators disruption [244] and (f) H2A.Z occupancy [243,266] as a function of the distance L. The vertical
grey bands define bi-stability domains. The dotted curves correspond to the results obtained when excluding the 175 (/4554) ribosomal protein genes
from the analysis; no significant changes are observed. (For interpretation of the references to color in this figure legend, the reader is referred to the web
version of this article.)
Source: Reprinted from Ref. [83].

density [242], relates to L distance (Fig. 28(a)). In individual crystal n-domains, the transcription rate decreases when
increasing L. Some significant anti-correlation is actually observed between inter-nucleosome distance (Fig. 28(b)) and
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transcription rate in n-crystal domains: for n = 3, r = −0.2, P = 3.6 × 10−2; n = 4, r = −0.24, P = 7 × 10−4;
n = 5, r = −0.21, P = 3.5 × 10−3; n = 6, r = −0.3, P = 1.3 × 10−3 and n = 7, r = −0.23, P = 5 × 10−3. Hence,
the more compact the nucleosomal array, the shorter the linker size, the higher the transcription rate. Consistently, in the
intermediate bi-stable domains between the n- and (n+1)-crystal domains, we observe a local and sharp increase of the rate
coincidingwith an increasing proportion of the compact (n+1)-crystal pattern that coexists with themore diluted n-crystal
chromatin state. Since intragenic nucleosome arrangement may drastically affect the elongation process, our analysis raises
the question of why a well-ordered and regularly compacted nucleosome array would enhance the transcription rate [83].
As previously proposed [264], a compact 10 nm chromatin fiber is likely to restrict aberrant binding of transcription factors
or of other factors thatmay perturb the proper progression of Pol II and/or induce cryptic transcription. Crystallization of the
nucleosome array actually means stronger linear confinement, i.e.well-defined nucleosome positioning within genes. Pol II
elongation has to deal with chromatin structure and in particular requires structural regulation that involves nucleosome
modifications and remodeling. We guess that a regular intragenic nucleosome array might, upon gene activation, enhance
transcription rate by reducing intrinsic disturbances. According to geometrical modeling of the 30 nm chromatin fiber
[267–275], a short linker size would rather lead to an openwell ordered chromatin secondary structure that would facilitate
the sequential action of chromatin regulators associated with Pol II progression such as the FACT complex [276], as well
as the action of chromatin modifiers. Recently, reversomes (for reverse nucleosomes, built on a right-handed tetrasome)
were proposed to form under the action of a DNA supercoiling wave pushed in front of the RNA polymerase [277]. The
nucleosome reversome would facilitate transcription elongation by giving the RNA polymerase a lever to break the docking
of the H2A-H2B dimers which otherwise exerts a stringent blocking against transcription in absence of other factors [278].
By a dynamical domino-like effect, the elongation process of compact regularly spaced nucleosomal intragenic arrays might
result in a reversome wave that would progress faster than the RNA polymerase.
Genes showing a bi-stable dynamic chromatin structure are expression regulated genes: The distribution of transcriptional plas-
ticity,which quantifies for each gene the variation of expression level as the result of environmental condition changes [243],
presents large variations with the L distance, bi-stable (resp. crystal) genes presenting high (resp. low) plasticity values
(Fig. 28(c)). Bi-stable genes present, at least, two crystal chromatin states, a diluted (NRL = L/(n − 1)) and a compact (NRL
= L/n) state respectively. According to our model, their transcription rate profile results from the contributions of high
and low transcription rates. These genes may thus adopt one of the two crystal states and switch from one to the other
state under some perturbation or condition changes, e.g. a very small change in the L distance, that would in turn lead to
strong changes of transcription rate and to high level of transcriptional plasticity. In full agreement with this suggestion,
we observe that bi-stable gene density is significantly correlated to transcriptional plasticity (r = 0.42, P = 1.1 × 10−3).
These properties of the plasticity distribution strongly sustain our model of the nucleosomal array compaction-dependence
of transcription rate [83].

In a recent study, it has been shown that gene expression can substantially vary when disrupting chromatin regulators,
including chromatin modifiers such as HATs, HDACs, HMTs and ATP-dependent chromatin remodeling factors [244]. The
distribution of sensitivity to chromatin regulators reveals that bi-stable genes are in average significantly more sensitive
than crystal genes to such a lack of structural regulation (Fig. 28(e)). This is consistentwith the fact that chromatin regulators
may control the inter-barrier distance L and in turn the distance L (∼L − 188 bp) via the statistical ordering imposed by
nucleosome excluding barriers. Note that in the precise case of Isw2 remodeling [208,232], we did not obtain conclusive
results concerning the crystal/bi-stable nature of the target genes (data not shown). When compared to crystal genes, bi-
stable genes are thus highly plastic, with a wide dynamic range of expression level as the signature of a more dynamic and
regulated chromatin structure [83].
Intragenic chromatin structure and epigenetic marks: We next examine the histone variant H2A.Z occupancy [243,266] and
the histone H3 turnover rate [265] within crystal and bi-stable gene domains [83]. Crystal genes present a high enrichment
inH2A.Z (Fig. 28(f)), whereas bi-stable genes present a highH3 turnover rate (Fig. 28(d)). These results are in agreementwith
the hypothesis that the H2A.Z histone variant, which is mainly deposited at the 5′ nucleosome position [204], contributes
to stabilize this nucleosome thereby reinforcing the position and possibly the nucleosome exclusion strength of the 5′ end
NFR. This would in turn enhance the crystallization properties (periodicity and phasing) of the nucleosome array along the
gene. Consequently H2A.Z incorporation may contribute to lock the chromatin into a very stable crystal state. By contrast,
low H2A.Z enrichment in the 5′ nucleosome of bi-stable genes may favor the ability for these genes to change from one
to the other of the n- and (n + 1)-nucleosome states [83]. On the other hand, the high H3 turnover rate observed for bi-
stable genes likely reflects the dynamical nature of their chromatin resulting from a facilitated transition between the n- and
(n+ 1)-nucleosome states. More frequent eviction and reassembly of one nucleosome may thus improve a de novo histone
H3 deposition [83].
Intron containing genes preferentially localize within bi-stable domains: To examine possible relation between chromatin
state and the presence of introns, we have selected the 107 genes containing one intron from the 4554 yeast genes [83].
As shown in Fig. 29(a), these intron containing genes are mainly found within bi-stable domains [83]. This observation
suggests that intron size in yeast might work as a mechanism allowing for the transition of a gene from one to another
crystal-like/bi-stable nucleosomal architecture. Observation that intronic size distribution is bi-modal with peaks at 90 and
410 bp (Fig. 29(b)) sustains this hypothesis. Note that similar bi-modal distributions are also obtained for Saccharomyces
kluywerii, Kluyveromyces thermotolerans and Debaryomyces hansenii (data not shown). Indeed, 90 bp is about the distance
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Fig. 29. (a) Proportion of single intron containing yeast genes (107/4554) as a function of the gene size L; the vertical grey bands define bi-stability
domains. The dotted curves correspond to the density of ribosomal protein genes (54) (black dotted curve) and to the density of the non-ribosomal protein
genes (53) (red dotted curve). (b) Histogram of intron sizes in single-intron containing genes. (For interpretation of the references to color in this figure
legend, the reader is referred to the web version of this article.)
Source: Reprinted from Ref. [83].

Fig. 30. Venn diagrams showing the repartition of DPN and OPN yeast genes [243] among crystal and bistable genes [83].

that would allow a gene to change from bi-stable to crystal chromatin state (and vice-versa). Unfortunately, when using our
model to compute the nucleosome occupancy profiles on intron-containing intragenic sequences with and after removing
the intron [279], the sampling of each categories (crystal, bi-stable, other) was too small to draw significant conclusions.
An alternative hypothesis relies on recent studies indicating that splicing regulation might be associated with chromatin-
mediated regulation of transcriptional elongation, involving the action of remodeling factors such as SWI/SNF [280,281]. A
proper chromatin structure might thus be favored in order to facilitate/regulate intron splicing.

Ribosomal protein genes are generally short, highly transcribed and intron containing. Among the 107 single intron
containing genes, the subset of 54 ribosomal protein genes is significantly enriched in bi-stable genes (Fig. 29(a)), consistent
with our previous observation concerning the high plasticity level of bi-stable genes (Fig. 28(c)) [83].

3.5.3. Promoter versus intragenic nucleosome organization: distinct modes of gene regulation?
Interestingly, when comparing the results reported in Sections 3.5.1 and 3.5.2, similar functional/structural relationships

are obtained for the intragenic chromatin [83] as those observed by Tirosh and Barkai [243] at promoters. Crystal genes, as
DPN genes, correspond to constitutively expressed genes with a well-defined and stable chromatin pattern, i.e. a periodic
nucleosome arrangement for crystal genes and a well-localized and pronounced NFR for DPN (Fig. 27(d)). On the other
hand, bi-stable genes, as OPN genes, correspond to transcriptionally plastic genes with a more dynamic and regulated
chromatin. We observe an apparently irregular pattern for bi-stable genes (Fig. 23(b)) that actually corresponds to the
statistical superposition of two crystal states and an extended less depleted region for OPN genes (Fig. 27(c)). However
despite similar structural regulation strategies, we do not observe any significant correlation between the bi-stable/crystal
nature of genes and their OPN/DPN promoter architecture (Fig. 30). For both crystal-like and bi-stable genes, nucleosome
organization results from the presence of NFRs at gene extremities. These gene categories are thus expected to correlate
with the DPN gene class that reflects the presence of a deep trough in the nucleosome occupancy profile upstream of the
TSS. DPN genes are significantly enriched in crystal and bi-stable genes (56% are crystal and 25% are bi-stable) as compared
to OPN genes (40% are crystal and 20% are bi-stable). This latter level of enrichment may indicate that some OPN genes
can have a 5′ NFR with more variable phasing with respect to the TSS but that still induces nucleosome confinement and
a periodic ordering for short gene sizes as confirmed by the weaker periodicity observed at the 5′ gene end in the average
nucleosome occupancy profile (Fig. 27(c)).

The nucleosomal structure of promoters and its implications in transcription initiation has been studied in various
organisms from yeast to human, including the nematode and Drosophila [201,205,207,210,213,214,240,243,282,283]. In
Refs. [82,83], we have identified new regulation mechanisms in S. cerevisiae that involve intragenic chromatin structure. To
what extent these chromatin mediated regulation processes generalize to distant eukaryotic species is a very challenging
question for future studies.
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Fig. 31. Nucleosome occupancy profiles observed in vivo (red) and predicted by our physical model for parameter values δE = 2 kT, µ̃ = −1.3 kT
(dark blue) along fragments of yeast chromosome II (a), VII (b), II (c) and VI (d). For comparison are also represented the corresponding theoretical energy
landscapes (green). The dots represent the positions of TSS (red) and TFS (black). (For interpretation of the references to color in this figure legend, the
reader is referred to the web version of this article.)

3.6. ‘‘Intrinsic’’ versus ‘‘extrinsic’’ nucleosome positioning

The small-scale chromatin structure, as defined by the local nucleosome occupancy, conditions the regulation of
transcription in particular by modulating the accessibility of TFs to their cognate regulatory sites [7,246,264,284,285].
Actually, as seen in the previous sections, the nucleosome occupancy profile predicted, directly from the DNA sequence,
by our physical model using a grand canonical description, accounts remarkably well for the nucleosome occupancy profile
observed in vitro (Section 3.2) [81,82]. However the comparison with in vivo data reveals that the ‘‘intrinsic’’ nucleosome
positioning encoded in the sequence can be influenced and perturbed by the action of ‘‘extrinsic’’ factors like TFs and ATP-
dependent remodelers [263,286].

3.6.1. Transcription factors
TFs can influence nucleosome positioning in vivo by competing with histones to access to their DNA target sites [287].

The outcome of this competition likely depends on the relative affinities of the nucleosomes and TFs to the underlying DNA
sequence but also on their relative concentrations [286]. As shown in Fig. 31(a) and (b), when comparing the nucleosome
occupancy profile predicted by our physical model at high nucleosome density with the in vivo yeast data, we observe
mainly two kinds of differences. There are locations where a NFR is observed in vivo but not in vitro as predicted by our
physicalmodel (Fig. 31(a)). Atmany other locationswhere some nucleosome depletion is predicted by ourmodel, the in vivo
nucleosome occupancy profile displays a deeper and pronounced depleted region. At a larger scale, as seen in the intergenic
region between the two divergent yeast genes in Fig. 31(b), the high concentration of TFs coincides with a significant
lowering of the in vivo mean nucleosome occupancy. Importantly, this lowering has not disturbed the regular nucleosome
ordering predicted by the physical model consistent with the emerging view that nucleosome and TFs compete to occupy
DNA in thermodynamic equilibrium [246,286,288]. Evenmore interesting, TFS reside in the predicted nucleosome depleted
linker regions of the intergenic regular nucleosome array suggesting some cooperativity in TF binding [289–292] as the result
of a collaborative competition against ‘‘intrinsic’’ collective nucleosome ordering and not just of specific protein–protein
interactions. Note that the theoretical NFR of the anti-sense gene at the left of Fig. 31(b) has been disturbed (mainly shifted)
by the binding of TFs that have induced a second NFR nearby possibly catalyzed by remodeling factors.

3.6.2. ATP-dependent chromatin remodeling factors
Nucleosome positioning can also be controlled by a family of enzymes that consume the energy from ATP hydrolysis

to move nucleosomes to different locations along the DNA or even to disassemble nucleosomes [208,213,233,245,261,293–
300]. In vitro thesemolecular motors were shown to actively drive nucleosomes away from presumed equilibrium positions
[301,302] and this regardless of the underlying DNA sequence. As illustrated in Fig. 31(c) and (d), some in vivo nucleosome



86 A. Arneodo et al. / Physics Reports 498 (2011) 45–188

occupancy patterns including the 5′ NFR (resp. 3′ NFR) and the flanking ordered nucleosomes inside the corresponding genes
are globally shifted by∼50–100 bp from their predicted positions by our DNA sequence directed grand canonical modeling.
These distances are typical of distances over which these ATP consuming machines are known to operate in vivo [208,213,
245]. This ‘‘extrinsic’’ nucleosome positioning under the action of remodeling factors is likely to explain the strong phasing
of the 5′ NFR with respect to the gene TSS observed in vivo as compared to our physical model predictions (Fig. 19(a)).

But as noticed by Rippe et al. [302], some remodeling complexes only change the relative nucleosome occupancywithout
altering nucleosome positions. This suggest that equilibrium positioning can also be relevant even during remodeling
activity. Since these chromatin remodelers are found all over the yeast chromosomes, they may contribute to increase
the effective temperature so that thermal equilibrium is attained much faster, in particular along most yeast genes as
discussed in Section 3.4. In that context, our grand canonical physical model can be used as a theoretical reference for in
vitro nucleosome positioning whose comparison with in vivo data is likely to provide very instructive information for future
modeling of both remodeler [234] and TF [288] driven ‘‘extrinsic’’ nucleosome positioning.

4. Atomic force microscopy imaging of sequence effect on the first step of DNA compaction inside eukaryotic nuclei

4.1. Motivations

During the nineties, several experimental and theoretical studies have investigated the effect of the sequence on the
elastic properties of long DNA chains. In particular, micromanipulation experiments performed on single molecules of
DNA have provided very interesting information about the elastic response of these macromolecules to external stretching
[303–308] and twisting [307,309,310] forces. One remarkable feature revealed by these pioneering experiments is the fact
that the extension vs. force data are very well described by a simple elastic model, the so-called Worm-Like-Chain (WLC)
model [311–317] with a single elastic constant, the persistence length Aeff that characterizes the DNA bending rigidity
(see Appendix C). In physiological salt concentrations, at room temperature, most experiments yield similar estimates of
Aeff ≃ 50 nm (∼170 bp). In the presence of a twisting constraint, the Rod-Like-Chain (RLC)model [318–322], which involves
an extra parameter, the twist persistence length Ceff , reproduces quite well the experimental extension vs. supercoiling
curves (f . 0.5 pN) with Ceff between 75 and 110 nm [318–322]. But the values of the bend and twist persistence lengths
measured by torsionally constrained stretching experiments, namely Aeff and Ceff , do not correspond to the genuine bend (A)
and twist (C) rigidities of the DNA double helix since the intrinsic structural disorder induced by the sequence contributes
to the elastic response to the external stresses. In the late eighties, Trifonov et al. [323] suggested that Aeff can be expressed
as:

1/Aeff = 1/A + 1/Ao, (12)

where Ao is the ‘‘static’’ bend persistence length of the random walk defined by the axis of the DNA double helix in the
absence of any thermal fluctuations, and A is the ‘‘dynamic’’ bend persistence length of a DNA double helix in the absence
of any intrinsic structural disorder. Eq. (12) has received some early theoretical and computational confirmation [324,325].
Experimentally, from the investigation of native [323,326] and ‘‘intrinsically straight’’ synthetic [327–329] DNA, Eq. (12) has
led to values of A ranging from 60 up to 210 nm, as compared to the generally accepted value Aeff ≃ 50 nm. More recently,
Nelson [330] has shown that Eq. (12) is correct in the limit of weak structural disorder, i.e.:

Aeff = A(1 − A/Ao), for A/Ao ≪ 1. (13)

This correction differs from Aeff = A(1−
√
A/Ao/2) found by Bensimon et al. [331] in a random version of the Kratky–Porod

model [311]. Also, according to Nelson’s calculations [330], the twist persistence length would not suffer such a correction:
Ceff = C .

In a previouswork [332], we have revisited the results of single-molecule DNA stretching experiments using a RLCmodel
that explicitly includes some intrinsic LRC structural disorder induced by the sequence. The investigation of artificial and real
sequences has confirmed that theWLCmodel reproduces quite well the data but with an effective bend stiffness Aeff , which
underestimates the true elastic bend stiffness according to Trifonov et al. formula (12) and this independently of the elastic
twist stiffness C . In particular, we have shown that this RLC model provides a remarkable fit of the bacteriophage λ-DNA
when considering A = 70± 10 nm, in good agreement with previous experimental estimates of the ‘‘dynamic’’ persistence
length [326–328]. But themainmessage of this full 3Dmodeling of the double-helix elastic response to external stress is the
fact that the extension vs. force RLCmodel predictionsmainly depend on the amplitude σo of the structural disorder and turn
out to be rather insensitive to the presence of LRC in the sequence. As illustrated in Fig. 32, the presence of LRC structural
disorder is likely to become noticeable when confining the DNA heteropolymer in a plane (2D). When comparing some
realizations of uncorrelated and LRC ‘‘unconstrained’’ 2D (equilibrium) trajectories, due to the persistence of the double-
helix axis orientation fluctuations, LRC 2D spontaneous trajectories are more looped than the uncorrelated ones. One may
thus suspect that LRC structural disorder can significantly affect the thermodynamical properties of semi-flexible chains like
DNAwhen confined in 2D. Since the DNA loops around histone octamer are approximately planar [8–10], the LRC structural
disorder is likely to play a fundamental role in the formation, the positioning and the dynamics of nucleosomes.
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Fig. 32. Frozen trajectories for two 2D semi-flexible chains of length L = 3000 bp with uncorrelated (H = 0.5, blue) and LRC (H = 0.8, red) structural
disorder (σo = 0.05). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Reprinted from Ref. [31].

4.2. Probing persistence in DNA curvature properties with atomic force microscopy

Various experimental techniques have been used to investigate DNA bending and flexibility, including X-ray crystallog-
raphy, gel electrophoresis, electric birefringence, DNA cyclization, NMR, high resolution microscopy (Electron Microscopy
and Atomic Force Microscopy) [327,333–341]. Single molecule experiments have also provided very interesting informa-
tion about the elastic response of rather long (several tens of kbp) DNA fragments to external stretching forces [303–308].
Among these methods, because it provides a visualization of the 2D conformations of a DNA molecules, AFM has proved
to be a very efficient technique, not only because it can be used to estimate the persistence length of DNA via end-to-end
distance measurements [336–341], but more interestingly because it can give access, via some thermodynamical averaging
over a population of these conformations, to both the intrinsic DNA curvature and bending flexibility and this with a surpris-
ingly good resolution of a few double helix pitches [339,342–345]. During the past decade, DNA structures imaged by AFM
have been analyzed in the framework of the WLC model (see Appendix C) that accounts for the entropic elastic behavior of
an intrinsically straight semi-flexible polymer [339–341]. In this section, our goal is to use AFM in air and in liquid to bring
experimental evidence of sequence-induced LRC in naked DNA molecules deposited onto mica under 2D thermodynamic
equilibrium conditions [84,85], thus making the experimental estimate of the persistence length amenable to treatment by
the generalized 2DWLC model described in the Appendix C [80,346].

4.2.1. Materials and methods
Design and preparation of the DNA fragments: To illustrate our purpose, we have selected three different types of DNA

molecules. (i) Intrinsically straight DNA fragment: an intrinsically straight 200 bp DNA fragmentwas obtained from a plasmid
kindly provided by Vologodskii [329]. Four of these 200 bp straight DNAwere ligated together to produce a straightmolecule
of total length L = 800 bp. Special care was taken when designing restriction and ligation sites so that the overall intrinsic
curvature (at scale above the helical pitch) remains zero. (ii) Uncorrelated Hepatitis C RNA virus fragment: a fragment of
L = 2200 bp ((G + C) = 50%) was extracted from the HCV genome via EcoRI digestion of phCMVcE1E2 plasmid [347].
HCV belongs to the family of non-retrotranscribed RNA viruses that display an uncorrelated bending profile [15,16] (Section
2.6). (iii)Human genomic DNAmolecules: amixture of DNAmolecules of size ranging from 1000 to 3000 bp, representative of
human complete genomewas obtained byDraI digestion of genomic DNA. (iv)HumanDNA fragments of different GC contents:
Four repeated sequence free loci of size L ≃ 2200 bp were delineated along the human genome using UCSC data (May 2004
release): (α) chr 21: 21524828–21527029, L = 2002 bp, G + C = 31%; (β) chr 21: 34394438–34396643, L = 2006 bp,
G+C = 38%; (γ ) chr 21: 37044232–37046437, L = 2006 bp, G+C = 43%; (δ) chr 8: 125789398–125791587, L = 2189 bp,
G + C = 46%. They were extracted by PCR amplification, cloned in pGEMTeasy vector and digested by NotI and EcoRI.

All DNA fragments of interest were purified by agarose gel electrophoresis without DNA intercalating dyes. Prior to the
AFM analysis, we have performed a LRC analysis of the corresponding DNA chain bending profiles generated with the PNuc
trinucleotide coding table (Table 1), using the same wavelet-based methodology as reported in Section 2. For the RNA virus
sequence we confirm that, over a whole range of scales from 10 to 2200 bp, we observe a nice scaling behavior with Hurst
exponent H = 1/2 as the signature of uncorrelated bending fluctuations. We detect LRC in the four human DNA sequences,
in particular for scales ranging from 200 to 2200 bp which will be probed by the AFM apparatus where the Hurst exponent
H = 0.73 ± 0.03 is definitely found larger than 1/2. Note that this estimate is robust when extending the scaling analysis
to larger portions of chromosomes 8 and 21, taking into account the neighboring 30 kbp left and right sequences of the 4
selected L = 2200 bp sequences. Actually this estimate is quite representative of the H values obtained all over the human
genome [15,16].
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Table 4
2D persistence length measurement from the mean projection of the end-to-end vector on the initial orientation of N DNA molecules deposited on mica
with different procedures (see Appendix C) [85]. The persistence lengths ℓp (= ℓdp) and ℓ

eff
p were estimated froma least squares fit of the corresponding ℓS

p (s)
data for the straight DNA (Fig. 35(a)) and the HCV (Fig. 35(b)) molecules respectively, using theWLCmodel prediction (Appendix C, Eq. (C.9)). σo =


2/ℓsp

(Eq. (C.17)), was estimated using Eq. (14).

Experimental protocol Straight DNA L = 800 bp HCV L = 2200 bp
ℓp(N) ℓ

eff
p (N) σo

Air
Buffer A1 490 ± 30 bp (193) 440 ± 30 bp (65) 0.022± 0.012
10 mM Tris-HCL, 5 mMMgCl2, pH = 7.4 157 ± 10 nm 141 ± 10 nm

Buffer A2 395 ± 25 bp (108) 360 ± 25 bp (99) 0.023± 0.015
10 mM Tris-HCL, 5 mMMgCl2, 0.05 mM NiCl2 , 126 ± 8 nm 115 ± 8 nm
pH = 7.8

Buffer A3 297 ± 20 bp (101) 291 ± 20 bp (71) 0.012± 0.038
10 mM Tris-HCL, 0.5 mM NiCl2, pH = 7.8 95 ± 6 nm 93 ± 6 nm

Liquid
Buffer L 285 ± 20 bp (109) 276 ± 20 bp (98) 0.015± 0.034
10 mM Tris-HCL, 0.5 mM NiCl2, pH = 7.8 102 ± 6 nm 99 ± 6 nm

Atomic force microscopy: AFM imaging was carried out in air and in solution using a Nanoscope IIIa (Veeco/Digital Instru-
ments, Santa Barbara, CA) equipped with type-E scanner operating in tapping mode. Freshly cleaved mica (muscovite mica,
grade V-I, SPI) served as a support for sample adsorption. DNA preparations were diluted (0.3 ng/µl) in different buffers
according to different experimental protocols. (i) AFM imaging in air: For scanning in air, we used the three buffer solutions
A1, A2 and A3 defined in Table 4 (Experimental Protocol). As shown in Refs. [338,348,349], in the presence of doubly charged
counter ions (Mg2+,Ni2+) in the solution, DNA molecules are able to equilibrate on the surface before being captured in a
given conformation. A 5 µl droplet of the solution was deposited for 2 min, then the mica disk was rinsed carefully with
1 ml of MilliQ water and dried under a nitrogen flow prior to imaging. Samples were imaged with silicon tips (type MPP-
11100, Veeco Instruments) at resonance frequency f of 250–350 Hz and set point of 0.6–1.2 V. (ii) AFM imaging in liquid: For
scanning in liquid, we followed a slightly different protocol with the following buffer L (Table 4) similar to Buffer A3 used in
air. As before a 5 µl droplet of the solution was deposited on to a freshly cleaved mica disk and incubated for 2 min. Then a
100µl drop of Buffer L was introduced in the liquid cell prior to imaging with a commercial silicon nitride probe (type NP-S,
Veeco Instruments) at resonance frequency f of 9–10 Hz and a set point of 0.3–0.4 V.

The images were recorded at room temperature, both in air and liquid, at a scan size of 1.5×1.5µm2, a scan rate of 2 Hz
and a resolution of 512×512 pixel2. Prior to image processing, images were oversampled to 1024×1024 pixel2 resulting in
a resolution ∼4 bp per pixel. To avoid molecular crowding effects resulting from the interaction of neighboring molecules
during their equilibrium process [338], we used a high dilution rate so that each image contained only a few distant DNA
molecules, at the expense of our statistical sampling.

Image processing: The DNA traces were analyzed using a homemade Matlab (MathWorks Inc., Natick, MA) toolbox. First
the images were flattened to remove the long-term drift of the set up. A few flattened images of DNA molecules are
shown in Figs. 33 and 34. Then the DNA chains were identified and digitized using morphological tools such as hysteresis
thresholding, erosion, dilation and skeletonization to estimate their freeDNA length using Kulpa and corner chain estimators
[350]. As reported in previous studies [338,350,351], our estimate of the mean contour length of the DNAs under study,
yields an helical rise of 3.20 ± 0.05 Å (resp. 3.60 ± 0.05 Å) per bp in air (resp. in liquid) which underestimates (resp.
overestimates) the 3.38 Å per bp measured by crystallography. For each entropic realization of a DNA molecule of size L
(∼2200 bp), we estimated both the end-to-end distance R(s) and the scalar product u⃗(0).R⃗(s) (Appendix C, Fig. C.1) with a
resolution of 1 pixel = 4 bp. Then by averaging over all the DNA trajectories obtained from the AFM images, we estimated
ℓD
p (s) = ⟨R2(s)⟩/2s (Appendix C, Eq. (C.6)) and ℓS

p (s) = ⟨u⃗(0).R⃗(s)⟩ (Appendix C, Eq. (C.9)) that both converged to the 2D
persistence length in the limit s → L → ∞ (Appendix C, Eqs. (C.5) and (C.8) respectively).

4.2.2. Defining the experimental protocol appropriated to characterize intrinsic structural disorder
One of the most attractive features of the AFM is that it can operate equally well with the cantilever immersed in liquid

as in air, making it possible to image biological molecules like DNA and proteins under quasi-physiological conditions [336,
344,345,348,350–353]. Whereas the weak electrostatic attachment of DNA to the mica surface obtained by adding the
divalent cations Mg2+ into the buffer is efficient enough when imaging in air (Figs. 33 and 34), it is definitely too loose
when scanning in liquid [348,352]. In aqueous buffer, Ni2+ ions are generally preferred because of their higher affinity for
mica which allows a better confinement of DNA to the mica surface without either immobilizing it or releasing it in the
liquid cell. Because the persistence length of DNAmolecules is indeed sensitive tomany experimental parameters including
temperature, pH, ionic forces and excluded volume effects for long DNA fragments, in this section, we perform a series of
preliminary persistence length measurements using different AFM imaging protocols with the objective of selecting the
most efficient one to evidence and quantify intrinsic DNA curvature disorder [84,85].
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Fig. 33. AFM images in tapping mode in air using Buffer A1 of L = 800 bp intrinsically straight DNA molecules.
Source: Reprinted from Ref. [31].

Persistence length measurement in air using Buffer A1: In Figs. 33 and 34 are shown AFM images in air using Buffer A1 of the
L = 800 bp intrinsically straight DNA fragment (no intrinsic curvature disorder) and of the L = 2200 bp Hepatitis cRNA
virus molecule (uncorrelated structural disorder) respectively. Theoretically, according to theWLCmodel extension to DNA
chains with uncorrelated intrinsic curvature disorder (see Appendix C), from Eqs. (C.16) and (C.17) relating the persistence
lengths of the straight DNA (ℓdp = 2A) and of the virus molecule (ℓeffp ), one should be in a position to estimate the amplitude
σo of the curvature disorder intrinsic to HCV DNA:

σ 2
o = 2


1

ℓ
eff
p

−
1
ℓdp


. (14)

Figs. 35(a) and 36(a) show the experimental data for the local persistence length versus s obtained from the DNA traces
of N = 193 straight DNA molecules deposited using Buffer A1 protocol (Table 4). The data obtained when using either
the mean projection of the end-to-end vector on to the initial orientation estimate of ℓSp(s) (Eq. (C.9)) (Fig. 35(a)) or the
mean square end-to-end distance estimate of ℓD

p (s) (Eq. (C.6)) (data not shown), are remarkably well fitted by the WLC
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Fig. 34. AFM images in tapping mode in air using Buffer A1 of L = 2200 bp uncorrelated HCV DNA molecules.
Source: Reprinted from Ref. [31].

model predictions. Fig. 36(a) shows the estimate of ℓdp = 2A when fitting the data over the first s bp. For s ranging from
200 bp to the total length 800 bp, all the data points for 2AD and 2AS fall in the range ℓp = 2A = 490 ± 30 bp. This yields
an estimate of the bend rigidity A = 245 ± 15 bp which corresponds, according to Eq. (C.18), to a 3D persistence length
ℓ3Dp = A × 0.32 ≃ 79 nm, in good agreement with previous measurement by cryo-electron microscopy [327] and recent
molecular dynamic simulations [354]. For comparison, in Fig. 36(b) and (c) are shown similar estimates of 2AD and 2AS for
two sets of N = 193 2D equilibrium conformations of straight DNA of total length L = 800 bp numerically generated by
DNA simulations (see Appendix D), using a centered bend angle distribution of variance 1/A given by Eq. (C.3) (ℓ = 1) with
2A = 490 bp. It is clear that for a statistical sample of about 200 DNA trajectories of rather small total length L = 800 bp,
there is some statistical limitation in the achievable accuracy when estimating the persistence length ℓp = 2A. Results of
the numerical simulations in Fig. 36(b) and (c) show that estimates of ℓD

p (s) and ℓ
S
p (s) can differ by a few tens of bp which

corroborates our estimate of the experimental uncertainty ℓp = 2A = 490 ± 30 bp in Fig. 36(a).
In Figs. 35(b) and 36(d) are reported the results of a similar analysis of a collection of AFM images (Fig. 34) from which

the DNA traces of N = 65 HCV molecules were digitized. Again the persistence length ℓD
p (s) and ℓ

S
p(s) are well fitted by

the WLC model predictions but with an effective persistence length ℓeffp significantly smaller than the dynamic persistence
length estimated just above for intrinsically straight DNA. Indeed, as shown in Fig. 36(d), when performing a fit of the data
with Eqs. (C.6) and (C.9) over different ranges of scales from s = 200 to 2000 bp, we get values for 2AD and 2AS that all
fall in the interval ℓeffp = 2Aeff

= 440 ± 30 bp which corresponds to a 3D persistence length ℓ3Dp = Aeff
× 0.32 ≃ 70 nm.
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a b

Fig. 35. Persistence length measurement of ℓS
p (Appendix C, Eq. (C.9)) when averaging over N imaged molecules of (a) intrinsically straight DNA

(L = 800 bp) and (b) uncorrelated HCV DNA (L = 2200 bp). The symbols correspond to the following AFM imaging protocols: Air with Buffer A1 (△),
A2 (�) and A3 (◦); liquid with Buffer L (•). The solid lines correspond to least squares fit estimates of the persistence length with theWLCmodel prediction
(Appendix C, Eq. (C.9)). The so-obtained estimates of ℓp and the corresponding numbers of analyzed molecules are reported in Table 4.
Source: Reprinted from Ref. [85].

a d

b e

c f

Fig. 36. Fit of the data for ℓD
p (s) (•) and ℓ

S
p (s) (◦) with the WLC model predictions (Appendix C, Eqs. (C.6) and (C.9)): 2A estimated when restricting the

domain of fit of the data in Fig. 35 to the first s bp only. Intrinsically straight DNA: (a) AFM study (N = 193, L = 800 bp), (b) and (c) DNA simulations
(N = 193, L = 800 bp) with elastic bend rigidity 2A = 490 bp. Uncorrelated DNA: (d) AFM study of HCV molecules (N = 65, L = 2200 bp), (e) and (f)
DNA simulations (N = 100, L = 2200 bp) of 2D equilibrium conformations of two uncorrelated random chains (H = 1/2, σo = 0.022) generated with an
elastic bend rigidity 2A = 490 bp and corresponding to 2Aeff

= 440 bp (see Appendix D).
Source: Reprinted from Ref. [85].

Since the experimental protocol used to deposit and visualize the different types of DNAs was rigorously the same, we
can reasonably assume that the bend rigidities of all molecules are identical. Then, we get the following estimate of the
curvature angle function amplitude σo = 0.022 ± 0.012 typical of a weak structural disorder and corresponding to a static
persistence length ℓsp = 2/σ 2

o = 4310 bp. We report in Fig. 36(e) the results of a comparative DNA simulation study of
N = 100 2D equilibrium conformations of an uncorrelated random chain (H = 1/2, σo = 0.022), generated with an elastic
bend rigidity 2A = 490 bp as described in Appendix D (Fig. D.1(c)). Like for the HCV molecules, the estimated persistence
length definitely underestimates the elastic bend rigidity consistently with Trifonov et al. formula (Appendix C, Eq. (C.16)).
Redoing these DNA simulations for a second realization of uncorrelated random chains with the same curvature disorder
amplitude σo = 0.022, then, as shown in Fig. 36(f), some average estimate of 2Aeff

= 440 ± 20 bp is obtained in good
agreement with Eq. (C.15) which predicts ℓeffp = 2Aeff

= 436 bp. These results bring the demonstration that AFM imaging
is capable of detecting and quantifying the presence of rather weak curvature structural disorder in short (a few kbp long)
DNA molecules [84,85].
Persistence lengthmeasurement in air using Buffer A2: To investigate the effect of different ionic conditions,wehave performed
additional persistence length measurements in air when using Buffer A2 that contains both Mg2+ and Ni2+ divalent
counterions. More precisely, Buffer A2 was obtained by adding 0.05 mM NiCl2 to the 5 mM MgCl2 containing Buffer A1.
The ℓS

p (s) data recorded with Buffer A2 (�) fall systematically below the corresponding experimental points previously
obtained with Buffer A1 (△) and this for both sets of N = 108 intrinsically straight DNA molecules (Fig. 35(a)) and
N = 99 HCV molecules (Fig. 35(b)). From the very good fits obtained with the WLC model (Appendix C, Eq. (C.6)), we
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get the following estimates ℓp = 395 ± 25 bp for the former molecules and ℓp = 360 ± 25 bp for the latter ones, i.e.
values that are systematically below the corresponding ones obtained with Buffers A1 (Table 4). But what is remarkable
is that when introducing the so-obtained values in Eq. (14), identifying the dynamic persistence length ℓdp to ℓp (straight
DNA) and the effective persistence length ℓeffp to ℓp (HCV), we get a value for the intrinsic curvature fluctuation amplitude
σo = 0.023 ± 0.015 which is quantitatively similar to the one obtained in air with Buffer A1 (σo = 0.022 ± 0.012) (see
Table 4) [85].
Persistence length measurement in air using Buffer A3: In Fig. 35 are also reported the results obtained when using Buffer A3
that contains Ni2+ divalent cations instead of Mg2+ (Table 4). The data for ℓS

p (s) obtained from the analysis of N = 101
intrinsically straight DNA molecules and N = 71 HCV molecules are still well fitted by the WLC model (Appendix C, Eq.
(C.6)) with ℓp = 2A = 297 ± 20 bp for the former and ℓp = 2A = 291 ± 20 bp for the later, i.e. values which are
significantly smaller than the ones previously obtained with Buffers A1 and A2 but that are no longer distinguishable, up to
the statistical and experimental uncertainties [85].
Persistence length measurement in liquid using Buffer L: When performing AFM imaging in liquid with Buffer L (identical to
Buffer A3) that contains NiCl2 and no more MgCl2 (Table 4), we obtain from the analysis of N = 109 intrinsically straight
DNAmolecules and N = 98 HCVmolecules, data for ℓS

p (s) that systematically fall in the error bars of the corresponding data
points previously obtained when imaging in air using Buffer A3 (Fig. 35), yielding to the estimates ℓp = 2A = 285 ± 20 bp
and ℓeffp = 2Aeff

= 276 ± 20 bp respectively. These results show that when using the same experimental deposition
procedure with the same buffer composition, AFM imaging in air and in liquid provides consistent and robust estimates of
the persistence length of short DNA chains [85].

Thus the variations observed in the effective persistence length ℓeffp of these HCV molecules when changing the ionic
conditions (Fig. 35(b)) are likely to be accounted for by the variations of the dynamic persistence length ℓdp contribution
in Eq. (14) as estimated from the set of intrinsically straight DNA molecules (Fig. 35(a)). As summarized in Table 4, when
progressively replacing Mg2+ by Ni2+ cations, ℓdp = 2A decreases from 490 ± 30 bp (Buffer A1) to 290 ± 20 bp (Buffer
A3 and L), which corresponds to a decrease of the DNA bending rigidity A and in turn of the 3D persistence length ℓ3Dp
(Appendix C, Eq. (C.18)) from 79 nm down to 49 nm, i.e. down to a value consistent with the 50 nm consensus value
obtained for native DNA by independent methods [188,313,334]. This increase in flexibility is likely to result from some
charge-induced electrostatic softening of the DNA due to the high affinity of Ni2+ ions to DNA that can attenuate repulsions
between negative charges on the phosphates [348,349,352,355]. But what our AFM results suggest is that these changes
in ionic conditions have not affected the static persistence length ℓsp of the HCV molecules, which quantifies the intrinsic
curvature disorder induced by the HCV DNA sequence with an amplitude as small as σo =


2/ℓsp ≃ 0.02 (Table 4) [84,

85]. Note that the prohibitive size of the error bars in the estimate of σo when imaging in air with Buffer A3 and in liquid
with Buffer L likely explains why the effect of the sequence on the DNA elastic properties was found negligible in many
experimental studies performed in quasi-physiological conditions. However, a careful examination of the data in Fig. 35
reveals that if the ℓS

p (s) data points for the intrinsically straight DNA (Fig. 35(a)) and the HCV DNA (Fig. 35(b)) fall in the
error bars of each other, nevertheless for each s value, ℓS

p (s) for HCV molecules is found systematically smaller than for the
intrinsically straight DNA molecules. This strongly suggests that despite the statistical (and experimental) uncertainty, the
systematic underestimation of the persistence length observed for HCV relative to intrinsically straight DNA is an indication
of the the presence of an uncorrelated intrinsic curvature disorder in the former molecules [84,85].

The consistency of the AFM results reported in Fig. 35 and Table 4 brings into light a remark of practical importance.
Since the weak curvature structural disorder evidenced for the HCV molecules σo ≃ 0.02 at the bp scale is likely to be
typical of native DNA molecules, according to Eq. (14), the best situation to estimate σ 2

o as accurately as possible is when
the two terms 1/ℓeffp and 1/ℓdp are both as small as their difference, i.e.when ℓeffp andmainly ℓdp = 2A are as large as possible.
In other words, if we intend to characterize the intrinsic structural disorder induced by the DNA sequence and possibly to
evidence the presence of LRC, it is better to operate under deposition and AFM imaging conditions such that the considered
DNA molecule be as rigid as possible (ideally, for uncorrelated disorder, σ 2

o = 2/ℓeffp in the limit ℓdp = 2A → +∞). This
justifies our choice in the next sections to operate in air using the AFM imaging protocol with Buffer A1 (Table 4) [84,85].

4.2.3. Experimental check of 2D thermodynamic equilibrium conditions
A crucial issue in the present interpretation of experimental AFM studies in terms of the WLC model (Appendix C.1) and

its generalization to LRCDNA chains (Appendix C.2), is the control of the deposition process in order to avoid kinetic trapping
of the DNAmolecules on the surface before equilibrating in a given 2D conformation. As described in Section 4.2.1, we have
followed protocols used in previous studies [338,348,349,352,353] as attaining 2D thermodynamic equilibrium. This section
is devoted to some experimental check on our set of N = 193 imaged conformations of the L = 800 bp intrinsically straight
DNA fragment when imaged in air using Buffer A1 (Fig. 33) [85]. The results of the statistical analysis of DNA bend angle
fluctuations 1θ(s, ℓ) over different distances ℓ are reported in Fig. 37. In Fig. 37(a) and (b) are shown the pdfs Pℓ(1θ)
obtained for ℓ = 230 bp and 310 bp respectively. As a check of 2D thermodynamic equilibrium, we have computed the first
four moments of Pℓ(1θ)with the specific goal of testing the Gaussian nature of these pdfs (Appendix C, Eq. (C.3)). As shown
in Fig. 37(e) and (f), the data for ⟨1θℓ⟩ and ⟨1θ3ℓ ⟩ do not display any significant departure from zero as expected for the odd
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Fig. 37. Statistical analysis of DNA bend angle fluctuations for the N = 193 intrinsically straight DNA molecules of length L = 800 bp imaged in air with
Buffer A1. Histogram Pℓ(1θ) estimated for different scales ℓ: AFM experiment for ℓ = 230 bp (a) and 370 bp (b); DNA simulations with 2A = 490 bp and
for ℓ = 230 bp (c) and 370 bp (d). Moment analysis: (e) ⟨1θ⟩, (f) ⟨1θ3⟩, (g) ⟨1θ2⟩, (h) 2ℓ/⟨1θ2⟩ and (i) ⟨1θ4⟩/⟨1θ2⟩2 versus ℓ; the symbols (•) correspond
to AFM experiments and (◦, �) to two DNA simulations respectively. The horizontal solid lines in (e), (f), (h) and (i) correspond to ⟨1θℓ⟩ = 0, ⟨1θ3ℓ ⟩ = 0,
2ℓ/⟨1θ2ℓ ⟩ = 490 bp and ⟨1θ4ℓ ⟩/⟨1θ

2
ℓ ⟩

2
= 3 respectively. The solid line in (g) corresponds to the slope 2/2A with 2A = 490 bp.

Source: Reprinted from Ref. [85].



94 A. Arneodo et al. / Physics Reports 498 (2011) 45–188

moments of a Gaussian distribution. For the second moment, Eq. (C.3) predicts:

⟨1θ2ℓ ⟩ =
2ℓ
2A

=
2ℓ
ℓp
. (15)

The data for ⟨1θ2ℓ ⟩ in Fig. 37(g) exhibit a very convincing linear behavior when plotted versus ℓ. Accordingly, when plotting
2ℓ/⟨1θ2ℓ ⟩ vs. ℓ in Fig. 37(h), a well-defined plateau at the value 2A = 490±30 bp is observed, in remarkable agreementwith
the estimate of the bend rigidity previously obtained from persistence length measurements (see Table 4). The ratio of the
fourth moment to the square of the second moment, the so-called kurtosis of a Gaussian distribution satisfies the following
remarkable relationship:

⟨1θ4ℓ ⟩

⟨1θ2ℓ ⟩
2

= 3, ∀ℓ. (16)

As shown in Fig. 37(i), the ratio determined from the experimental AFM data is very close to the theoretical value 3. Overall,
the results reported in Fig. 37 bring the experimental demonstration that the bend angle fluctuations of the intrinsically
straight DNA fragment have Gaussian statistics for distances ℓ between two chain vectors ranging from 100 to 500 bp [85].
For shorter distances, the analysis is biased by the AFM resolution. For distances larger than 500 bp, the analysis starts
being affected by finite sampling effects. For the sake of comparison, we have reproduced this test of Gaussian statistics
for two independent sets of N = 193 numerically generated 2D equilibrium conformations of a L = 800 bp straight DNA
with a bend rigidity 2A = 490 bp (see Appendix D). As shown in Fig. 37, the results obtained for the real and simulated
molecules are quite comparable and consistent. In particular the slight differences observed in the first four moments’
behavior of Pℓ(1θ) between our two sets of simulated molecules are as important as the differences observed between
the real and the numerical molecules. This observation attests that there is no significant departure from Gaussian statistics
in the fluctuations of DNA bending angle imaged by AFM corroborating that 2D thermodynamic equilibrium is achieved by
our experimental deposition protocol [84,85].

4.2.4. Experimental demonstration of the existence of long-range correlations in human DNA molecules

Genomic human DNA: DNA fragments of total length 1000 . L . 3000 bp were purified from exponentially growing HeLa
cells using standard procedure as described in Section 4.2.1. Fig. 38(a) shows representative AFM images obtained using
Buffer A1 of 2D equilibrium conformations of these human genomic molecules when submitted to thermal fluctuations.
From a large set of images collected in different experiments, the DNA traces of N = 290 molecules were digitized with
a total length selection: 1700 . L . 2500 bp. Since each of these imaged DNA molecules most probably corresponds
to a different DNA sequence, the experimental estimate of the persistence length is likely to account for averaging over
both entropic and intrinsic structural disorders thus making the comparison with the predictions of our GWLC model (see
Appendix C.2) amenable [84,85]. Fig. 38(b) shows the experimental data for ℓD

p (s) and ℓ
S
p (s) obtained for our set of 290

human DNAmolecules.When using the theoretical predictions (Appendix C, Eqs. (C.21) and (C.22)) of the GWLCmodel to fit
these data, limiting the range of variation of H between 0.7 and 0.8 according to the LRC detected in the genomic sequences,
we get a very good agreement for the parameter values (2A = 487 bp, H = 0.73, σo = 0.0077) and (2A = 490 bp,
H = 0.73, σo = 0.0062) respectively. As a first observation, we recover a value of the elastic bend rigidity in remarkable
agreement with the reference value obtained for the intrinsically straight DNA fragment 2A = 490 ± 30 bp. As far as
the amplitude of the intrinsic curvature disorder σo ≃ 0.007 is concerned, it looks smaller than the one obtained for
the uncorrelated HCV molecule. However, as discussed in Section 2.6.4, the H = 0.73 LRC regime is observed for scales
&200 bp only, whereas for scales .200 bp there is a cross-over to a H = 0.6 LRC regime (Sections 2.6.2 and 2.6.3) [14–
16]. Thus, up to scale 200 bp, σℓ = σoℓ

0.6 rather than σℓ = σ ′
oℓ

0.73 which is only valid above 200 bp; by continuity
σ ′
o = σo2000.6/2000.73. Taking this property into account to estimate the intrinsic curvature disorder amplitude at the

bp scale, we get σo = 0.007 × 2000.73/2000.6
≃ 0.015, i.e a value similar to the one (σo = 0.022) found for the HCV DNA

(Table 4). This is, a posteriori, an important observation since the local curvature fluctuations observed between successive
base-pairs is expected to be of the same magnitude whatever the DNAmolecules under consideration. Let us point out that
for the parameter values (2A = 490 bp, H = 0.73, σ = 0.007), our GWLC model predicts a persistence length ℓp = 396 bp
that corresponds to a value of the 3D persistence length ℓ3Dp = ℓp/2 × 0.32 ≃ 63 nm that is significantly smaller than
the persistence lengths previously found for the intrinsically straight DNA (ℓ3Dp = 79 nm) and the uncorrelated HCV DNA
(ℓ3Dp = 70 nm) [84,85].
Individual human DNA molecules of different GC content: As reported in Fig. 38(b), the classical WLC model predictions
(Appendix C, Eqs. (C.6) and (C.9)) also provide an acceptable fit of the genomic human molecules when fixing 2Aeff

=

410 ± 10 bp, which corresponds, according to Eq. (C.15), to a larger value of σo = 0.028. Actually, a close inspection of
the behavior of ℓS

p (s) in the range of scales 600 . s . 1000 bp reveals that the WLC model indeed fails to account for the
observed pronounced ‘‘knee’’ behavior hastening the convergence of ℓS

p (s). As illustrated in Fig. C.2, this faster convergence
to a lower value of ℓp is likely to be the signature of the presence of LRC in the local DNA curvature fluctuations [80,346].
Unfortunately, for rather weak structural disorder with σo . 0.01, as observed for the human genomic DNA molecules,
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Fig. 38. (a) AFM images in tapping mode in air using Buffer A1 (Table 4) of the 1700 . L . 2500 bp LRC human genomic DNA. (b) Persistence length
measurements of ℓD

p (s) (•) and ℓ
S
p (s) (◦) when averaging over N = 290 molecules. The solid lines correspond to the predictions of the GWLC model

(see Appendix C.2, Eqs. (C.21) and (C.22) respectively) for 2A = 490 bp, H = 0.73 and σo = 0.007; the predictions of the WLC model for 2A = 410 bp
(Appendix C.1, Eqs. (C.6) and (C.9)) are shown in dashed lines for comparison.
Source: Adapted from Ref. [85].

Fig. 39. AFM images in tapping mode in air using Buffer A1 of human DNA fragments of different GC contents. (a) chr 21: L = 2200 bp, G + C = 31%; (b)
chr21: L = 2006 bp, G + C = 38%; (c) chr 21: L = 2206 bp, G + C = 43%; (d) chr 8: L = 2189 bp, G + C = 46%.
Source: Reprinted from Ref. [85].

this ‘‘knee’’ behavior in ℓp(s) is not sufficiently pronounced to allow us to definitely discard the WLC model. Thankfully the
human genome is well known to be compartimentalized into wide (∼105 bp) domains with uniform GC content, commonly
called isochores [127,146–152,160], with appreciable scatter of the average GC content when comparing different domains.
One of the main isochore characteristics is the fact that the variance of the GC fluctuations increases significantly with the
mean GC content. As noticed in a previous work [332], when using structural tri-nucleotide coding tables like the PNuc
table (Table 1), the variance of the generated bending profiles is mainly governed by the variance of the GC content. More
precisely, when comparing GC poor (∼30%) to GC rich (∼55%) isochores, the variance σ 2

o of bend angle fluctuations can be
multiplied by a factor of 2 or more. As described in Section 4.2.1, along this observation, we have selected four repeated-
sequence free DNA fragments of size L ≃ 2200 bp along the human genomewith GC content ranging from 31% to 46%. Three
of these sequences are from chromosome 21, with the last one from chromosome 8. Fig. 39 shows AFM images of typical
2D equilibrium conformations obtained in air with Buffer A1 for these four selected human DNA fragments. Fig. 40(a) and
(b) show the corresponding experimental data for ℓD

p (s) and ℓ
S
p (s) respectively, as obtained when averaging over statistical

samples of about N ≃ 100 molecules. Several observations must be underlined. First the ℓD
p (s) and ℓ

S
p (s) data for the

DNA fragment of lowest GC content (31%) are very similar to the ones previously obtained for the human genomic DNA
molecules in Fig. 38(b). According to our GWLC model [80] (with 2A = 490 bp, H = 0.73, σo = 0.007), we predict for
the low GC human DNA fragment the same persistence length ℓp = 396 bp, corresponding to a 3D persistence length
ℓ3Dp = ℓp/2 × 0.32 = 63 nm, suggesting that our experimental sample of N = 290 human genomic DNA molecules is
indeed typical of the rather low average GC content (∼41%) observed in the human genome. For the other DNA fragments
with higher GC contents, both ℓD

p (s) and ℓ
S
p (s) are found significantly lower than for the HCV (Fig. 35(b)) and the human
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genomic DNA (Fig. 38(b)). Indeed for each of these single DNA fragments, the observed behavior of ℓD
p (s) and ℓ

S
p (s) versus

s is no longer comparable to the predictions of the WLC model (Appendix C, Eqs. (C.6) and (C.9)). This is particularly patent
for the G + C = 46% human DNA fragment for which both ℓD

p (s) and ℓ
S
p (s) start decreasing beyond s ≃ 700–800 bp as

a possible indication of the presence of some large-scale cooperative intrinsic curvature. A simple visual inspection of the
AFM images of these human DNA fragments in Fig. 39, confirms this interpretation. Whereas molecules can still adopt bent
or straighter HCV-like configurations indicating that their flexibility is likely to be retained, some proportion of them display
some macroscopic curvature. But what is remarkable is that this proportion becomes very significant for the DNA fragment
of the highest GC content (Fig. 39(d)) [85]. To demonstrate that this persistence in curvature properties is not due to some
‘‘hyperperiodic’’ distribution of curved DNA fragments [356], but rather to the presence of LRC in the random distribution
of bend sites [137,191], we have performed DNA simulations of LRC chains with parameters 2A = 490 bp, H = 0.73
and σo ranging from 0.006 to 0.015 (see Appendix D). We have selected three frozen LRC chains that are illustrated at the
right edge of Fig. 40(d) as representative of increasing intrinsically macroscopically curved DNA chains. The ℓD

p (s) and ℓ
S
p (s)

numerical data obtained when averaging over N = 100 2D equilibrium conformations of these three frozen chains are
shown in Fig. 40(c) and (d) respectively. These numerical data display the same characteristics as experimentally observed
in Fig. 40(a) and (b) for the four human DNA fragments. Going from the less intrinsically curved synthetic DNA to the most
curved one, we recover the WLC-like behavior observed for the GC poor DNA as well as the decrease of ℓD

p (s) and ℓ
S
p (s)

observed at large s values (s & 800 bp) for the GC rich DNA fragments [84,85].
Now if we look at the DNA simulations of uncorrelated and LRC DNA chains in Fig. D.1(a) and (b) (Appendix D), we

recognize that the frozen LRC chains display some marked macroscopic curvature. Actually, from the Gaussian statistics of
intrinsic bend angle fluctuations (Appendix C, Eq. (C.12)), we can show that the characteristic size of a frozen LRC chain
making a half-loop is ℓ∗

= (π/σo)
1/H ; this yields for H = 0.73 the values ℓ∗

= 4295 and 895 bp for σo = 0.007 and 0.022
respectively. Since the internal end-to-end distance is expected to decrease when s reaches half the loop-size, this explains
that the decrease observed for s & 800 bp in ℓD

p (s) and ℓ
S
p (s) of GC rich DNA fragments is quite representative of the presence

of LRC between randomly distributed curvature sites. Actually, in order to get a similar decrease with an uncorrelated
(H = 1/2) frozen chain, we would need a quite unrealistic large value of σo =


π2/ℓ∗ ≃


π2/895 ≃ 0.105. With a

more realistic value of σo ≃ 0.02–0.03, the probability to get by chance an uncorrelated chain that displays a macroscopic
curvature similar to the one observed for the GC rich DNA fragments is less than 10−3, which again discards a possible
interpretation of the AFM data in Figs. 39 and 40 in terms of the WLC model. Finally, for σo = 0.010, 0.012 and 0.015,
our GWLC model [80] for 2A = 490 bp, H = 0.73 yields the following respective asymptotic estimates of the persistence
length of GC rich DNA fragments: ℓp = 339, 306 and 262 bp. These estimates of ℓp correspond to 3D persistence length
values ℓ3Dp = 54, 49 and 42 nm that are consistent with the 50 nm consensus values for native DNA obtained from previous
measurements by independent methods [313,327,334,335].

Persistence length of DNA molecules is indeed sensitive to many experimental parameters like temperature, pH, ionic
forces and excluded volume effects for long DNA fragments, that can explain significant discrepancies between ℓp values
estimated by different groups using various techniques including light scattering [357,358], ligase-catalyzed cyclization
[329,359–362], flow dichroism [363], transient electric birefringence [364,365] and transient electric dichroism [366].
However all these methods require simplifying theoretical models to interpret the data that may affect the results. Usually
DNA is assumed to be a classical intrinsically straight polymer and the local sequence-dependent variations in local
curvature and flexibility are neglected; this can significantly affect the efficiency of circularization in biochemical cyclization
experiments [329,359–362]. As aforementioned, electron microscopy [367] and atomic force microscopy [336–345,348–
352] are unique techniques that provide essential information to persistence length measurement, namely the contour
of the individual molecules and a population of such contours. However these direct visualization techniques require the
DNA molecules to be confined in 2D for imaging which can cause some changes in the preferred DNA conformations. As
emphasized by Bednar et al. [327], cryo-electron microscopy overcomes the drawback of classical electron microscopy
since there is no adsorption, no drying and no staining artifact, the molecules being suspended in a thin layer of cryo-
vitrified buffer. As far as AFM is concerned, two extreme cases of DNA molecule adsorption on supporting films can be
distinguished [338,348,349]: (i) strong kinetic trapping roughly corresponding to a projection of the 3D conformations and
(ii) weak adsorption so that the molecules have time to freely equilibrate on the surface before being trapped in a particular
2D equilibrium conformation. In this section, we have used AFM in tappingmode in air and in liquid to image DNAmolecules
under different ionic conditions [85]. We have defined an experimental protocol that ensures 2D thermal equilibrium
and enhances the rigidity of the DNA molecules making accurate measurement of the intrinsic curvature disorder (σo,
H) amenable. By assisting AFM imaging by DNA simulations (see Appendix D), we have reported the first experimental
demonstration of the existence of LRC in the intrinsic curvature fluctuations of humanDNA resulting in a significant lowering
of the persistence length [84,85]. This lowering does not correspond to some increased flexibility butmore likely results from
some large-scale intrinsic curvature due to a persistent distribution ofDNA curvature sites. This raises the issue of developing
methodologies capable of separating the local sequence induced curvature and flexibility along the DNA chain [345].

4.3. Atomic force microscopy imaging of nucleosome positioning by genomic excluding energy barriers

The structure and dynamics of nucleosomes have attracted increasing experimental and theoretical interest [6,7]. High
resolution X-ray analyses [8,10] have provided deep insight into the wrapping of about 147 bp of DNA in almost two super-
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Fig. 40. Persistence length measurement of ℓD
p and ℓS

p when averaging over N DNA traces. (a) ℓD
p (s) and (b) ℓS

p (s)measured from an AFM study in air with
Buffer A1 of human DNA fragments of G+ C content (◦) 31% (N = 99), (△) 38% (N = 80), (�) 43% (N = 87) and (♦) 46% (N = 134). (c) ℓD

p (s) and (d) ℓS
p (s)

computed from DNA simulations of N = 200 2D equilibrium conformations generated with an elastic bend rigidity 2A = 490 bp from the three frozen
LRC chains (•, �, �) illustrated at the right edge of (d) and selected as representative of increasingly macroscopically curved DNA chains generated with
H = 0.73 and σo = 0.01 (see Appendix D).
Source: Reprinted from Ref. [85].

helical turns around a histone octamer to form the nucleosome. These nucleosomes are disposed as beads-on-a-string along
the DNA to form the 10 nm chromatin fiber that is further organized into successive high-order structures spanning a wide
range of scales to reach a full extent of condensation in metaphase nucleosomes (Fig. 1). Actually, nucleosomes are highly
dynamical structures that can be moved along DNA by chromatin remodeling complexes at the expenses of ATP [201,233,
234,293–302,368–370] but that also move autonomously on short DNA fragments [353,371–376]. Different models have
been proposed to account for the nucleosome mobility [377–379] extending from the DNA reptation model [380] to the
twist defect diffusion model [381]. In that context, as reported in the previous sections, recent genome-wide nucleosome
mappings alongwith bioinformatics studies have shown that the DNA sequence plays amore important role in the collective
organization of nucleosomes in vivo than previously thought [81–83,179,210,216,217,219–222,240,243,246,263,286]. Yet,
in living cells, this organization also results from the action of various external factors like DNA binding proteins and
chromatin remodelers (Section 3.6). To decipher the code for intrinsic chromatin organization, there is thus a need for in vitro
experiments to bridge the gap between computational models of nucleosome sequence preferences and in vivo nucleosome
occupancy data [216,217]. In this section, we combine AFM in liquid and the theoretical physical modeling described in
Section 3.2 to confirm experimentally that a major sequence signaling in vivo are high energy barriers that locally inhibit
nucleosome formation rather than favorable positioning motifs [86]. Besides providing direct single molecule visualization
and precise quantification of intrinsic nucleosome positioning, our approach has several advantages since for a same DNA
template, very instructive and complementary information is made available: (i) by comparing the statistical positioning
distribution of a single mono-nucleosome (which is not accessible in vivo) to the theoretical nucleosome energy profile,
we are able to characterize the ability of the sequence to locally favor nucleosome formation and (ii) by comparing the
experimental nucleosome density profile obtained by increasing the input histone level during reconstitution to enhance
nucleosome loading, to the theoretical grand canonical nucleosome equilibrium density, we are in position to understand
and quantify to which extent the DNA sequence contributes to the collective organization of nucleosomes observed in vivo.

4.3.1. Reconstituting and imaging nucleosomes on native DNA
Early AFM imaging was applied to the characterization of chromatin structure at the nanoscale level [382–384]. But

except for a few studies of telomeric [385,386] and centromeric [387] nucleosomes, AFM has been used to image, mainly
in air, nucleosome assembly on specific positioning sequences (e.g. Xenopus 5S rDNA and 601 DNA sequences) and arrays
of concatenated repetitions of these sequences [388,389]. In this section, we report the results of AFM experiments [86]
performed in aqueous solution according to the protocol defined in Ref. [390]. Mono- and di-nucleosomes are reconstituted
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Fig. 41. AFM image treatment and analysis of amono-nucleosome reconstituted on the 595 bp long yeast (chr. 7) genomic DNA fragment [86]. (a)Molecule
path skeletization when DNA is loaded; LS corresponds to the length of the skeleton. (b) Sketch illustrating the entry and exit sites of the nucleosome core
particle (NCP), the dyad position , the lengths of the longest (L+ = LS − (lM + d/2)) and shortest (L− = lM − d/2) free DNA arms outside the nucleosome
and the length (Lc = L − (L+ + L−)) of complexed DNA. (c) Topographical profile along the molecule path in (a); the diameter d of the NCP is fixed to
d = 11 nm; the NCP is positioned at the position lM corresponding to the local height maximumM . (d,e) Illustration of the methodology used to orient the
human ILR2A fragment (L = 898 bp): the pattern of height variation along the skeleton of the fragment (red) is compared to the calculated pitch variation
(black) obtained when using the Bolshoy et al. DNA coding table [393]. (For interpretation of the references to color in this figure legend, the reader is
referred to the web version of this article.)

on genomic yeast and human DNA templates using standard salt dialysis procedure [391]. Selection of the properly folded
nucleosomes, determination of dyad position and resulting positioning map are then performed according to the procedure
detailed just below.
Preparation of DNA fragments: The DNA fragments were selected according to the energy landscape and nucleosome
occupancy profile obtained from the physical modeling of nucleosome positioning (see Section 3.2) [86]. The short
((A) 394 bp, (B) 386 bp and (C) 387 bp) DNA fragments were obtained by PCR amplification with Taq polymerase (Promega)
from yeast S. cerevisiae genomic DNA. Templates were amplified from sequences of yeast chromosome 3 at positions: (A)
249050–249443, (B) 61210–61595, (C) 214107–214493 (SGD assembly database, March 2010). The 595 bp long sequence
containing the gene YGR105W (698500–698950) located on yeast chromosome 7: 698436–699030, was amplified by PCR
from genomic DNA. The human ILR2A promoter sequence (898 bp) on chromosome 10: 4433–5331 (NCBI, March 2010, locus
n◦ NG007403.1), was amplified by PCR with Taq polymerase (Sigma) from human genomic DNA.
Protein purification and nucleosome reconstitution: Recombinant full-length histone proteins of Xenopus laevis were overex-
pressed in bacteria and purified as previously described in Ref. [392]. Nucleosome reconstitution was performed by the salt
dialysis procedure [391]. The reaction was stopped in TE buffer (10 mM Tris-HCl, pH 7.4, 1 mM EDTA) and 10 mM NaCl.
For all considered DNA templates, nucleosomes were reconstituted with histone/DNA ratio 1/0.8. The saturating loading of
yeast chromosome 7 DNA fragment was obtained with a histone/DNA ratio of 1.1/0.8.
Atomic force microscopy: AFM imaging was performed in solution using a Nanoscope IIIa microscope (Digital Instruments,
Santa Barbara, CA, USA) equippedwith a type-E scanner and in tappingmode, essentially as described in previouswork [390].
10 µl of a 1 nM reconstitution solution in imaging buffer (10 mM Tris-HCl, 1 mM NiCl2, pH 7.9) were deposited on freshly
cleaved mica and incubated for two minutes. A 100 µl drop of imaging buffer was added in the liquid cell prior to imaging.
For scanning directly in the adsorption buffer, commercial silicon nitride probes (type NP-S, Veeco Instruments) were used
at drive frequency of 8–9.5 kHz and a set point of 0.3–0.4 V at constant temperature. AFM images were recorded from
1 × 1 µm2 or 2 × 2 µm2 frames, at a scan rate of 2.18 Hz and a resolution of 512 × 512pixel2.
Image analysis: AFM image treatment and analysis were done using the ‘‘Scanning Adventure’’ software [351]. Briefly, line
by line second-order flattening was first applied, followed by thresholding and filtering. Zooms on individual mono- or
di-nucleosomes were performed and the molecule path was skeletonized; then topographical analysis and length mea-
surements were carried out as explained in Fig. 41 [86]. The results enabled a measurement of nucleosomal height and a
mapping of the nucleosome position along DNA fragments. The position x of each nucleosome was considered to be the
length corresponding to the midpoint of the DNA wrapping length named ‘‘dyad’’ (Fig. 41(b)). As shown in Fig. 42(a), the
distributions of mono-nucleosome height obtained for the three short yeast DNA templates (A), (B) and (C), all display two
discrete peaks centered at 1 and 2.9 nm. The largest peak value is slightly smaller than the expected height of 5.0 nm for
the nucleosome core particle (NCP), as previously estimated by AFM in liquid when using an APTES surface treatment [387].
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Fig. 42. (a) Height distribution of nucleosomal particles reconstituted on the three small yeast genomic DNA fragments: (A) red (L = 394 bp, N =136),
(B) green (L = 386 bp, N = 149) and (C) blue (L = 387 bp, N = 143); bin size = 0.25 nm; errors on the bin height were evaluated as the square root of
the number of counts. (b) Distribution of DNA complexed length Lc (Fig. 41(c)), for the nucleosomes reconstituted on the three small yeast DNA fragments:
(A) red (L = 394 bp, N = 107), (B) green (L = 386 bp, N = 102) and (C) blue (L = 387 bp, N = 105); bin size = 5 bp; errors on bin heights were
evaluated as the square root of the number of counts. (c) Distribution of the lengths ofN = 100 unloaded naked DNA during the experiment with the ILR2A
DNA fragment (L = 898 bp); the mean experimental length Lexp = 322.5 nm is indicated by the orange vertical line; the blue (resp. purple) vertical line
corresponds to the theoretical length Ltheo = 324 nm (resp. 306 nm) obtained when considering 0.36 nm (resp. 0.34 nm) as the average distance between
nearest neighbor bps in B-DNA [86]. (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)

The smallest peak value ∼1 nm corresponds to the height of sub-nucleosomal particles that do not contain the full histone
octamer but more likely the histone tetramer. In all our AFM nucleosome positioning studies, nucleosomes were identified
as peaks in the topographical profiles of height h ≥ 2 nm. The nucleosome diameter measured by AFM is usually larger
than the real diameter due to tip convolution, which means that the actual entry/exit sites of DNA in the nucleosome can-
not be unambiguously localized. For the sake of comparison with previous AFM studies [385,387], the entry/exit sites were
empirically determined by positioning the NCP at the positionM corresponding to the local height maximum and fixing its
diameter to the crystallographic value [8] d = 11 nm (Fig. 41(c)). In this way the length of free DNA outside the nucleosome,
namely L+ = LS − (ℓM + d/2) for the longest arm and L− = ℓM − d/2 for the shortest one, could be measured as well as
the corresponding length Lc of DNA that was complexed into nucleosome:

Lc = L − (L+ + L−), (17)

where L is the total length of the considered DNA fragment. The distributions of complexed DNA length obtained for the sets
of nucleosomes reconstituted on the three small yeast DNA fragments look quite similar (Fig. 42(b)). The mean complexed
length Lc is found∼150 bp in agreement with the expected core particle length of 147 bp. Let us point out that some peak at
Lc = 135 bp is observed for DNA fragment (A) where, as induced by the underlying sequence, a majority of nucleosomes are
found to be located at the edges of the fragment (see Fig. 44(a)). We have checked that those nucleosomes are the ones that
are effectively partially wrapped by DNA. Note that, consistent with previous AFM studies in liquid [351], the DNA length
was converted in bp by considering 0.36 nm as the average distance between the nearest neighbor bps in B-DNA (Fig. 42(c)).

From the measurement of L+, L− and Lc (Fig. 41), we position the dyad along the DNA fragment by adding Lc/2 to either
L+ or L−. But to compare the so-obtained experimental dyad position distribution to the nucleosome probability density
predicted by our physical modeling, we need to orient DNA.We have succeeded doing it for the 898 bp long ILR2A promoter
fragmentmaking use of the AFM topography profile (Fig. 41(d) and (e)). For all the other DNA fragments, for each AFM image,
we counted the fragment twice by positioning the dyad according to the two possible orientations, namely the 5′ end is on
the longest arm side or vice-versa (Figs. 44–46) [86].

4.3.2. Genomic energy barriers locally inhibit nucleosome formation
In a first experiment [86],wehave reconstituted a single nucleosomeon three short (394, 386 and 387 bp)DNA templates.

These three DNA fragments have been selected in the yeast chromosome 3 according to the nucleosome formation energy
profiles predicted by our physicalmodeling (Fig. 43). Two of these profiles display rather high energy barriers corresponding
to NFRs observed in vivo [205]; for the first fragment (A), there is a barrier positioned at the center (Fig. 43(a)) whereas two
energy barriers are bordering the second fragment (B) (Fig. 43(b)). As a reference, the third fragment (C) presents a flat energy
profile without any barrier susceptible to impair nucleosome formation (Fig. 43(c)). As illustrated on a few characteristic
singlemolecule AFM images (Fig. 44(a)), the nucleosome ismostly observed at the edges of DNA fragment (A). The statistical
analysis of the (symmetrized) dyad positioning distribution obtained from N = 107 molecules (Fig. 44(d)) confirms an
enrichment at both extremities whereas some lack of positioning events is noticeable at the center where the sequence-
induced energy barrier is located (Fig. 43(a)). This experimental distribution is in good agreement (up to free end effects)
with the theoretical mono-nucleosome occupancy probability profile predicted by our physical modeling. This is a strong
indication of the underlying control of the DNA sequence on nucleosome formation. This observation is corroborated by the
mono-nucleosome positioning observed (N = 102) on DNA fragment (B) (Fig. 44(b)), where no nucleosome bound to the
fragment ends because of the presence of inhibitory energy barriers (Fig. 43(b)). Indeed the nucleosome density is mainly
concentrated in the central region as predicted by our physicalmodelingwhich explains the remarkable agreement observed
between the experimental and theoretical symmetrized nucleosome occupancy probability profiles (Fig. 44(e)). Consistent
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Fig. 43. Theoretical nucleosome formation energy landscapes (color) and nucleosome occupancy probability profiles (black) predicted by our physical
modeling, for the three small yeast DNA fragments (Section 3.2): (a) 394 bp fragment (A); (b) 386 bp fragment (B); (c) 387 bp fragment (C). For each
fragment, the chemical potential µ was adjusted so that the average number of nucleosomes is one.
Source: Adapted from Ref. [86].

with its featureless theoretical energy landscape (Fig. 43(c)), the experimental nucleosome occupancy profile (N = 105)
obtained for DNA fragment (C) (Fig. 44(f)) turns out to be rather flat as the signature of a statistical homogeneous dyad
positioning distribution (Fig. 44(c)). This result confirms that the observed nucleosome positioning at the edges of fragment
(A) (Fig. 44(a) and (d)) is not due to some possible entropic advantage [394], but more likely results from the exclusion from
the energetically unfavorable central region [81,82,210,222,240] (Section 3.3). Similarly, the remarkable positioning of the
nucleosome in the central region of DNA fragment (B) results from the excluding role of the bordering energy barriers and
not from some positioning signal as observed in a test AFM experimentwith a 255 bp DNA fragment containing the 601 DNA
sequence (Fig. 45) which was recently shown to prevent the nucleosome from sliding [353]. This first series of experiments
demonstrate the excluding role of high energy barriers that are encoded in the sequence and that preclude nucleosome
formation [86].

4.3.3. Genomic energy barriers condition the collective assembly of neighboring nucleosomes consistently with equilibrium
statistical ordering principles

In a second series of experiments (Fig. 46), we have reconstituted nucleosomes on a slightly longer (L = 595 bp)
DNA fragment in yeast chromosome 7 that contains the gene YGR105W coding for a vacuolar membrane protein [86]. As
discussed in Sections 3.4 and 3.5, this fragment is quite representative of the in vivo highly organized nucleosomal chromatin
observed in a majority of yeast genes that are constitutively expressed (Fig. 21) [82,83,205,210,213,243,246]. Two rather
well positioned nucleosomes (Fig. 46(g)) are bordered by two NFRs, one just upstream the TSS facilitating the permanent
access of activator/repressor (Section 3.3.3) [82,83,201,205,210,213,221,222,240,243,246], and another one at the gene 3′

end possibly involved in transcription termination, anti-sense initiation and recycling of RNA polymerase to the promoter
by DNA looping [210] (see Section 3.3). As shown in Fig. 46(g), these two gene bordering NFRs actually correspond to high
energy barriers that are encoded in theDNA sequence.When adjusting the chemical potential µ̃ tomimic in vivonucleosome
density, our grand canonical physical model (Section 3.2) predicts a nucleosome occupancy profile with two confined intra-
genic nucleosomes in very good agreement with the in vivo data.

AFM imaging of mono-nucleosomes reconstituted on this 597 bp DNA fragment (Fig. 46(b)) shows a lack of positioning
at the two extremities, consistent with the presence of two inhibitory energy barriers. Indeed, the statistical (symmetrized)
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Fig. 44. AFM imaging in liquid ofmono-nucleosome positioning along the three small yeast (chr. 3) genomic DNA fragments: (a, d), yeast DNA fragment (A)
with L = 394 bp, N = 107 molecules; (b, e), yeast DNA fragment (B) with L = 386 bp, N = 102; (c,f), yeast DNA fragment (C) with L = 387 bp, N = 105.
Panels (a)–(c) give examples of four single molecule AFM images for each of these DNA templates respectively. (d), (e) and (f) show the corresponding
symmetrized dyad positioning distributions; a color bar was positioned at each experimentally detected dyad location and at its symmetrical position
with respect to the center of the fragment; the cross-hatching at the edges corresponds to unphysical dyad positioning. The experimental nucleosome
occupancy probability profile (color curve), obtained as a moving average of the symmetrized dyad density over a window of length 43.2 nm, is compared
to the theoretical nucleosome occupancy probability profiles (Fig. 43) after symmetrization (black curve). In the physicalmodeling, the boundary conditions
were such that no nucleosome could settle on the sequence if not adsorbed on its total length (147 bp); the chemical potential µ̃was adjusted so that the
average number of nucleosomes is one.
Source: Adapted from Ref. [86].

Fig. 45. AFM imaging in liquid of mono-nucleosome positioning along a 255 bp DNA fragment containing the 601 nucleosome positioning sequence [86].
(a) Examples of single molecule AFM images. (b) Symmetrized dyad positioning distribution (N = 105 molecules); similar representation as in Fig. 44.
Note that the physical modeling predicts some nucleosome positioning on the 52 and 56 bp DNA fragments bordering the 601 positioning sequence that
is not observed with our AFM statistical sampling.
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Fig. 46. AFM imaging in liquid of (a, b), mono-nucleosomes and (a, c), di-nucleosomes along the yeast (chr. 7) DNA fragment (L = 595 bp) containing
the gene YGR105W. (d) Statistical analysis of mono-nucleosome positioning (N = 113 molecules); red bars correspond to experimentally detected dyad
locations and to their symmetrical position with respect to the center of the fragment. The experimental nucleosome occupancy profile (red curve) is
compared to the theoretical predictions of our physical modeling after symmetrization (black curve). (e) Statistical analysis of di-nucleosome positioning
(N = 62); for each image, blue bars were drawn at both the 2 dyad positions and their symmetric locations with respect to the center of the fragment. The
experimental nucleosome occupancy probability profile (blue curve) is compared to the symmetrized theoretical profile (black curve). (f) Histogram of
inter-nucleosomal distances between di-nucleosomes; the continuous black line corresponds to the distribution predicted by the pair-function (Eq. (18)).
(g) Oriented nucleosome occupancy probability distribution observed in vivo [205] (black dots) and predicted by the physical modeling (black curve); in
red is shown the location of the YGR105W gene with the TTS (arrow) and the TTS (cross). Theoretical nucleosome formation energy landscape (green
curve) and oriented nucleosome occupancy probability profile observed in vitro [216] (circles). Theoretical mono (d) and di-(e, f, g) nucleosome occupancy
profiles were computed by adjusting the chemical potential µ̃ in our physical modeling so that the average number of loaded nucleosomes is one and two
respectively. (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [86].

dyad positioning distribution obtained for N = 113 molecules (Fig. 46(d)) is similar to the one previously observed for the
short yeast DNA fragment (B) (Fig. 44(e)). The mono-nucleosome density is mainly concentrated in the central genic region,
whereas the 5′ promoter and 3′ downstream regions appear to be significantly depleted in nucleosome. The experimental
nucleosome occupancy probability profile (Fig. 46(d)) is rather flat in the gene, as predicted by our physical modeling. This
attests to a homogeneous statistical dyad positioning inside the gene without any preferential location induced by the
presence of an underlying sequence strongly favorable to nucleosome formation [86]. This conclusion is corroborated by
the nucleosome occupancy distribution observed in vitro at low nucleosome density in a genome wide experiment [216]
(Fig. 46(g)).
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The statistical analysis of N = 62 di-nucleosomes reconstituted on the same L = 595 bp yeast DNA fragment (Fig. 46(c)),
clearly reveals a bimodal (symmetrized) nucleosome occupancy probability profile with two privileged intragenic dyad
locations, as expected from the physical modeling when fixing the chemical potential so that the average number of
loaded nucleosomes is two (Fig. 46(e)). Since the physical modeling reproduces the oriented in vivo nucleosome occupancy
profile (Fig. 46(g)), our AFM imaging of in vitro nucleosome positioning is remarkably consistent with the one observed
in vivo. Importantly, the two privileged locations of maximal nucleosome occupancy observed in vivo (Fig. 46(g)), did
not emerge in the in vitro AFM mono-nucleosome occupancy distribution (Fig. 46(d)) as well as in the genome wide in
vitro data (Fig. 46(g)). This strongly suggests that the in vivo nucleosome positioning was not driven by the presence of
some highly positioning DNA sequences as in Fig. 45, but more likely corresponds to a global equilibrium ordering of
two non-overlapping objects confined between fixed excluding energy barriers at both gene extremities [82,83,226]. This
nucleosome confinement scenario is confirmed by the inter-nucleosomal distance distribution obtained from AFM imaging
of di-nucleosome positioning in Fig. 46(f). According to our grand canonical physical modeling (Section 3.2), the theoretical
probability of linker size xℓ can be computed from the pair function associated with the underlying energy E(s) [86]:

P(x = l + xl) =
1
Γ

∫ L−1

0
eβ(µ−E(s))eβ(µ−E(s+x))ds, (18)

where Γ is a normalizing constant. In good agreement with the theoretical prediction, the experimental distribution
(Fig. 46(f)) presents a main peak at small linker length (.10 nm), corresponding to one or two helical pitches (extreme left
and extreme right configurations in Fig. 46(c)), and a lower secondary peak at larger linker length (∼25 nm) corresponding
to less probable configurations. The organizational role of inhibitory energy barriers is a second important result coming
out from our in vitro AFM imaging of nucleosome assembly on genomic DNA templates [86]. Along the line of our thermo-
dynamical modeling in Section 3 [81], statistical nucleosome ordering is nucleated from these stable ‘‘genomic boundaries’’
(see Fig. 19), likely imprinted in the DNA sequence during evolution.

4.3.4. Genomic energy barriers direct the intrinsic nucleosome occupancy of regulatory sites
Finally, we have investigated nucleosome assembly on a DNA fragment long enough to allow orientation using DNA to-

pography profile as illustrated in Fig. 41(e), without the need for end labeling (e.g.with a biotin–avidin or biotin-streptavidin
complex and/or by the use of gold nanoparticles) susceptible to affect DNA structure and nucleosome positioning. We have
selected a L = 898 bp DNA fragment in the human genome that contains the promoter of the gene ILR2A that plays a major
role in the control of the immune system response [86]. This fragment includes different functional elements: (i) the TSS, (ii)
the core promoter with the TATA box, (iii) two Positive Regulatory Regions, PRRI and PRRII lying at positions −289/−216
and −137/−64 (in bp units) upstream of the major TSS respectively (Fig. 47(b)). These regulatory elements are important
for regulating inducible transcription of the ILR2A gene [395]. Previous in vivo study in unstimulated T-cells [396] revealed
that prior to transcription, an inhibitory nucleosome was positioned on the TATA box and TSS regions, therefore preventing
pre-initiation complex (PIC) formation on the TATA box. In addition, this critically positioned nucleosome may also take
part in the prevention of uncontrolled DNA melting in the TSS region [397]. This makes this promoter a suitable model to
investigate the actual role of the DNA sequence in this peculiar repressive chromatin environment.

From the analysis of N = 100 oriented DNA molecules loaded by a mono-nucleosome (Fig. 47(a)), we confirm [86] the
repressive nucleosome positioning on the TATA box and TSS as observed in vivo [396]. As shown in Fig. 47(b), we also reveal
a favorable positioning region ∼350 bp upstream of the TSS that covers the regulatory sequence PRRI. More importantly,
the observed in vitro nucleosome occupancy probability profile is in remarkable agreement with the theoretical profile
obtained from our physical modeling [86]. There exists an energy barrier ∼150 bp upstream of the TSS that is coded in the
sequence and that extends over the PRRII regulatory region thus explaining the lack of nucleosome positioning recorded
from −200 bp to −100 bp (Fig. 47(b)). This stable genomic excluding barrier further conditions, by classical ordering
phenomenon close to a wall [226], the observed repressive nucleosome positionings (i) at its right foot on the TATA box
and TSS and (ii) at its left foot encompassing the PRRI region (Fig. 47(b)). These results demonstrate the fundamental role of
the DNA sequence in conditioning a peculiar local nucleosome chromatin structure that constitutively contributes to gene
repression. Furthermore by inhibiting nucleosome formation in the PRRII region, the sequence may favor DNA accessibility
to HMGA proteins that are known to induce a negative torsional stress and, by accumulation, a negative supercoil that may
help nucleosome remodeling and/or eventually nucleosome ejection [397,398]. Altogether these experimental observations
enlighten the importance of this sequence-induced local nucleosomal organization for regulating inducible transcription of
the ILR2A gene [86].

In conclusion, in this experimental section devoted to AFM imaging in liquid of nucleosome assembly on genomic DNA
fragments, we have provided in vitro confirmation [86] of the main predictions of our grand canonical physical modeling
developed in Section 3 [81–83]. In particular, we have demonstrated that sequences coding for high energy barriers impair
nucleosome formation and condition the collective assembly of neighboring nucleosomes consistently with equilibrium
statistical ordering principles. By directing the positioning of these energy barriers relative to the TSS, the sequence
contributes to the specification of the activatory or inhibitory role of the local chromatin environment. These studies are a
step forward imaging nucleosome assembly in various functional regions (promoters, replication origins, . . . ). In particular,
comparing in vivo nucleosome positioning data to intrinsic sequence-induced positioning will provide direct measurement



104 A. Arneodo et al. / Physics Reports 498 (2011) 45–188

Fig. 47. AFM imaging in liquid of mono-nucleosome positioning along the human ILR2A promoter DNA fragment (L = 898 bp). (a) Examples of molecules
that were oriented using the DNA topography profile methodology (see Fig. 41(e)). (b) Statistical analysis (N = 100 molecules) of dyad positioning (red
bars) relative to the locations of the two regulatory regions PRRI and PRRII, the TATA box and the TSS. The experimental nucleosome occupancy probability
profile (red curve) is compared to the theoretical prediction of our physical modeling (black curve) when adjusting the chemical potential µ so that the
average number of loaded nucleosomes is 1 (Section 3.2). The green curve corresponds to the theoretical nucleosome formation energy landscape. (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [86].

of the action of external factors (DNA binding proteins, remodelers, . . . ) on chromatin architecture (see Section 3.6). The
strategy developedhere can also be generalized to real-timedynamical studies of nucleosomeunwrapping and repositioning
on genomic sequences, thanks to the recent development of high-speed AFM performing time-lapsed imaging at speeds
much faster than those of traditional AFM techniques [353].

5. Low-frequency rhythms in human DNA sequences: from the detection of replication origins to the modeling of
replication in higher eukaryotes

5.1. Evidencing low-frequency rhythms in the GC content and compositional strand asymmetries

5.1.1. GC content
The recent sequencing of the human genome [150] has opened the door to the statistical analysis of genomic sequence

complexity at a chromosomal scale. One of the most striking features of eukaryotic chromosomes is their large-scale varia-
tions in base composition. In particular, an extraordinary large heterogeneity of the GC content is observed in mammalian
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Fig. 48. Space-scale representation of the GC content of a 10Mbp long fragment of human chromosome 22when using a Gaussian smoothing filter g(0)(x)
(Appendix A, Eq. (A.3)). (a) GC content fluctuations computed in adjacent 1 kbp intervals. (b) Color coding of the convolution product Tg(0)[GC](n, a) =

(GC ∗ g(0)(·/a))(n) using 256 colors from black (0) to red (max); superimposed are shown the smoothed GC profiles obtained at scales a∗

1 = 40 kbp and
a∗

2 = 160 kbp. On the right-hand side is shown vertically the scale (frequency−1) spectrumΛ(a) (Appendix A, Eq. (A.6)) computedwith the complexMorlet
wavelet (Appendix A, Eq. (A.5)) over the entire chromosome 22. The horizontal dashed lines in the color picture correspond to the two main characteristic
oscillation lengths l1 = 100 and l2 = 400 kbp. (For interpretation of the references to color in this figure legend, the reader is referred to the web version
of this article.)
Source: Reprinted from Ref. [87].

genomes; this has led Bernardi [146,148] to propose a description of these genomes in terms of a mosaic organization of
domains of relatively constant GC levels, originally called isochores. The isochoremodel is a topic of controversial discussions
[127,146–152,399–404]. Nevertheless there is definite evidence that the compositional heterogeneity in a DNA sequence
correlates with its GC content [400] which is unanimously recognized as a fundamental property of the chromosomal DNA
and is likely to be one of the possible key to the understanding of the organization of eukaryotic genomes [146,148,149,
400]. Indeed the GC content has a taxonomy value [405]; it determines the amino acid composition of the encoded proteins
and is also related to codon usage in genes [406]. Moreover there is conspicuous evidence [149,160,400] that GC-rich and
GC-poor regions respectively match the cytogenic R and G bands and correlate well with early and late replicating domains
in the cell cycle. GC-rich regions correspond to regions of very high density of genes including the housekeeping genes and
associated CpG islands and also of short inter-dispersed repetitive DNA elements (SINES, Alu) [150]. In contrast, GC-poor
regions are definitively poor in genes, predominantly tissue-specific genes containing rather long introns, but are relatively
rich in long inter-disperse repetitive DNA elements (LINES) [150] that are significantly more abundant in these regions. The
GC content has also some impact on the structure of chromatin. For example, it has been suggested [18] that the proteic
chromosomal scaffold that serves as a structural skeleton for the organization of chromatin loops is much less tightly folded
(to the benefit of replication and transcription processes) in GC-rich than in GC-poor regions.

In Fig. 48 are reported the results [87,407] of a space-scale decomposition of the GC content fluctuations of a 10 Mbp
long fragment of human chromosome 22, when using the Gaussian g(0)(x) (Appendix A, Eq. (A.3)) as smoothing filter.
This decomposition reveals that for distances larger than ∼20–30 kbp, the GC content can no longer be considered as
fluctuating homogeneously (at smaller scales the fluctuations cannot be distinguished from a monofractal long-range
correlated noise [407]); it instead displays rather regular nonlinear oscillatory behavior. The corresponding scale spectrum
Λ(a) (Appendix A, Eq. (A.6)) shown vertically in Fig. 48(b), reveals the existence of two main broad peaks corresponding
to the scales l1 = 100 ± 20 kbp and l2 = 400 ± 50 kbp respectively, that emerge from a continuous background.
The former is the characteristic length of the basic oscillations obtained with the low-pass filtering scale a∗

1 = 40 kbp,
although one may observe from time to time oscillations that have a larger length (∼2l1 = 200 kbp). If we use a larger
filtering scale a∗

2 = 160 kbp, in order to smooth both the ‘‘small scales’’ (high frequencies) colored noise component and
the basic oscillations of scale l1, we get some oscillatory profile with a fundamental length l2 = 400 kbp as illustrated
in Fig. 49(a). Let us point out that the investigation of large GC-rich fragments in various human chromosomes reveals
similar periodicities [87], namely l1 = 120 ± 30 kbp, l2 = 410 ± 60 kbp for chromosome 11 (24 Mbp, NT_033899.3),
l1 = 130±30 kbp, l2 = 420±60 kbp for chromosome 14 (68Mbp, NT_02637.9), and l1 = 110±20 kbp, l2 = 390±50 kbp
for chromosome 21 (29 Mbp, NT_011512.7).
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Fig. 49. Compositional oscillations observed in the human chromosome 22 fragment (23 Mbp, NT_011520.8) after low-pass filtering at scale a∗

2 =

160 kbp (see Fig. 48). (a) GC content. (b) Total skew S = STA + SGC (Eq. (20)). The red (blue) portions of the profiles correspond to the location of Watson
(Crick) genes that have the same (opposite) orientation than the sequence. The location of the immunoglobulin locus is shown in pink. (For interpretation
of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [87].

A possible interpretation of these low-frequency rhythms observed in the GC content is of structural nature and is
related to recent experimental and numerical observations of the high-order hierarchical folding of chromatin into fibers
and loops of different sizes (Fig. 1). 100 kbp is typically the size of DNA loops that are observed by electron microscopy
[17,408,409] to be held together by a longitudinal network of scaffolding proteins in histone-depleted chromosomes,
favoring a radial loop/scaffold model [18,410,411] of metaphase chromosome structure. 100 kbp is also very close to the
chromosome loop size (∼80 kbp) estimated from physical measurements of the dynamics of force relaxation in single
mitotic chromosomes [412]. Furthermore, 400 kbp is likely to be the size of larger chromatin loops made of a few basic
loops that have some coherent dynamical behavior during the cell cycle possibly governed by themechanisms that underlie
replication and transcription processes [413–417]. As an alternative to the loop/scaffold [18,410,411] and multi-loop
subcompartment [24,418] models, 100 and 400 kbp might well be characteristic scales involved into the successive levels
of helical coiling of chromatin into fibers or tubes of diameters ranging from 30 to 700 nm observed during interphase using
either electron or light microscopy [19,20,419–424].

5.1.2. Strand asymmetries
An alternative interpretation of the rhythms observed in theGC content is of functional nature and is a direct consequence

of the observation that 100 and 400 kbp correlate well with the replicon sizes observed in warm-blooded vertebrate
organisms [425–427]. Early experimental investigations [428,429] of replicon size by fiber auto-radiography or fluorography
have led to the classical view that mammalian replicons are heterogeneous in size but that most fall into the range of
30–450 kbp with the most frequent sizes in the range 75–150 kbp. Furthermore there is experimental evidence [425,427,
428] that replicons are likely to be in groups, the so-called replicon foci, with all the replicons in each group firing at similar
time in the S-phase. Results obtained with modern replicon-mapping methods clearly show the existence of much larger
replicons (the largest ones being as large as a few Mbp) than previously thought, requiring most or all the S-phase to be
completed [427,430,431]. In particular, the average size of a mammalian replicon has been reconsidered to be more likely
∼500 kbp [430,431].

According to the second parity rule [432,433], under no strand-bias conditions, each genomic DNA strand should present
equimolarities [434,435] of A and T and of G and C. Because transcription (Fig. 50) and replication (Fig. 51) both require the
opening of the DNA double helix, there are likely to induce some departure from intrastrand equimolarities resulting from
asymmetry in mutational and repair events on the two strands. As indicators of DNA strand-asymmetry, we will mainly use
in the following, the TA and GC skews computed in non-overlapping 1 kbp windows:

STA =
nT − nA

nT + nA
, SGC =

nG − nC

nG + nC
, (19)

where nA, nC, nG and nT are respectively the numbers of A, C, G and T in the windows. Because of the observed correlation
between the TA and GC skews (see Section 5.2), we will also consider the total skew S:

S = STA + SGC. (20)
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Fig. 50. Schematic representation of transcription elongation [4]. During the transcription elongation, i.e. the progression of the RNA polymerase protein
complex, this enzyme catalyses the unwinding of the DNA double helix on a little more than one turn of the helix (one turn corresponds to 10-11 base
pairs). The template DNA strand is exposed to the synthesis of a complementary RNA chain, in the 5′ to 3′ direction. This nascent RNA is first hybridized to
the template DNA and further separated from its template, while the two DNA strands reform the double helix during the progression of the ‘‘transcription
bubble’’.
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Fig. 51. Schematic representation of replication initiation [4]. Replication initiates at local regions on the genome called replication origins (there is a
unique origin in eubacterial genomes and many origins in eukaryotic genomes). At each replication origin position, the two strands of the parental DNA
double helix are separated from each other to serve as templates for the synthesis of the two daughter DNA strands. On each extremity of the resulting
‘‘replication bubble’’, two replication forks are formed: onemoves rightwardwith the leading (bottom) and lagging (top) strands; the othermoves leftward
with the leading (top) and lagging (bottom) strands. All strands are synthesized in the 5′ to 3′ direction. It results that the DNA synthesized on the leading
strand is made continuously while the lagging strand is made discontinuously, i.e. as successive short sized fragments called Okazaki fragments.

From the skews STA(n), SGC(n) and S(n), obtained along the sequences, where n is the position (in kbp units) from the origin,
we will also compute the cumulative skew profiles:

ΣTA(n) =

n−
j=1

STA(j), ΣGC(n) =

n−
j=1

SGC(j), (21)

and

Σ(n) =

n−
j=1

S(j). (22)
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Fig. 52. Scale spectrum Λ(a) (Appendix A, Eq. (A.6)) vs. a of the total skew S (Eq. (20)) computed over the entire chromosome 22 of the human
genome [440].

Deviations from intrastrand equimolarities have been extensively studied in prokaryote, organelle and viral genomes for
which they have been used to detect the origins of replication [436–439]. During replication, mutational events can affect
the leading and lagging strands (see Section 5.2) differently and one strand can be more efficiently repaired than the other
one, leading to strand compositional asymmetry. In eukaryotes, the existence of compositional biases has been debated
and most attempts to detect the replication origins from strand compositional asymmetry have been inconclusive. When
performing a space-scale analysis of both the STA and SGC skews of human chromosome 22, using the smoothing Gaussian
filter g0(x) (Appendix A, Eq. (A.3)), we get oscillatory profiles similar to those obtained for the GC content, with still twomain
characteristic lengths l1 = 140±20 kbp and l2 = 400±40 kbp as shown in Fig. 52, where the corresponding scale spectrum
of the total skew S (Eq. (20)) displays twomain bumps, the latter at 400 kbpbeing themost pronounced. In Fig. 49(b) is shown
the oscillatory skew profile obtained for the smoothing scale a∗

2 = 160 kbp. This profile displays rather regular oscillation
trends of basic length ∼400 kbp. Quite remarkably this oscillatory skew profile provides a guide for the organization of the
spatial location and orientation of the (largest) genes [87,407]: (+) genes with the same orientation as the sequence are
located around the positive maxima of the oscillations (among transcribed sequences, this corresponds to 79.6 ± 1.9% (ch.
22), 84.0± 2.6% (ch. 11), 89.2± 1.2% (ch. 14) and 88.1± 2.4% (ch. 21) of 1 kbp fragments that have the same orientation as
the Watson strand), while (−) genes are quite symmetrically located around the minima (mainly negative). This might be
some indication of the existence of a transcription mutation bias. However, since these skew oscillations are also observed
in large intergenic regions, but with smaller amplitude (data not shown), they may also arise from replication mutation
biases. Indeed, as we will elaborate on in the next sections, these oscillations of rather marked relaxational character are
likely to reflect some correlation between gene organization into clusters with preferential gene orientation and replication.
For more details on the existence of low frequency rhythms in DNA sequences, we refer the reader to the PhD manuscripts
of Brodie of Brodie [440] and Nicolay [441], where the analysis of the 22 human autosomes has confirmed the existence of
rhythms in the S skew profile but with a wide range of characteristic sizes from ∼100 kbp to several Mbp.

5.2. Transcription-coupled strand asymmetries in the human genome

During genome evolution, mutations do not occur at random as illustrated by the diversity of the nucleotide substitution
rate values [442–445]. This non-randomness is considered as a by-product of the various DNAmutation and repair processes
that can affect each of the two DNA strands differently. Deviations from intrastrand equimolarities, the so-called Chargaff’s
second parity rule [432,433], have been extensively studied and the observed skews have been attributed to asymmetries
intrinsic to the replication (Fig. 51) or to the transcription (Fig. 50) processes. Asymmetries of substitution rates coupled
to transcription have been mainly observed in prokaryotes [446–448], with only preliminary results in eukaryotes. In the
human genome, excess of T was observed in a set of gene introns [449] and some large-scale asymmetry was observed
in human sequences but they were attributed to replication [450]. A comparative analysis of mammalian sequences
demonstrated a transcription-coupled excess of G+T over A+C in the coding strand [451]. In contrast to the substitution
biases observed in bacteria presenting an excess of C → T transitions, these asymmetries are characterized by an excess of
purine (A → G) transitions relatively to pyrimidine (T → C) transitions. These might be a by-product of the transcription-
coupled repair mechanism acting on uncorrected substitution errors during replication [452]. In this section, we report the
results of a genome-scale analysis of human genes that definitely establish the existence of transcription-coupled nucleotide
biases [453–455].

5.2.1. Strand asymmetries in human gene sequences
We have started examining nucleotide compositional strand asymmetries in transcribed regions of human sequences

[453]. We have computed the STA and SGC skews (Eq. (19)) for intron sequences since, in contrast to exonic sequences, they
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a b

Fig. 53. Probability density functions of the skews STA (•) and SGC ( ) values computed from the intronic sequences of the 14854 intron-containing genes
after removing repeated sequences. (a) (+) genes; (b) (−) genes.
Source: Adapted from Ref. [440].

Fig. 54. (a) STA and SGC skews (in % units) in human introns: each point corresponds to one of the 14854 intron-containing genes; repeated elements are
removed from the analysis; red points correspond to (+) genes (7508) with the same orientation as the Watson strand; blue points correspond to (−)
genes (7346) with opposite orientation; black crosses represent the standard deviations of the distributions. (b) Correlation between STA and SGC skews
determined on the coding strand from intronic regions without repeats: each point corresponds to a gene for which the total length of intronic regions is
l > 25 kbp (7797 genes); Pearson’s correlation coefficient r = 0.61 (the slope of the regression line is 0.58). (For interpretation of the references to color
in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [453].

can be considered as weakly selected sequences. Human intron sequences were downloaded from RefGene (April 2003)
at UCSC. When several genes presented identical exonic sequences, only the longest one was retained; repeated elements
were removedwith RepeatMasker [456]. The introns of each gene were taken as a single sequence; introns without repeats
were also taken as a single sequence; to avoid the skew associated with splicing signals, 560 bp were removed at both in-
tron extremities.When the resulting intron sequenceswere shorter than 1120 bp, theywere not considered for the analysis,
leading to 14854 intron-containing genes. The distributions of the TA and the GC skews, computed on this set of intron-
containing genes, present positivemean values for (+) genes (7508), namely S̄TA = 4.72%±0.07% and S̄GC = 2.97%±0.07%,
and nearly opposed values for (−) genes (7346), namely S̄TA = −4.56%±0.07% and S̄GC = −3.05%±0.07%.When removing
the repeated sequences from the analysis, the TA and GC biases are not strongly altered. The corresponding pdfs of STA and
SGC are shown in Fig. 53 in a semi-logarithmic representation. For both (+) (Fig. 53(a)) and (−) (Fig. 53(b)) genes, we observe
the presence, for both skews, of large tails that clearly indicates some departure from a parabolic profile, the signature of
Gaussian statistics. When examined on the coding strand, the mean value for all intron sequences without repeats present
significant excess of T over A, namely STA = 4.49% ± 0.01%, and excess of G over C, namely SGC = 3.29% ± 0.01% (after
appropriately removing intron extremities).

A question of interest is the possible existence of correlations between STA and SGC skews in intronic sequences without
repeats. When all genes are considered, only a small correlation is observed (Pearson’s correlation coefficient r = 0.09).
However, the values of the skews from small genes turn out to be highly noisy. When we exclude these small genes, STA
and SGC present a larger correlation, e.g. r = 0.45 for genes with total intron length l > 10 kbp and r = 0.61 for genes
with l > 25 kbp, as illustrated in Fig. 54(b). Let us point out that STA and SGC present weak correlation with the intronic GC
content as well as with the sequence length and this even if only the large genes are considered [453].
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Fig. 55. (a) Skew profile S(n) (Eq. (20)) of a repeat-masked fragment of human chromosome 6; red (resp. blue) 1 kbp window points correspond to (+)
genes (resp. (−) genes) lying on the Watson (resp. Crick) strand; black points to intergenic regions. (b) Cumulated skew profileΣ(n) (Eq. (22)). (c) WT of
Σ; Tg(2) (n, a) is coded from black (min) to red (max); the WT skeleton defined by the maxima lines is shown in solid (resp. dashed) lines corresponding
to positive (resp. negative) WT values. For illustration yellow solid (resp. dashed) maxima lines are shown to point to the positions of 2 upward (resp. 2
downward) jumps in S (vertical dashed lines in (a) and (b)) that coincide with gene transcription starts (resp. ends). In green are shownmaxima lines that
persist above a ≥ 200 kbp and that point to sharp upward jumps in S (vertical solid lines in (a) and (b)) that are likely to be the locations of putative
replication origins (see Section 5.3); note that 3 out of those 4 jumps are co-located with transcription start sites. (For interpretation of the references to
color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [455].

5.2.2. Revealing the bifractality of human skew DNA walks with the wavelet transform modulus maxima method
In this section, our goal is to show that, when examined over a range of scales not too large as compared to the mean

characteristic size of human genes (∼30–40 kbp), the skew DNA walks Σ (Eq. (22)) of the 22 human autosomes display
an unexpected (with respect to previous monofractal diagnosis (Section 2.4.1) [14–16,113,124]) bifractal scaling behavior
as the signature of the presence of transcription-induced jumps in the LRC noisy S profiles [455]. Sequences and gene
annotation data (‘‘RefGene’’) were retrieved from the UCSC Genome Browser (May 2004). Again, we used RepeatMasker
to exclude repetitive elements that might have been inserted recently and would not reflect long-term evolutionary
patterns. As an illustration of our wavelet-based methodology (see Appendix A), we show in Fig. 55 the S skew profile of a
fragment of human chromosome 6 (Fig. 55(a)), the corresponding skew DNA walk (Fig. 55(b)) and its space-scale wavelet
decomposition (Fig. 55(c)) using the Mexican hat analyzing wavelet g(2) (Appendix A, Fig. A.1(b)). When computing the
partition function Z(q, a) (Appendix A, Eq. (A.12)) from the WT skeletons of the skew DNA walks Σ of the 22 human
autosomes, we get convincing power-law behavior for −1.5 ≤ q ≤ 3 (data not shown). In Fig. 56(a) are reported the
τ(q) exponents (Appendix A, Eq. (A.13)) obtained using a linear regression fit of ln Z(q, a) vs. ln a over the range of scales
10 kbp ≤ a ≤ 40 kbp. All the data points remarkably fall on two straight lines τ1(q) = 0.78q − 1 and τ2(q) = q − 1, which
strongly suggests the presence of two types of singularities h1 = 0.78 and h2 = 1, respectively on two sets S1 and S2 with
the same Haussdorf dimension D = −τ1(0) = −τ2(0) = 1, as confirmed when computing the D(h) singularity spectrum
(Appendix A, Eq. (A.14)) in Fig. 56(b). This observation means that Z(q, a) can be split in two parts [455]:

Z(q, a) = C1(q)aqh1−1
+ C2(q)aqh2−1, (23)

where C1(q) and C2(q) are prefactors that depend on q. Since h1 < h2, in the limit a → 0+, the partition function is expected
to behave like Z(q, a) ∼ C1(q)aqh1−1 for q > 0, and like Z(q, a) ∼ C2(q)aqh2−1 for q < 0, with a so-called phase transition
[457–459] at the critical value qc = 0. Surprisingly, it is the contribution of the weakest singularities h2 = 1 that controls
the scaling behavior of Z(q, a) for q > 0, while the strongest ones h1 = 0.78 actually dominate for q < 0 (Fig. 56(a)). This
inverted behavior originates from finite (1 kbp) resolution which prevents the observation of the predicted scaling behavior
in the limit a → 0+. The prefactors C1(q) and C2(q) in Eq. (23) are sensitive to (i) the number of maxima lines in the WT
skeleton alongwhich theWTMMbehave as ah1 or ah2 , and (ii) the relative amplitude of theseWTMM.Over the range of scales
used to estimate τ(q), the WTMM along the maxima lines pointing (at small scale) to h2 = 1 singularities are significantly
larger than those along the maxima lines associated to h1 = 0.78 (see Fig. 56(c) and (d)). This implies that the larger q > 0,
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Fig. 56. Multifractal analysis of Σ(n) (Eq. (22)) of the 22 human (filled symbols) and 19 mouse (open circle) autosomes using the WTMM method with
g(2) (see Appendix A) over the range 10 kbp ≤ a ≤ 40 kbp. (a) τ(q) vs. q. (b) D(h) vs. h. (c) WTMM pdf: ρ is plotted vs. |T |/aH where H = h1 = 0.78, in
semi-log representation; the inset is an enlargement of the pdf central part in linear representation. (d) Same as in (c) but with H = h2 = 1. In (c) and (d),
the symbols correspond to scales a = 10 (•), 20 (�) and 40 (N) in kbp units.
Source: Adapted from Ref. [455].

the stronger the inequality C2(q) ≫ C1(q) and the more pronounced the relative contribution of the second term in the
r.h.s. of Eq. (23). On the opposite for q < 0, C1(q) ≫ C2(q) which explains that the strongest singularities h1 = 0.78 now
control the scaling behavior of Z(q, a) over the explored range of scales.

In Fig. 56(c) and (d) are shown the WTMM pdfs computed at scales a =10, 20 and 40 kbp after rescaling by ah1 and ah2
respectively. We note that there does not exist a value of H such that all the pdfs collapse on a single curve as expected from
Eq. (B.9) formonofractal DNAwalks (seeAppendix B). Consistentwith the τ(q)data in Fig. 56(a) andwith the inverted scaling
behavior discussed above, when using the two exponents h1 = 0.78 and h2 = 1, we succeed in superimposing respectively
the central (bump) part (Fig. 56(c)) and the tail (Fig. 56(d)) of the rescaledWTMMpdfs. This corroborates the bifractal nature
of the skewDNAwalks that display two competing scale-invariant components of different Hölder exponents: (i) h1 = 0.78
corresponds to LRC homogeneous fluctuations previously observed over the range 200 bp . a . 20 kbp in DNA walks
generated with structural codings (Section 2.6) [14–16,130] and (ii) h2 = 1 is associated to convex ∨ and concave ∧ shapes
in the DNA walks Σ indicating the presence of discontinuities in the derivative of Σ , i.e., of jumps in S (Fig. 55(a) and (b)).
At a given scale a, according to Eq. (A.4), a large value of the WTMM in Fig. 55(c) corresponds to a strong derivative of the
smoothed S profile and the maxima line to which it belongs is likely to point to a jump location in S. This is particularly the
case for the coloredmaxima lines in Fig. 55(c): upward (resp. downward) jumps (Fig. 55(a)) are so-identified by themaxima
lines corresponding to positive (resp. negative) values of the WT.

5.2.3. Transcription-induced step-like skew profiles in the human genome
In order to identify the origin of the jumps observed in the skew profiles, we have performed a systematic investigation

of the skews observed along 14854 intron containing genes [453,454]. In Fig. 57 are reported themean values of STA and SGC
skews for all genes as a function of the distance to the 5′- or 3′ end. At the 5′ gene extremities (Fig. 57(a)), a sharp transition
of both skews is observed from about zero values in the intergenic regions to finite positive values in transcribed regions
ranging between 4% and 6% for S̄TA and between 3% and 5% for S̄GC. At the gene 3′ extremities (Fig. 57(b)), the TA andGC skews
also exhibit transitions from significantly large values in transcribed regions to very small values in untranscribed regions.
However, in comparison to the steep transitions observed at 5′ ends, the 3′ end profiles present a slightly smoother transition
pattern extending over ∼5 kbp and including regions downstream of the 3′ end likely reflecting the fact that transcription
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Fig. 57. TA (•) and GC ( ) skew profiles in the regions surrounding 5′ and 3′ gene extremities. STA and SGC are calculated in 1 kbp windows starting
from each gene extremity in both directions. In abscissa is reported the distance (n) of each 1 kbp window to the indicated gene extremity; zero values
of abscissa correspond to 5′ (a) and 3′ (b) gene extremities. In ordinate is reported the mean value of the skews over our set of 14854 intron-containing
genes for all 1 kbp windows at the corresponding abscissa. Error bars represent the standard error of the means.
Source: Adapted from Ref. [440].
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Fig. 58. Statistical analysis of skew variations at the singularity positions determined at scale 1 kbp from the maxima lines that exist at scales a ≥ 10 kbp
in the WT skeletons of the 22 human autosomes. For each singularity, we have computed the variation amplitudes1S = S̄(3′)− S̄(5′) over two adjacent
5 kbp windows, respectively in the 3′ and 5′ directions and the distances 1n to the closest TSS (resp. TTS). (a) Histograms N(|1S|) for upward (1S > 0,
red) and downward (1S < 0, black) skew variations. (b) Histograms of the distances1n of upward (red) or downward (black) jumps with |1S| ≥ 0.1 to
the closest TSS (•, ) and TTS (◦, ). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)
Source: Adapted from Ref. [455].

continues to some extent downstream of the polyadenylation site. In pluricellular organisms, mutations responsible for the
observed biases are expected to have mostly occurred in germline cells. It could happen that gene 3′ ends annotated in the
databank differ from the poly-A sites effectively used in germline cells. Such differenceswould then lead to some broadening
of the skew profiles.

5.2.4. From skew multifractal analysis to the detection of genes expressed in the germline
In Fig. 58 are reported the results of a statistical analysis of the jump amplitudes in human S profiles [455]. For maxima

lines that extend above a∗
= 10 kbp in theWT skeleton (see Fig. 55(c)), the histograms obtained for upward and downward

variations are quite similar, especially their tails that are likely to correspond to jumps in the S profiles (Fig. 58(a)). When
computing the distance between upward or downward jumps (|1S| ≥ 0.1) to the closest TSS or TTS (Fig. 58(b)), we reveal
that the number of upward jumps in close proximity (|1n| . 3 kbp) to TSS over-exceeds the number of such jumps close
to TTS. Similarly, downward jumps are preferentially located at TTS. These observations are consistent with the step-like
shape of skew profiles induced by transcription: S > 0 (resp. S < 0) is constant along a (+) (resp. (−)) gene and S = 0 in
the intergenic regions (Fig. 57) [453]. Since a step-like pattern is edged by one upward and one downward jump, the set of
human genes that are significantly biased is expected to contribute to an even number of1S > 0 and1S < 0 jumps when
exploring the range of scales 10 . a . 40 kbp, typical of humangene size. Note that in Fig. 58(a), the number of sharp upward
jumps actually slightly exceeds the number of sharp downward jumps, consistent with the experimental observation that
whereas TSS are well defined, TTS may extend over 5 kbp resulting in smoother downward skew transitions (Fig. 57(b)).
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Fig. 59. (a) Number of TSS with an upward jump within |1n| (abscissa) for jump amplitudes1S > 0.1 (black), 0.15 (dark grey) and 0.2 (light grey). Solid
lines correspond to true jump positions while dashed lines to the same analysis when jump positions were randomly drawn along each chromosome.
(b) Among the Ntot(1S∗) upward jumps of amplitude larger than some threshold 1S∗ , we plot the proportion of those that are found within 1 kbp (•),
2 kbp (�) or 4 kbp (N) of the closest TSS vs. the number NTSS of the so-delineated TSS. Curves were obtained by varying1S∗ from 0.1 to 0.3 (from right to
left). Open symbols correspond to similar analyses performed on random upward jump and TSS positions.
Source: Reprinted from Ref. [455].

This TTS particularity also explains the excess of upward jumps found close to TSS as compared to the number of downward
jumps close to TTS (Fig. 58(b)).

In Fig. 59(a), we report the analysis of the distance of TSS to the closest upward jump [455]. For a given upward jump
amplitude, the number of TSS with a jumpwithin |1n| increases faster than expected (as compared to the number found for
randomized jump positions) up to |1n| ≃ 2 kbp. This indicates that the probability to find an upward jump within a gene
promoter region is significantly larger than elsewhere. For example, out of 20023 TSS, 36% (7228) are delineated within
2 kbp by a jump with 1S > 0.1. This provides a very reasonable estimate for the number of genes expressed in germline
cells as compared to the 31.9% recently experimentally found to be bound to Pol II in human embryonic stem cells [460].

Combining the previous results presented in Figs. 58(b) and 59(a), we report in Fig. 59(b) an estimate of the
efficiency/coverage relationship by plotting the proportion of upward jumps (1S > 1S∗) lying in TSS proximity as a function
of the number of so-delineated TSS [455]. For a given proximity threshold |1n|, increasing1S∗ results in a decrease of the
number of delineated TSS, characteristic of the right tail of the gene bias pdf. Concomitant to this decrease, we observe an
increase of the efficiency up to a maximal value corresponding to some optimal value for1S∗. For |1n| < 2 kbp, we reach a
maximal efficiency of 60% for1S∗

= 0.225; 1403 out of 2342 upward jumps delineate a TSS. Given the fact that the actual
number of human genes is estimated to be significantly larger (∼30000) than the number provided by RefGene, a large
part of the the 40% (939) of upward jumps that have not been associated to a RefGene could be explained by this limited
coverage. In other words, jumps with sufficiently high amplitude are very good candidates for the location of highly-biased
gene promoters. Let us point that out of the above 1403 (resp. 2342) upward jumps, 496 (resp. 624) jumps are still observed
at scale a∗

= 200 kbp. We will see in the next section that these jumps are likely to also correspond to replication origins
underlying the fact that large upward jumps actually result from the cooperative contributions of both transcription- and
replication-associated biases [87,89–91]. The observation that 80% (496/624) of the predicted replication origins are co-
located with TSS enlightens the existence of a remarkable gene organization at replication origins [91].

To summarize, we have demonstrated the bifractal character of skew DNA walks in the human genome. When using
the WT microscope to explore (repeat-masked) scales ranging from 10 to 40 kbp, we have identified two competing
homogeneous scale-invariant components characterized by Hölder exponents h1 = 0.78 and h2 = 1 that respectively
correspond to LRC colored noise and sharp jumps in the original DNA compositional asymmetry profiles. Remarkably, the
so-identified upward (resp. downward) jumps aremainly found at the TSS (resp. TTS) of humangeneswithhigh transcription
bias and thus very likely highly expressed in the germline. As illustrated in Fig. 56(a), similar bifractal properties are also
observed when investigating the 19 mouse autosomes. This suggests that the results reported in this section are general
features of mammalian genomes [455].

5.3. Replication-associated strand asymmetries in mammalian genomes

DNA replication is an essential genomic function responsible for the accurate transmission of genetic information
through successive cell generations. According to the so-called ‘‘replicon’’ paradigm derived from prokaryotes [461], this
process starts with the binding of some ‘‘initiator’’ protein complex to a specific ‘‘replicator’’ DNA sequence called origin of
replication. The recruitment of additional factors initiates the bi-directional progression of two divergent replication forks
along the chromosome. As illustrated in Figs. 51 and 60(a), one strand is replicated continuously (leading strand), while the
other strand is replicated in discrete steps towards the origin (lagging strand). In eukaryotic cells, this event is initiated at
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a number of replication origins and propagates until two converging forks collide at a terminus of replication [462,463].
The initiation of different replication origins is coupled to the cell cycle but there is a definite flexibility in the usage of the
replication origins at different developmental stages [464–468]. Also, it can be strongly influenced by the distance and timing
of activation of neighboring replication origins, by the transcriptional activity and by the local chromatin structure [465–
468]. Actually, sequence requirements for a replication origin vary significantly between different eukaryotic organisms. In
the unicellular eukaryote S. cerevisiae, the replication origins spread over 100-150 bp and present some highly conserved
motifs [462]. However, among eukaryotes, S. cerevisiae seems to be the exception that remains faithful to the repliconmodel.
In the fission yeast Schizosaccharomyces pombe, there is no clear consensus sequence and the replication origins spread over
at least 800 to 1000 bp [462]. In multicellular organisms, the nature of initiation sites of DNA replication is even more
complex [463]. Metazoan replication origins are rather poorly defined and initiation may occur at multiple sites distributed
over a thousand of base pairs [469]. The initiation of replication at random and closely spaced sites was repeatedly observed
in Drosophila and Xenopus early embryo cells, presumably to allow for extremely rapid S phase, suggesting that any DNA
sequence can function as a replicator [464,470,471]. A developmental change occurs around midblastula transition that
coincides with some remodeling of the chromatin structure, transcription ability and selection of preferential initiation
sites [464,471]. Thus, although it is clear that some sites consistently act as replication origins in most eukaryotic cells, the
mechanisms that select these sites and the sequences that determine their location remain elusive in many cell types [463,
472,473]. As recently proposed by many authors [474–476], the need to fulfill specific requirements that result from cell
diversification may have led high eukaryotes to develop various epigenetic controls over the replication origin selection
rather than to conserve specific replication sequence. This might explain that for many years, very few replication origins
have been identified inmulticellular eukaryotes, namely around 20 inmetazoa and only about 10 in humanwhenwe started
this study [89,90]. Since then, about a few hundred replication origins have been further experimentally verified [477–479]
on the ENCODE regions that cover one percent of the human genome only. Along the line of this epigenetic interpretation,
one might wonder what can be learned about eukaryotic DNA replication from DNA sequence analysis.

5.3.1. Replication-associated strand asymmetries in prokaryotic genomes: the replicon model
Asmentioned in Section 5.1.2, the existence of replication-associated strand asymmetries has beenmainly established in

bacterial genomes [435–439]. As illustrated in Fig. 60, theGC and TA skews abruptly switch sign (over fewkbp) fromnegative
to positive values at the replication origin and in the opposite direction from positive to negative values at the replication
terminus. This step-like profile is characteristic of the repliconmodel [461]. In Bacillus subtilis, as inmost bacteria, the leading
(resp. lagging) strand (Fig. 60(a)) is generally richer (resp. poorer) in G than in C (Fig. 60(b)), and to a lesser extent in T than in
A (data not shown). This typical pattern is particularly clearwhen plotting the cumulated skewsΣGC (Fig. 60(c)) andΣTA (Eq.
(21)); both present decreasing (or increasing) profiles in regions situated 5′ (or 3′) to the origin, displaying a characteristic
∨-shape pointing to the replication origin position (similarly a characteristic ∧-shape is observed at the terminus position).
The research of ∨ patterns in the cumulated skews has been extensively used as a strategy to detect the position of the
(unique) replication origin in (generally circular) bacterial genomes [436–439].

As shown in Fig. 60(b) and (c), when looking at the gene organization around the replication origin of Bacillus subtilis,
we observe that most of the (+) (resp. (−)) genes are preferentially on the right (resp. left) of the replication origin. This
suggests that the replication forks progression is co-oriented with transcription, as to minimize the risk of frontal collision
between DNA and RNA polymerases [480–483].

5.3.2. Analysis of strand asymmetries around experimentally determined replication origins in the human genome
In eukaryotes, the existence of compositional biases is unclear and most attempts to detect the replication origins from

strand compositional asymmetry have been inconclusive. Several studies have failed to show compositional biases related
to replication, and analysis of nucleotide substitutions in the region of the β-globin replication origin in primates do not
support the existence ofmutational bias between the leading and the lagging strands [436,484,485]. Other studies have led to
rather opposite results. For instance, strand asymmetries associatedwith replication have been observed in the subtelomeric
regions of S. cerevisiae chromosomes, supporting the existence of replication-coupled asymmetric mutational pressure in
this organism [486]. With the same methodology as the one developed in Section 5.2.3 for gene extremities, we present in
this section analyses of strand asymmetries flanking experimentally determined human replication origins [89,90].

As shown in Fig. 61, most of the known replication origins in the human genome correspond to rather sharp (over several
kbp) transitions from negative to positive STA and SGC skew values that clearly emerge from the noisy background. This is
reminiscent of the behavior observed in Fig. 60 for Bacillus subtilis, except that the leading strand is relatively enriched in
T over A than in G over C. This observation is even more patent when looking at the cumulated skewΣTA andΣGC profiles
that both display characteristic ∨-shapes pointing to the experimentally identified initiation zones. According to the gene
environment, the amplitude of the jump observed in the skew profiles can be more or less important and its position more
or less localized (from a few kbp to a few tens of kbp). Indeed, we have seen in Section 5.2 that transcription generates
positive TA and GC skews on the coding strand [453,454,492], which explains that larger jumps are observed when the (+)
and/or the (−) genes are on the leading strand so that replication and transcription biases add to each other. To measure
compositional asymmetries that would result from replication only, we have calculated the skews in intergenic regions on
both sides of the origins [90]. The total skew S definitely shifts fromnegative (S = −6.2%±0.4%) to positive (S = 11.1%±1%)
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Fig. 60. (a) Schematic representation of the divergent bi-directional progression of the two replication forks from the replication origin (see Fig. 51).
(b) SGC calculated in 1 kbp windows along the genomic sequence of Bacillus subtilis. (c) Cumulated skew ΣGC . The vertical lines correspond respectively
to the replication origin (O) and termination (T) positions. In (b) and (c), red (resp. blue) points correspond to (+) (resp. (−)) genes that have the same
(opposite) orientation than the sequence. (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)

Table 5
Strand asymmetries associated with human replication origins. The skews were calculated in the regions flanking the six human replication origins
(Fig. 61(a)) and in the corresponding homologous regions of themouse genome. Intergenic sequenceswere always considered in the direction of replication
fork progression (leading strand); they were considered in totality (all) or after elimination of conserved regions (ncr.) between human (Homo sapiens,
H.s.) and mouse (Mus musculus, M.m.) (≤6% of intergenic sequences). To calculate the mean skew in introns, the sequences were considered on the
nontranscribed strand. For Slead , the orientation of transcription was the same as the replication fork progression; for Slag , the situation was the opposite.
The mean values of the skews STA , SGC , and S are given in percent (±SEM). l, total sequence length in kbp.
Source: Reprinted from Ref. [90].

STA SGC S l G+ C, %

Intergenic (H.s.) all 3.9 ± 0.4 3.0 ± 0.4 6.9 ± 0.4 487 42
Intergenic (H.s.) ncr. 4.0 ± 0.4 3.0 ± 0.5 7.0 ± 0.5 461 42
Intergenic (M.m.) ncr. 3.6 ± 0.4 2.2 ± 0.5 5.8 ± 0.5 441 42
Slead (H.s. introns) 7.5 ± 0.3 6.8 ± 0.4 14.3 ± 0.4 358 40
Slag (H.s. introns) −1.9 ± 1.0 −0.3 ± 1.4 −2.2 ± 1.3 49 44

values when crossing the replication origin. This result strongly suggests the existence of mutational pressure associated
with replication, leading to the mean compositional biases STA = 4.0% ± 0.4% and SGC = 3.0% ± 0.5% (Table 5) [90]. Let
us note that the value of the skew could vary from one origin to another, possibly reflecting different initiation efficiencies.
From the calculation of the intron skew values on the leading and lagging strands reported in Table 5, we can estimate the
mean skew associated with transcription by subtracting intergenic skews from Slead values giving STA = 3.6% ± 0.7% and
SGC = 3.8%± 0.9%. These estimations are remarkably consistent with those obtained with our large set of human introns in
Section 5.2.1 (Figs. 53 and 54), further supporting the existence of replication-coupled strand asymmetries. Overall, these
results indicate that the mean replication bias on the leading strand and the mean transcriptional bias on the coding strand
are of the same order of magnitude, namely S = STA + SGC ∼ 7% (Table 5) [90].

In that context, one can wonder to which extent the biases observed in intergenic regions may result from the possible
presence of still undetected genes. Two pieces of evidence argue against this eventuality. First, we have been careful enough
to retain as transcribed regions one of the largest sets of transcripts available, resulting in a stringent definition of intergenic
regions. Second, several studies have demonstrated the existence of hitherto unknown transcripts in regions where no
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Fig. 61. TA and GC skew profiles around experimentally determined human replication origins. (a) The skew profiles were determined in 1 kbp windows
in regions surrounding (±100 kbp without repeats) experimentally determined human replication origins. (Upper) TA and GC cumulated skew profiles
ΣTA (thick line) andΣGC (thin line). (Lower) Total skew S calculated in the same regions. The jump amplitude1S associated with these origins, calculated
as the difference of the skewsmeasured in 20 kbp windows on both sides of the origins, are: (31%)MCM4 [487], (29%) HSPA4 [488], (18%) TOP1 [489], (14%)
MYC [490], (38%) SCA7 [491], and (14%) AR [491]. (b) Cumulated skew profiles calculated in the six regions of themouse genome homologous to the human
regions analyzed in (a). (c) Cumulated skew profiles in the six regions of the dog genome homologous to human regions analyzed in (a). The abscissa (n)
represents the distance (in kbp) of a sequence window to the corresponding origin; the ordinate represents the values of S and Σ given in percent. The
colors have the following meaning: red, (+) genes (coding strand identical to the Watson strand); blue, (−) genes (coding strand opposite to the Watson
strand); black, intergenic regions. In (c), genes are not represented. (For interpretation of the references to color in this figure legend, the reader is referred
to the web version of this article.)
Source: Adapted from Ref. [90].

protein coding genes have been previously identified [493–496]. Taking advantage of the set of non-protein-coding RNAs
identified in the ‘‘H-Inv’’ database [497], we have checked that none of them are present in the intergenic regions studied
here. Finally we have eliminated the possibility that intergenic skews are due to conserved sequences by checking that
the removal of homologous segments found in the mouse genome (∼5.3% of all intergenic sequences) does not change
significantly the skews in intergenic regions [90].

5.3.3. Conservation of replication-associated strand asymmetries in mammalian genomes
As a next step of our study, we have analyzed [90] the STA an SGC skew profiles in DNA regions of mammalian genomes

homologous to the six human origin investigated in Fig. 61(a). As shown in Fig. 61(a)–(c), the human, mouse and dog
cumulated skew profiles look strikingly similar to each other, suggesting that in mouse and dog, these regions also
correspond to replication initiation zones (note that they are very similar in primate genomes). For each replication origin,
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Fig. 62. Cumulated skew profiles calculated around the origin of replication DNMT1 [498], Lamin B2 [499], and β-globin [500] in the human genome:ΣTA
(thick line) andΣGC (thin line). The colors have the same meaning as in Fig. 61.
Source: Reprinted from Ref. [90].

we robustly observe a ∨-shape characteristic of a sharp upward jump from negative to positive skew values. A detailed
examination of the mouse intergenic regions suggests the existence of a compositional bias associated with replication
S = STA + SGC ∼ 5.8% ± 0.5% (Table 5). Let us point out that, at these homologous loci, human and mouse intergenic
sequences present almost no (∼5.3%) conserved elements. Hence, the presence of strand asymmetry in regions that have
strongly diverged during evolution further supports the existence of compositional bias associated with replication in both
organisms. In the absence of such a process, intergenic sequences would have lost a significant fraction of their strand
asymmetry.

Altogether, these results establish the existence of strand asymmetries associated with replication in mammalian
germline cells [90]. They show that most replication origins experimentally detected in somatic cells coincide with sharp
upward transitions of the skew profile. They also imply that for the majority of experimentally determined origins, the po-
sition of initiation zones are conserved in mammalian genomes as recently confirmed by the identification of a replication
origin in the mouseMYC locus [501].

Remark. Let us emphasize that among the nine experimentally-known human origins analyzed here, three do not present
typical ∨-shape cumulated profiles as reported in Fig. 62. For DNMT1 (left panel in Fig. 62), the sharp central part of the ∨

profile is replaced by a large horizontal plateau (few tens of kbp), possibly reflecting the presence of several origins dispersed
over the whole plateau. Note that dispersed origins have been observed, e.g. in the hamster DHFR initiation zone [502]. By
contrast, the cumulated skew profiles of the Lamin B2 (central panel of Fig. 62) and β-globin (right panel of Fig. 62) origins
present no ∨ profile suggesting that they might be inactive in germline cells or less active than neighboring origins.

5.3.4. Factory-roof skew profiles in the human genome
As illustrated in Fig. 63(a), for TOP1 replication origin, when examining the behavior of the skews at larger distances

from the origin, one does not observe a step-like pattern with upward and downward jumps at the origin and termination
positions respectively, as expected for the bacterial replicon model (Fig. 60(b)). Surprisingly, on both sides of the upward
jump, the noisy S profile decreases steadily in the 5′ to 3′ direction without clear evidence of pronounced downward jumps.
As shown in Fig. 63(b–d), sharpupward jumps of amplitude1S & 15%, similar to the ones observed for the known replication
origins (Fig. 61(a)), seem to exist also atmany other locations along the human chromosomes. But themost striking feature is
the fact that in between two neighboringmajor upward jumps, not only the noisy S profile does not present any comparable
downward sharp transition, but it displays a remarkable decreasing linear behavior. At chromosome scale, one thus gets
jagged S profiles that have the aspect of ‘‘factory roofs’’ [89,90].

Remark. For comparison, we show in Fig. 64, the STA, SGC and S profiles obtained for a large fragment of the human chromo-
some 12 after (Fig. 64(a–c)) and without (Fig. 64(a’–c’)) removing the repeated sequences. There is no doubt that repeated
sequences increase the level of noise in the skewprofiles. Indeed factory roofs aremore easily seen on themasked sequences
and specially on the total skews S = STA + SGC. As reported in Fig. 65, the pdfs of STA, SGC and S are nearly Gaussian for the
masked sequences; some large tails are present but for skew amplitudes larger than 40%. The fact that the skew pdfs of the
native sequences, andmore particularly the STA pdf, significantly depart fromGaussian distributions justifies, a posteriori, the
need of removing repeated sequences prior to our statistical analysis. Most of these sequences have been inserted recently
in the human genome and do not reflect long-term evolutionary skew patterns.

The jagged S profiles shown in Figs. 63(a–d) and 64(a–c) look somehow disordered because of the extreme variability in
the distance between two successive upward jumps, from spacing ∼50–100 kbp (∼100–200 kbp for the native sequences)
mainly in GC rich regions (Fig. 63(d)), up to 2–3 Mbp (∼4–5 Mbp for the native sequences) in agreement with recent
experimental studies [427] that have shown that mammalian replicons are heterogeneous in size with an average size
∼500 kbp, the largest ones being as large as a few Mbp. But what is important to notice is that some of these segments
between two successive upward jumps of the skew are entirely or predominantly intergenic (Fig. 63(a) and (c)), clearly
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Fig. 63. S profiles along mammalian genome fragments. (a) Fragment of chromosome 20 including the TOP1 origin (red vertical line).
(b and c) Chromosome 4 and chromosome 9 fragments, respectively, with low GC content (36%). (d) Chromosome 22 fragment with larger GC content
(48%). In (a) and (b), vertical lines correspond to selected putative origins (see Section 5.4); yellow lines are linear fits of the S values between successive
putative origins. Black, intergenic regions; red, (+) genes; blue, (−) genes. Note the fully intergenic regions upstream of TOP1 in (a) and a predominantly
intergenic region frompositions 5290-6850 kbp in (c). (e) Fragment ofmouse chromosome 4 homologous to the human fragment shown in (c). (f) Fragment
of dog chromosome 5 homologous to the human fragment shown in (c). In (e) and (f), genes are not represented. (For interpretation of the references to
color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [90].

illustrating the particular profile of a strand bias resulting solely from replication [89,90]. In most other cases, we observe
the superimposition of this replication profile and of the step-like profiles of (+) and (−) genes, appearing as upward and
downward blocks standing out from the replication pattern (Fig. 63(c)). Importantly, as illustrated in Fig. 63(e) and (f), the
factory-roof pattern is not specific to human sequences but is also observed in numerous regions of the mouse and dog
genomes [90].

5.4. A wavelet-based method to detect putative replication origins

We have shown in Section 5.3 that experimentally determined human replication origins coincide with large-amplitude
upward transitions in noisy skew profiles. The corresponding1S ranges between 14% and 38%, owing to possible different
replication initiation efficiencies and/or different contributions of transcriptional biases (Fig. 61). To predict replication
origins, we thus need a methodology to detect jumps in noisy signals. The basic principle of the detection of jumps in the
noisy skew profiles with the WT transform has been discussed in Section 5.2.2 and illustrated in Fig. 55. From Eq. (A.4) (see
Appendix A), when using the first derivative of the Gaussian function as analyzing wavelet, it is obvious that at a fixed scale
a, a large value of the modulus of the WT coefficient corresponds to a strong derivative of the smoothed skew profile. In
particular, a jump manifests as local maxima of the WT modulus that connect on to maxima lines in the WT skeleton that
originate at small scale from the jump location and extend over a range of scales that depends on the amplitude of the jump.
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Fig. 64. Skew profiles along a large fragment of the human chromosome 12. Repeat-masked sequence (8 Mbp): STA (a), SGC (b), and S = STA + SGC (c).
Native sequence (15.7 Mbp): STA (a’), SGC (b’), and S (c’).
Source: Reprinted from [440].
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Fig. 65. Probability density functions of the skews STA (a), SGC (b), and S = STA + SGC (c) values computed in nonoverlapping 1 kbp windows from the DNA
sequences of the 22 human autosomal chromosomes. Symbols have the following meaning: (◦) native sequences and (•) repeat-masqued sequences.
Source: Reprinted from [440].

We have checked that upward jumps observed in the skew S at the experimentally identified replication origins (Fig. 61(a))
correspond to maxima lines (with positive wavelet coefficients) that extend to rather large scales a > a∗

= 200 kbp.
This observation has led us to select, in theWT skeleton, themaxima lines that still exist above a∗

= 200 kbp (Fig. 55), i.e.
a scale which is smaller than the typical replicon size and larger than the typical gene size [89,90]. In this way, we not only
reduce the effect of noise but we also reduce the contribution of the upward (TSS) and downward (TTS) jumps associated to
the step-like skew pattern induced by transcription only (see Section 5.2, Fig. 57). The detected jump locations are estimated
as the positions at scale 20 kbp of the so-selected maxima lines. According to Eq. (A.4), upward (resp. downward) jumps are
identified by themaxima lines corresponding to positive (resp. negative) values of theWT as illustrated in Fig. 55 by the solid
(resp. dashed) maxima lines. When applying this methodology to the total skew S along the repeat-masked DNA sequences
of the 22 human autosomal chromosomes, 2415 upward jumps are detected and, as expected, a similar number (namely
2686) of downward jumps. In Fig. 66(a) are reported the histograms of the amplitude |1S| of the so-identified upward
(1S > 0) and downward (1S < 0) jumps respectively. These histograms no longer superimpose, as previously observed
at smaller scales in Fig. 58(a), the former being significantly shifted to larger |1S| values. When plotting N(|1S| > 1S∗) vs.
1S∗ in Fig. 66(b), we can see that the number of large amplitude upward jumps overexceeds the number of large amplitude
downward jumps. These results confirm that most of the sharp upward transitions in the S profiles in Figs. 63 and 64 have
no sharp downward transition counterpart. This excess likely results from the fact that, contrasting with the prokaryote
replicon model (Fig. 60) where downward jumps result from precisely positioned replication terminations, in mammals
termination appears not to occur at specific positions but to be randomly distributed [89,90] (this point will be detailed
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Fig. 66. Statistical analysis of the sharp jumps detected in the S profiles of the 22 human autosomal chromosomes by the WT microscope at scale
a∗

= 200 kbp for repeat-masked sequences. |1S| = |S̄(3′)−S̄(5′)|, where the averageswere computed over the two adjacent 20 kbpwindows, respectively,
in the 3′ and 5′ direction from the detected jump location. (a) Histograms N(|1S|) of |1S| values. (b) N(|1S| > 1S∗) vs.1S∗ . In (a) and (b), the black (resp.
red) line corresponds to downward 1S < 0 (resp. upward 1S > 0) jumps. R = 3 corresponds to the ratio of upward over downward jumps presenting
an amplitude |1S| ≥ 12.5% (see text). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)
Source: Adapted from Ref. [89].

in Section 5.5). Accordingly the small number of downward jumps with large |1S| is likely to result from transcription
(Fig. 55) and not from replication. These jumps are probably due to highly biased genes that also generate a small number
of large-amplitude upward jumps, giving rise to false-positive candidate replication origins. In that respect, the number of
large downward jumps can be taken as an estimation of the number of false positives. In a first step, we have retained as
acceptable a proportion of 33% of false positives. As shown in Fig. 66(b), this value results from the selection of upward
and downward jumps of amplitude |1S| ≥ 12.5%, corresponding to a ratio of upward over downward jumps R = 3. Let us
notice that the value of this ratio is highly variable along the chromosome (Fig. 67). In GC poor regions, namely G+C < 37%,
we observe in Fig. 67(a, a’) the largest R value, namely R = 6.5. In regions with 37% ≤ G + C ≤ 42%, we obtain R = 3.9
(Fig. 67(b, b’)) that contrasts with small R values, R = 1.9 (Fig. 67(c, c’)) found in regions with G + C > 42%. In these latter
regions (accounting for∼40% of the genome) with high gene density and small gene length [150], the skew profiles oscillate
rapidly with large upward and downward amplitudes (Fig. 63(d)), resulting in a too large estimate of the number of false
positives (∼53%).

In a final step, we have decided [89,90] to retain as putative replication origins upward jumps with |1S| ≥ 12.5%
detected in regions with G + C ≤ 42%. This selection leads to a set of 1012 candidates among which our estimate of the
proportion of true replication origins is 79% (R = 4.76). Some of these putative replication origins are illustrated in Fig. 63.
In Fig. 68 is shown the mean skew profile calculated in intergenic windows on both sides of the 1012 putative replication
origins [90]. This mean skew profile presents a rather sharp transition from negative to positive values when crossing the
origin position. To avoid any bias in the skew values that could result from incompletely annotated gene extremities (e.g. 5′

and 3′ UTRs), we have removed 10 kbp sequences at both ends of all annotated transcripts. As shown in Fig. 68, the removal
of these intergenic sequences does not significantly modify the mean skew profile, indicating that the observed values do
not result from transcription. On both sides of the jump, we observe a linear decrease of the bias with some flattening
of the profile close to the transition point. Note that, due to (i) the potential presence of signals implicated in replication
initiation and (ii) the possible existence of dispersed origins [502], one might question the meaningfulness of this flattening
that leads to a significant underestimate of the jump amplitude. Furthermore, according to our detection methodology, the
numerical uncertainty on the putative origin position estimatemay also contribute to this flattening. As illustrated in Fig. 68,
when extrapolating the linear behavior observed at distances>100 kbp from the jump, one gets a skew of 5.3%, i.e. a value
consistent with the skew measured in intergenic regions around the six experimentally known replication origins namely
7.0% ± 0.5% (Table 5). Overall, the detection of sharp upward jumps in the skew profiles with characteristics similar to
those of experimentally determined replication origins and with no downward counterpart, further supports the existence
of replication-associated strand asymmetries in human chromosomes, leading to the identification of numerous putative
replication origins active in germline cells.

5.5. A model of replication in mammalian genomes

Following the observation of jagged skewprofiles similar to factory roofs in Section 5.3, and the quantitative confirmation
of the existence of such (piecewise linear) profiles in the neighborhood of 1012 putative origins in Fig. 68, we have proposed,
in Refs. [89,90], a rather crude model for replication in the human genome that relies on the hypothesis that the replication
origins are quite well positioned while the terminations are randomly distributed. Although some replication termini have
been found at specific sites in S. cerevisiae and to some extent in S. pombe [504], they occur randomly between active origins



A. Arneodo et al. / Physics Reports 498 (2011) 45–188 121

N
N

N

|ΔS| ΔS*

(a) (a,)

(b) (b,)

(c) (c,)

R=6.5

R=3.9

R=1.9

Fig. 67. Statistical analysis of the sharp jumps detected in the S profiles of the 22 human autosomal chromosomes by the WT microscope at a scale of
a∗

= 200 kbp for repeat-masked sequences. The detected jumps have been classified into three categories according to the GC content found in a 100 kbp
window centered at the position of the jump. Same as in Fig. 66: (a, a’) G + C < 37%; (b, b’) 37% ≤ G + C ≤ 42%; (c, c’) 42% < G + C.
Source: Adapted from Ref. [503].

in Xenopus egg extracts [464,505,506]. Our results indicate that this property can be extended to replication in human
germline cells. As illustrated in Fig. 69, replication termination is likely to rely on the existence of numerous termination
sites distributed along the sequence. For each termination site (used in a small proportion of cell cycles), strand asymmetries
associated with replication will generate a step-like skew profile with a downward jump at the position of termination
and upward jumps at the positions of the adjacent origins (as in bacteria, Fig. 60(b)). Various termination positions will
thus correspond to classical replicon-like skew profiles (Fig. 69, left panel). Addition of those profiles will generate the
intermediate profile (Fig. 69, central panel). In a simple picture, we can reasonably suppose that termination occurs with
constant probability at any position on the sequence. This behavior can, for example, result from the binding of some
termination factor at any position between successive origins, leading to a homogeneous distribution of termination sites
during successive cell cycles. The final skew profile is then a linear segment decreasing between successive origins (Fig. 69,
right panel). Let us point out that random firing of replication origins during the S phase [507]might result in some flattening
of the skew profile at the origins as sketched in Fig. 69 (right panel, grey curve). These results [89,90] support the hypothesis
of random replication termination in human, and more generally in mammalian cells (Figs. 63 and 64), but further analyses
will be necessary to determine what scenario is precisely at work.
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Fig. 68. Mean skew profile of intergenic regions around putative replication origins. The skew S was calculated in 1 kbp windows (Watson strand) around
the position (±300 kbp without repeats) of the 1012 detected upward jumps; 5′ and 3′ transcript extremities were extended by 0.5 kbp and 2 kbp,
respectively (•), or by 10 kbp at both ends (∗). The abscissa represents the distance (in kbp) to the corresponding origin; the ordinate represents the skews
calculated for the windows situated in intergenic regions (mean values for all discontinuities and for 10 consecutive 1 kbp window positions). The skews
are given in percent (vertical bars, SEM). The lines correspond to linear fits of the values of the skew (∗) for n < −100 kbp and n > 100 kbp.
Source: Adapted from Ref. [90].

Fig. 69. Model of replication termination. Schematic representation of the skew profiles associated with three replication origins O1 , O2 , and O3; we
suppose that these replication origins are adjacent, bidirectional origins with similar replication efficiency. The abscissa represents the sequence position;
the ordinate represents the S value (arbitrary units). Upward (or downward) steps correspond to origin (or termination) positions. For convenience, the
termination sites are symmetric relative to O2 . (Left) Three different termination positions Ti , Tj , and Tk , leading to elementary skew profiles Si , Sj , and Sk .
(Center) Superposition of these three profiles. (Right) Superposition of a large number of elementary profiles leading to the final factory-roof pattern. In
the simple model, termination occurs with equal probability on both sides of the origins, leading to the linear profile (thick line). In the alternative model,
replication termination is more likely to occur at lower rates close to the origins, leading to a flattening of the profile (grey line).
Source: Adapted from Ref. [90].

In this section, we have revealed a factory roof skew profile as an alternative in mammalian genomes to the replicon
step-like profile observed in bacteria (Fig. 60). This pattern is displayed by a set of 1012 upward transitions, each flanked
on each side by DNA segments of ∼300 kbp (without repeats), which can be roughly estimated to correspond to 20%–30%
of the human genome. In these regions, which are characterized by low and medium GC content (G + C ≤ 42%), skew
profiles reveal a portrait of germline replication consisting of putative origins separated by rather long DNA segments
(∼1–3 Mbp on the native sequences). Although such segments are much larger than expected from the classical view
[427–429] (∼100–500 kbp on the native sequences), they are not incompatible with estimations showing that replicon size
can reach up to 1 Mbp [427,430], and that replicating units in meiotic chromosomes are much longer than those engaged
in somatic cells [508]. Finally, it is not unlikely that in GC-rich (gene-rich) regions (Fig. 63(d)) replication origins would
be closer to each other than in other regions, further explaining the greater difficulty in detecting origins in these regions.
Indeed, the wavelet-basedmethodology developed in this section remains efficient as long as there exists a clear separation
between the characteristic size of a replicon and the characteristic size of a gene; while this separation is unquestionable at
low and medium GC content, this is no longer obvious in high GC regions.

For more details on the existence and modeling of replication-associated strand asymmetries in mammalian genomes,
we refer the reader to the Ph.D. thesis manuscripts of Brodie of Brodie [440], Nicolay [441] and Touchon [503].
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Fig. 70. (a) N-shaped replication-associated skew profile. (b) Transcription-associated skew profile showing positive square blocks at (+) gene positions
and negative square blocks at (−) gene positions. (c) Superimposition of the replication- and the transcription-associated skew profiles producing the final
factory-roof pattern that defines ‘‘N-domains’’.
Source: Adapted from Ref. [91].

6. Disentangling transcription- and replication-associated strand asymmetries reveals a remarkable gene organiza-
tion in the human genome

6.1. A wavelet-based methodology to disentangle the replication and the transcription contributions to the compositional strand
asymmetries in replication N-domains

6.1.1. A working model of mammalian ‘‘factory roof’’ skew profiles
According to the results reported in Section 5, from now on, we will use as a working model that the overall factory roof

skew profiles observed in mammalian genomes (Figs. 63 and 64) actually result from the superimposition of two patterns
as sketched in Fig. 70 [91]. The first one decreases steadily from the 5′ to the 3′ direction and would be attributable to
replication in germline cells (Fig. 70(a)). As predicted by our toymodel in Fig. 69, the linear decline of the skewwould reflect
a progressive change in the proportion of center- and border-oriented replication forks. The other patternwould result from
transcription-associated strand asymmetries that generate step-like profiles (Fig. 57) corresponding to sense (+) and anti-
sense (−) genes (Fig. 70(b)). When the two patterns are superimposed, this leads to the factory roof pattern illustrated
in Fig. 70(c) [91]. Because the typical gene size (∼30 kbp) is much smaller than the characteristic distance between two
adjacent putative replication origins, we have named these replication domains as ‘‘N-domains’’ [91] with regard to their
overall qualitative N-shape.

6.1.2. A space-scale pattern matching method to identify replication N-domains
The first step to detect putative replication domains consists in developing amulti-scale pattern recognitionmethodology

based on the WT of the strand compositional asymmetry S using, as analyzing wavelet, the N-let ψN(x) (Appendix A, Eq.
(A.7)) that is adapted to perform an objective segmentation of factory roof skew profiles into N-domains. As illustrated in
Fig. 71, the space-scale location of significant maxima values in the 2DWT decomposition (red areas in Fig. 71(b)) indicates
themiddle position (spatial location) of candidate replicationN-domainswhose size is given by the scale location. In order to
avoid false positives,we then check that there does exist awell-definedupward jumpat eachdomain extremity. These jumps
appear in Fig. 71(b) as blue cone-shape areas pointing at small scale to the jump positions where the putative replication
origins are located. Note that because the analyzing wavelet is of zero mean (Eq. (A.7)), theWT decomposition is insensitive
to (global) asymmetry offset. In that respect, to enforce strong compatibility with the mammalian replicon model proposed
in Section 5.5, we will only retain the domains the most likely to be bordered by putative replication origins, namely those
that are delimited by upward jumps corresponding to a transition from a negative S value ≤ −ϵ to a positive S value ≥ ϵ
(when estimated in 20 kbp windows). According to the mean skew profile of intergenic regions observed around putative
replication origins in Fig. 68, we choose to fix the threshold parameter to ϵ = 3%, that indeed corresponds to a very stringent
selection criterion that we may somehow relax in a future step.
Human autosomes: When applying our wavelet-based segmentation method to the skew profiles along the 22 human
autosomes [509], we detect 759 N-domain candidates (Fig. 71). Among these domains, we discard 17 domains that contain
stretches of N (unknown nucleotides) longer than 100 kbp. We also remove from the remaining N-domains those (64)
of length L > 2.8 Mbp whose shape is reminiscent of an N but split in half, leaving in the center a region of null skew
whose length increases with domain size. As further studied in Section 6.4, these split-N-domains have a central region
corresponding to large heterochromatic gene deserts of homogeneous composition, i.e. both a null skew and a constant and
low GC content. We end with a library of 678 N-domains bordered by 1062 putative replication origins spanning 33.8%
of the genome (Table 6). As shown in Fig. 72, the size of these N-domains ranges from ∼200 kbp (resp. 100 kbp when
masked) to 2.8 Mbp (resp. 1.6 Mbp when masked) with a mean length L̄ = 1.19 Mbp (resp 0.63 Mbp when masked). Most
of the 1062 putative replication origins at the extremities of the detected replication domains are intergenic (78%) and are
located near to a gene promoter more often than would be expected by chance (data not shown). These N-domains contain
approximately equal numbers of genes oriented in each direction (1653 (+) genes and 1690 (−) genes) with a mean gene
number per domain of 4.93. As observed in Ref. [91], gene distributions in the 5′ half ofN-domains containmore (+) than (−)
genes, and vice versa for the 3′ half ofN-domains. As reported in Table 6 and Fig. 73, theseN-domains have a high intergenic
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Fig. 71. (a) Skew profile S of a 9 Mbp repeat-masked fragment of human chromosome 21. (b) N-let transform of S using ΨN (Eq. (A.7)); TΨN [S](n, a) is
color-coded from dark-blue (min; negative values) to red (max; positive values) through green (null values). Light blue and purple lines illustrate the
detection of two replication domains of significantly different sizes. Note than in (b), blue cone-shape areas signing upward jumps point at small scale
(top) towards the putative replication origins and that the vertical positions of the WT maxima (red areas) corresponding to the two indicated replication
domains match the distance between the putative replication origins (1.6 Mbp and 470 kbp respectively). (For interpretation of the references to color in
this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [509].

Table 6
Replication N-domains detected in the human and mouse genomes [509].

Number Mean length (Mbp) ± std. dev. Genome coverage (%) Mean number of genes Intergenic coverage (%) GC (%)

Human 678 0.63 ± 0.33 (masked) 33.8 4.93 57.3 (masked) 40.8
1.19 ± 0.62 (native)

Mouse 587 0.54 ± 0.34 (masked) 22.3 4.13 58.2 (masked) 42.4
0.91 ± 0.62 (native)

(masked) coverage (57.3%) where the skew S is likely to result from replication only. Indeed only a few N-domains (64/678)
have a (masked) intergenic coverage less than 20% (Fig. 73(b)) [509].

Mouse autosomes: When reproducing the same wavelet-based analysis for the 19 mouse autosomes [509], 634 N-domains
candidates are identified with no domain containing large stretches of unsequenced nucleotides (N). After discarding 47
detected N-domains of length L > 2.8 Mbp, we end with a library of 587 N-domains that cover 22.3% of the genome, i.e. a
percentage slightly smaller than previously obtained for the human genome. This results from the fact that more small
domains are detected in the mouse genome (Fig. 72) with a mean native (resp. masked) length of 0.91 Mbp (resp. 0.54
Mbp). Consistently with previous observations that replicon sizes are smaller in GC rich regions (Fig. 63(d)) [91], the mean
GC content of the mouse N-domains (42.4%) is slightly higher than in the human N-domains (40.8%). Despite these slight
quantitative differences,most of the features concerning gene organization in humanN-domains are also observed inmouse
N-domains [509] with a mean number of genes of 4.13 and globally a similar number of genes oriented in each direction
(1220 (+) genes and 1204 (−) genes). Like in the human autosomes, a majority of the 994 putative replication origins that
border the 587 mouse N-domains are intergenic (71%). Importantly the relative coverage of these N-domains by intergenic
regions is important (58.2%) and statistically very similar to what is observed with the human autosomes (Fig. 73).

6.1.3. Disentangling transcription- and replication-associated strand asymmetries
The second step in our methodology consists in deciphering in each detected N-domain, the contribution to the skew

coming from replication and the contribution associated to transcription [509,510]. According to the working model
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a b

Fig. 72. Normalized histograms ofN-domain length detected in the human (black) andmouse (grey) genomes: (a) native sequences; (b)masked sequences.
Source: Reprinted from Ref. [509].

a b

Fig. 73. Normalized histograms of intergenic regions in N-domains detected in the human (black) andmouse (grey) genomes: (a) total masked intergenic
length; (b) coverage by masked intergenic regions per N-domain.
Source: Reprinted from Ref. [509].

introduced in Section 6.1.1 (Fig. 70) [91], the theoretical skew profile in a N-domain can be written as:

S(x′) = SR(x′)+ ST (x′) = −2δ

x′

−
1
2


+ h +

−
genes

cgχg(x′), (24)

where position x′ within the domain has been rescaled between 0 and 1, h and δ (>0) are parameters that define the
replication bias (S5

′

R = h + δ at the 5′ N-domain extremity (Watson strand) and S3
′

R = h − δ at the 3′ extremity), χg is
the characteristic function for the gth gene that belongs to the N-domain (1 when the point is in the gene and 0 elsewhere)
and cg is its transcriptional bias calculated on the Watson strand (likely to be positive for (+) genes and negative for (−)
genes). For each N-domain detected, we use a general least-square fit procedure to estimate, from the noisy S profile, the
parameters δ, h and each of the cg ’s. The resulting χ2 value is then used to select the N-domain candidates where the
skew is well described by Eq. (24). As illustrated in Fig. 74 for a fragment of human chromosome 6 that contains 4 adjacent
replication N-domains (Fig. 74(a)), this method provides a very efficient way to disentangle the square-like transcription
skew component (Fig. 74(c)) from the N-shaped component induced by replication (Fig. 74(d)).

Remark. In the least-squares fit procedure,we fix the varianceσ 2 of theGaussian noise to the varianceσ 2
=

1
2σ

2
δS computed

in each N-domain from the pdf of the skew increments δS(n)/
√
2 = [S(n + 1) − S(n)]/

√
2. As quantitatively verified a

posteriori (Fig. 75), this variance, directly estimated from the total skew S (Fig. 74(a)), is a very good approximation of the
noise component of the skew once subtracted our model skew profile (Fig. 74(b)).

As reported in Table 7, among the 678 N-domains detected in the 22 human autosomes, our disentangling methodology
fails to provide satisfactory results (prohibitively too large χ2 values) for 14 domains only. We have checked that the main
reason for which our working hypothesis Eq. (24) does not apply is the fact that some regions present anomalous high
amplitude skew values. As far as the mouse genome is concerned, among the 587 N-domains detected in the 19 mouse
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Fig. 74. (a) Skew profile S of a 4.3Mbp repeat-masked fragment of human chromosome 6; each point corresponds to a 1 kbpwindow: red, (+) genes; blue
(−) genes; black, intergenic regions (the color is defined bymajority rule); the estimated skew profile (Eq. (24)) is shown in green; vertical lines correspond
to the locations of 5 putative replication origins that delimit 4 adjacent N-domains identified by the wavelet-based methodology. (b) Noise component
SNoise obtained by subtracting the estimated total skew (green line in (a)) from the original skew profile in (a). (c) Transcription-associated skew ST obtained
by subtracting the estimated replication-associated profile (green line in (d)) from the original S profile in (a); the estimated transcription step-like profile
(third term in the rhs of Eq. (24)) is shown in green. (d) Replication associated skew SR obtained by subtracting the estimated transcription step-like profile
(green lines in (c)) from the original S profile in (a); the estimated replication serrated profile (first two terms on the rhs of Eq. (24)) is shown in green; the
light-blue dots correspond to high-resolution replication timing tr data (Section 6.2.1). (For interpretation of the references to color in this figure legend,
the reader is referred to the web version of this article.)
Source: Adapted from Ref. [509].

autosomes, only 2 are discarded as not satisfying Eq. (24). The results reported in the next subsections will thus correspond
to a statistical analysis performed on 664 human and 585 mouse N-domains [509].

6.1.4. Statistical analysis of replication-associated strand asymmetries

Human autosomes: In Fig. 76 are reported the results of our estimate of the replication parameters S5
′

R = h + δ (Fig. 76(a)),
S3

′

R = h−δ (Fig. 76(b)), and h (Fig. 76(c)). The normalized histogramof the offset parameter h (vertical shift of theN profile) is
symmetric (Fig. 76(c)), with amean value h̄ = (−9.5%±8.4%)×10−2 (Table 7), that cannot be distinguished from zero. This
means that the replication N-shaped profile is mainly observed centered at zero with equal statistical probability of upward
and downward vertical shift by a few percent. The histograms of replication bias at the 5′ (Fig. 76(a)) and 3′ (Fig. 76(b)) N-
domain extremities are quite symmetric one from the other with mean values S̄5

′

R = 7.2% ± 0.1% and S̄3
′

R = −7.4% ± 0.1%,
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a b

Fig. 75. Semi-log representation of normalized histograms of skew values in: (a) a N-domain of length L = 2.6 Mbp (1.5 Mbp masked) in the human
genome and (b) a N-domain of length L = 2.3 Mbp (1.3 Mbp masked) in the mouse genome. The symbols correspond to the histogram of the skew
component SNoise (•) and of the total skew increments δS/

√
2 (◦). The continuous parabola corresponds to Gaussian distributions of standard deviation

σ = 0.090 (a) and 0.087 (b).
Source: Reprinted from Ref. [509].

a b c

Fig. 76. Normalized histograms of replication parameters S5
′

R (a), S3
′

R (b) and h (c) estimated in 664 N-domains identified in the 22 human autosomes
(black) and in 585 N-domains detected in the 19 mouse autosomes (grey) (see Table 7).
Source: Reprinted from Ref. [509].

Table 7
Mean replication parameters (in percent ±SEM) computed with our wavelet-based disentangling method from human and mouse skew profiles (Eq.
(24)) [509].

Number of N-domains S̄5
′

R S̄3
′

R h̄

Human 664 7.2 ± 0.1 −7.4 ± 0.1 (−9.5±8.4)×10−2

Mouse 585 6.8 ± 0.2 −6.8 ± 0.2 (−1.8±7.9)×10−2

as expected from an antisymmetric N-shaped skew pattern of zero mean. Altogether these results provide some estimate of
the mean replication bias δ̄ = 7.3% ± 0.1%, which corresponds to an upward jump of mean amplitude ≃14.6% in the skew
profile at the putative replication origins that border the replication N-domains. These estimates are consistent with those
obtained in our pioneering study of large amplitude upward jumps in human skew profiles (Sections 5.3 and 5.4, Table 5)
[89,90]. As a test of the reliability of our methodology, we compare in Fig. 77, the results of our estimates of the replication
parameters h and δ for each N-domain to the corresponding values obtained directly from some fit of the S profile when
considering only the intergenic regions where the observed skew is supposed to result from replication only. As observed
in Fig. 77(a) for the parameter h and in Fig. 77(b) for the parameter δ, a large majority of points fall, up to the numerical
uncertainty, on the diagonal. Thus, except for a small percentage of N-domains where intergenic coverage (Fig. 73) is too
small to allow us to compute the replication parameters directly from the intergenic skew profile, the estimates reported in
Table 7 are quite consistent with the skew values observed genome wide in intergenic sequences [509].

Mouse autosomes: As shown in Fig. 76, the histograms of replication parameters (S5
′

R , S3
′

R , h) values computed with our
methodology for the mouse autosomes are undistinguishable from the ones previously obtained for the human autosomes.
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a b

Fig. 77. Test of the consistency of our disentangling methodology: for each N-domain detected in the 22 human autosomes, the replication parameters
computed directly from the intergenic skew only are plotted vs. the corresponding parameters derived from our disentangling method. (a) h vs hintergenic ;
(b) δ vs δintergenic . For clarity, only (437/664) N-domains containing more than 200 kbp of intergenic masked sequences are represented such that the error
bars remain small enough.
Source: Reprinted from Ref. [509].

Fig. 78. Normalized histograms of transcription bias ST computed as explained in the main text for human (black) and mouse (grey) genes of length
≥20 kbp. (a) (+) Genes; (b) (−) genes (see Table 8).
Source: Reprinted from Ref. [509].

The detected N-domains have a zeromean replication skew (h̄ = (−1.8%±7.9%)×10−2) and an antisymmetric shape with
S̄5

′

R = 6.8% ± 0.2% and S̄3
′

R = −6.8% ± 0.2% (Table 7), corresponding to an upward jump in the mouse skew profile, at the
detected putative replication origins, of characteristic amplitude ∼13.6% similar to the ∼14.4% previously observed for the
human autosomes.

6.1.5. Statistical analysis of transcription-associated strand asymmetries

Human autosomes: To estimate the mean transcription bias of the genes belonging to a given N-domain, we consider the
transcription-associated skew ST obtained after subtracting the estimated N-shaped replication profile as illustrated in
Fig. 74(c). Then as first proposed in Ref. [454], the transcription skew of the genes is measured by averaging ST over intron
sequences after removing 490 bp at each intron extremities in order to get rid of the contribution to the skew coming from
splicing signals. In Fig. 78 and Table 8 are reported the transcription bias so estimated for 726 (+) genes and 731 (−) genes of
length≥ 20 kbp, so that the total intronic coverage is enough to ensure convergence in the estimate of the gene transcription
skew. The histograms of ST values for (+) and (−) genes are remarkably symmetric with means S̄(+)T = 5.1% ± 0.2% and
S̄(−)T = −5.2%± 0.2% respectively. This confirms that the local genic contribution of transcription to the total skew is of the
samemagnitude (∼5%) than the contribution induced by replication (∼7.5%) which can be seen a posteriori as a justification
of the need to develop a methodology capable to disentangle these two skew components. This suggests that previous
estimates [453,454] of total transcription bias (∼8%, see Fig. 57) were biased by the presence of a replication-associated
skew. According to the remarkable gene organization evidenced in replication N-domains [91] (see Section 6.3), we further
focus on R+ genes ((+) genes in the 5′ N-domain half and (−) genes in the 3′ N-domain half) that are transcribed in the
same direction as the putative replication fork progression and R− genes ((−) genes in the 5′ N-domain half and (+) genes
in the 3′ N-domain half) that are transcribed in the opposite direction. Close to the bordering putative origins, R+ genes
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Table 8
Mean transcription skews (in percent±SEM) computedwith our wavelet-based disentanglingmethod from human andmouse skew profiles (see Eq. (24))
S̄(+)T , S̄(−)T , S̄R+T , S̄R−T , are the mean transcription skews computed for (+), (−), R+ and R− genes of length ≥ 20 kbp. For R+ and R− genes, the transcription
skew is computed on the gene strand, and therefore expected to be positive (see Fig. 57) [509].

S̄(+)T (n(+)) S̄(−)T (n(−)) S̄R+T (nR+) S̄R−T (nR−)

Human 5.1 ± 0.2 (726) −5.2 ± 0.2 (731) 5.3 ± 0.1 (942) 4.8 ± 0.3 (309)
Mouse 5.1 ± 0.2 (467) −4.9 ± 0.2 (481) 5.1 ± 0.2 (561) 5.1 ± 0.4 (213)

Fig. 79. Mean transcription skew computed on the gene strand for R+ (•) and R− (◦) genes of length ≥20 kbp, as a function of the (non-masked) distance
to the closest N-domain border: (a) Human genes; (b) mouse genes (see Table 8). Each point corresponds to average over 40 gene promoter positions and
transcriptional skews; vertical error bars represent SEM.
Source: Reprinted from Ref. [509].

are more abundant and longer than R− genes. As reported in Table 8, R+ and R− genes have a similar transcriptional skew
S̄R+T = 5.3% ± 0.1% and S̄R−T = 4.8% ± 0.3%. Furthermore, as shown in Fig. 79(a), when plotting their transcriptional
skew vs. their distance to their proximal N-domain border, we observe some significant decreases for both R+ and R−
genes from values∼7% close to the putative replication origin to values∼3% (R−) and∼4% (R+). Thus genes lying in a close
neighborhood of the replication origins aremore biased by transcription than central genes, a result which seems to be quite
consistent with the recent observation that these putative replication origins correspond to particular chromatin regions
permissive to transcription, that may have been imprinted in the DNA sequence during evolution [92] (see Section 7.3). In
particular, if according to the size of the error bars, we cannot conclude about the significance of the damped oscillations
observed for the R+ transcription bias in Fig. 79(a), they resemble to those displayed by the mean density profile of Pol II
binding at gene promoter (±2 kbp around TSS) when plotted vs. the distance to the closest N-domain border (see Fig. 113)
[92].
Mouse autosomes: Similarly, the estimate of the transcription bias for (+) (Fig. 78(a)) and (−) (Fig. 78(b)) mouse genes are
in remarkable agreement with those obtained for human genes. As reported in Table 8, we get the following mean values
S̄(+)T = 5.1% ± 0.2%, S̄(−)T = −4.9% ± 0.2% for (+) and (−) genes respectively, and S̄R+T = 5.1% ± 0.2%, S̄R−T = 5.1% ± 0.4%
for the transcription bias for R+ and R− genes. Interestingly, the transcription bias for R+ and R− genes decrease from
values ∼6%–8% close to the N-domain borders down to values ∼2% towards the N-domain center (Fig. 79(b)). Again we
recover some feature previously evidenced with human genes, except that no (damped) oscillatory behavior is observed
in the decrease of SR+T as a function of the distance to the nearest N-domain border. This difference will be the subject of
further investigation via a specific comparison of the replication and transcription biases of orthologous genes in the human
and mouse genomes and also of their relative positioning inside the replication N-domains.

6.1.6. Correlating transcription-associated strand asymmetries to gene expression in the germline
The quantitative agreement obtained between the human and mouse skew estimates strongly suggests that both

the replication and transcription components of the skew inside the N-domains are conserved in mammalian genomes.
These results open new perspectives in genomic and post-genomic data analysis. In particular, as reported in Fig. 80 and
Table 9, they provide the possibility to correlate separately the replication-associated and transcription-associated skew
components to gene expression data. Here we focus our analysis on a key group of 315 protein-coding genes that were
found [511] to be differentially expressed betweenmale germcells and somatic controls and to display highly similarmeiotic
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Table 9
Correlation analysis between expression data in germline cells (SG= spermatogonia, SC= spermatocytes, ST= spermatids, TU= tubules) and somatic cells
(Brain, Liver) with transcription-associated skew ST and replication-associated skew SR . r = Pearson’s product moment correlation coefficient and P is the
associated P-value for no association (r = 0). The expression data correspond to the key group of 315 protein-coding genes with conserved transcriptome
in human and rodent male gametogenesis identified in Ref. [511].

Skew Germline Somatic
SG SC ST TU Brain Liver

ST
r 0.36 −0.019 −0.19 −0.042 0.12 −0.0023
p 6.9 × 10−11 0.73 7.7 × 10−4 0.46 5 × 10−5 0.94

SR
r 0.17 0.025 −0.058 0.051 0.11 −0.0040
p 2.1 × 10−3 0.65 0.30 0.36 2.6 × 10−4 0.90

a b

c d

Fig. 80. Correlation between expression data in male germline in mouse with transcription skew ST and replication skew SR computed on the gene strand
for the 315 protein-coding genes defined in Ref. [511]. (a) ST for meiotic spermatocytes: r = −0.019, P = 0.73; (b) ST for post-meiotic round spermatids:
r = −0.19, P = 7.7× 10−4; (c) ST for mitotic spermatogonia: r = 0.36, P = 0.9× 10−11; (d) SR for mitotic spermatogonia: r = 0.17, P = 2.1× 10−3 (see
Table 9). The slopes of the regression lines are respectively (a) −0.0004 ± 0.0011, (b) −0.0036 ± 0.0010, (c) 0.0077± 0.0011 and (d) 0.0034 ± 0.0010.

and post-meiotic patterns of transcriptional induction across human, mouse and rat populations. This correlation analysis
does not reveal any significant correlation between replication-induced component SR of the skew and expression data in
somatic as well as germline cells (Fig. 80(d) and Table 9), which can be seen a posteriori as some control of the efficiency of
our disentangling methodology.

A similar absence of correlations is also found for the transcription-induced component ST of the skew and this not only
for somatic cells but also for themeiotic class of spermatocytes containing genes required for reproduction, spermatogenesis,
the meiotic cell cycle and protein degradation by the ubiquitin cycle (Fig. 80(a), Table 9) as well as for the class of genes
induced in post-meiotic spermatids mainly involved in reproduction, spermatogenesis and fertilization (Fig. 80(b), Table 9).
Interestingly, among germline cells, significant positive correlations are only found between ST and expression data in
mitotic spermatogonia (r = 0.36, P = 6.9 × 10−11) that were shown [511] to be associated with the cell cycle, germ
cell and embryonic development, chromosome organization and biogenesis (Fig. 80(c), Table 9). This result indicates that
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a b c

Fig. 81. (a) Histogram N(tr ) of the replication timing ratio tr at the 83 putative replication origins identified in the human chromosome 6. (b) Histogram
N(1tr ) of the difference 1tr in replication timing ratio between the borders and the center of the 38 replication N-domains of length L ≥ 1 Mbp. (c)
Percentage of border-center pairs such that1tr > 0 (N) and mean value1tr (•) vs. the N-domain length L; N-domains have been ordered by length and
binned into 6 group of border-center pairs.
Source: Reprinted from Ref. [510].

a b

Fig. 82. (a) Average replication timing ratio (±SEM) determined around the 83 putative replication origins (•), 20 origins with well-defined local
maxima (◦) and 10 late replicating origins (△). 1x is the native distance to the origins in Mbp units. (b) Histogram of Pearson’s correlation coefficient
values between tr and the absolute value of SR over the 38 predicted domains of length L ≥ 1 Mbp. The dotted line corresponds to the expected histogram
computed with the correlation coefficients between tr and |S| profiles over independent windows randomly positioned along chromosome 6 and with the
same length distribution as the 38 detected domains.
Source: Reprinted from Ref. [510].

the contribution to the asymmetry of strand composition that has accumulated during transcription from cell cycle to cell
cycle and further transmitted from generation to generation in the germline actually reflects gene expression level inmitotic
germline cells.

6.2. DNA replication timing data corroborate in silico human replication origin predictions

During the duplication of eukaryotic genomes that occurs during the S phase of the cell cycle, the different replication
origins are not all activated simultaneously [427,462,463,465,469,507,512]. Recent technical developments in genomic
clone microarrays have led to novel way of detecting the temporal order of DNA replication [507,512]. The arrays are
used to estimate replication timing ratios, i.e. ratios between the average amount of DNA in the S phase at a locus along
the genome and the usual amount of DNA present in the G1 phase for that locus. These ratios should vary between 2
(throughout the S phase, the amount of DNA for the earliest replicating regions is twice the amount during G1 phase) and
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Fig. 83. Correlation between the replication-associated compositional asymmetry SR and the replication timing ratio tr along 5 replication N-domains
bordered by rather early replicating putative origins. (a–e) Phase portrait representation of tr vs. SR; the arrows points in the 5′–3′ direction. (a’–e’)
Corresponding SR (black points) and tr (blue dots) profiles. (For interpretation of the references to color in this figure legend, the reader is referred to
the web version of this article.)
Source: Reprinted from Ref. [510].

1 (the latest replicating regions are not duplicated until the end of S phase). This approach has been successfully used to
generate genome-wide maps of replication timing for S. cerevisiae [513], Drosophila melanogaster [466] and human [514].
Recently, two new analyses of human chromosome 6 [512] and 22 [507] have improved replication timing resolution from
1 Mbp down to ∼100 kbp using arrays of overlapping tile path clones. In this section, we report on a very promising first
step towards the experimental confirmation of the thousand putative replication origins located at N-domain borders as
discussed in Section 6.1. The strategy will consist in mapping them on the recent high-resolution timing data [512] and in
checking that these regions replicate earlier than their surrounding [510].

6.2.1. Human chromosome 6
Chromosome 22 [507] being rather atypical in gene and GC contents, we mainly report here on the correlation

analysis [510] between nucleotide compositional skew and timing data for chromosome 6 [512] which is more
representative of thewhole human genome. Note that timing data for clones completely included in another clone have been
removed after checking for timing ratio value consistency leaving 1648 data points. The timing ratio value at each point has
been chosen as the median over the 4 closest data points to remove noisy fluctuations resulting from clone heterogeneity
(clone length 100 ± 51 kbp and distance between successive clone mid-points 104 ±89 kbp), so that the spatial resolution
is rather inhomogeneous ∼300 kbp. Note that using asynchronous cells also results in some smoothing of the data, possibly
masking local maxima.

Our wavelet-based methodology has identified 54 replication domains in human chromosome 6 [509,510]; these
domains are bordered by 83 putative replication origins among which 25 are common to two adjacent domains. Four of
these contiguous domains are shown in Fig. 74. In Fig. 74(d), on top of the replication skew profile SR, are reported for
comparison the high-resolution timing ratio tr data from Ref. [512]. The histogram of tr values obtained at the 83 putative
origin locations is shown in Fig. 81(a). It displays a maximum at tr ≃ t̄r ≃ 1.5 and confirms what is observed in Fig. 74(d),
namely that amajority of the predicted origins are rather early replicatingwith tr ≥ 1.4. This contrastswith the rather low tr
(≃1.2) values observed in N-domain central regions (Fig. 74(d)). In Fig. 81(c) are reported the results of a statistical analysis
of the difference1tr of replication timing ratios between borders and domain centers vs. the native length L of the domain.
The average 1̄tr steadily increases from 0 to 0.2 for the largest domains. Actually more than 75% of the border-center pairs
are such that1tr > 0 when the total domain length L ≥ 1 Mbp, i.e. when the border-center distance is significantly larger
than the timing data resolution. The overall histogram of 1tr values obtained for these 76 border-center pairs is shown in
Fig. 81(b). It mainly expands over positive 1tr values with a right tail reaching 1tr = 0.4, as a confirmation that while a
majority of putative origins at the borders of the replication N-domains replicate rather early in the S phase, the central part
of these domains systematically corresponds to regions that replicate quite late.

But there is an even more striking feature in the replication timing profile in Fig. 74(d): 3 among the 5 predicted origins
correspond, relatively to the experimental resolution, to local maxima of the tr profile. As shown in Fig. 82(a), the average tr
profile around the 83 putative replication origins decreases regularly on both sides of the origins over a few (4–6) hundreds
kbp confirming statistically that domain borders replicate earlier than their left and right surroundings, which is consistent
with these regions being true replication origins mostly active early in S phase. In fact, when averaging over the top 20
origins with a well-defined local maximum in the tr profile, t̄r displays a faster decrease on both sides of the origin and a
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a b

Fig. 84. Genome-wide high resolution (kbp) experimental verification of putative replication origins using massive sequencing technology [528,529]. (a)
Abundance of nascent replicating strands on both sides of the 678 replication N-domains identified in the 22 human autosomes. (b) Median replication
timing profile along humanN-domains; themedian timing TR50 is defined as the fraction of the S phase (0 ≤ TR50 ≤ 1) at which 50% of DNA is replicated in
a defined genome region (50% of cumulative enrichment); the data have been obtained by linear interpolation of enrichment values in four compartments
of the S phase [529].

higher maximum value ∼1.55 corresponding to the earliest replicating origins. On the opposite, when averaging tr profiles
over the top 10 late replicating origins, we get, as expected, a rather flat mean profile (tr ∼ 1.2) (Fig. 82(a)). Interestingly,
these origins are located in rather wide regions of very low GC content (.34%, not shown) correlating with chromosomal G
banding patterns predominantly composed of GC-poor isochores [515,516]. This illustrates how the statistical contribution
of rather flat profiles observed around late replicating origins may significantly affect the overall mean tr profile. Individual
inspection of the 38 replication domainswith L ≥ 1Mbp shows that, in those domains that are bordered by early replicating
origins (tr & 1.4–1.5), the replication timing ratio tr and the absolute value of the replication skew |SR| turn out to be strongly
correlated. This is quantified in Fig. 82(b) by the histogramof the Pearson’s correlation coefficient values that is clearly shifted
towards positive values with a maximum at ∼0.4. As illustrated in Fig. 83 for 5 of those replication N-domains [510], when
using the phase portrait reconstruction technique from dynamical system theory [517–524], we reveal a remarkable noisy
cycle-like behavior when plotting tr vs. SR (Fig. 83(a-e)) and identifying the position from the domain 5′ extremity to time. If,
like in Fig. 83(d), we include the left upward jump in SR in the domain, we start observing a fast variation of SR from negative
(∼−0.08) to positive (∼+0.08) values while tr ∼ 1.5 remains almost unchanged. Then, when entering the domain, SR starts
decreasing rather linearly while tr decreases slowly leading to a somehow semi-circular behavior of the trajectory in the (SR,
tr ) phase space; aminimum is actually reached in the domain central regionwhere SR (≃0) switches frompositive to negative
values and tr takes its smallest value (∼1.2–1.25), before increasing again while SR keeps decreasing to negative values until
the 3′ extremity of the domain is reached. Let us emphasize that this noisy cycle-like behavior of relaxational character is
robustly observed in 16(/38) replication domains that are bordered by early replicating putative origins (Fig. 83(a–e)). In
11(/38) domains the cycle is deformed due to the late replication of one of the borders [510].

6.2.2. Human autosomes
In several very recent studies, small nascent DNA strands synthesized at origins were purified by various methods

[477–479,525,526] and hybridized to ENCODE microarrays, to map a few hundred putative origins in 1% of the human
genome. However, the concordance between the different studies is very low (from<5% to<25%), even when they employ
the same technique [479,526], for reasons that are currently unclear [527]. Insufficient purification of origin DNA or biased
amplification of the starting material may explain some of these results. In a recent experiment with HeLa cells, O. Hyrien
and collaborators havemassively sequenced small nascent strands (SNS) purified using λ-exo digestion [528]. They confirm
that the ENCODE origins identified by Cadoret et al. [479] are enriched in their SNS preparation, but more interestingly,
as reported in Fig. 84(a), they find that the replication N-domain borders show a comparable SNS enrichment, strongly
suggesting thatmost of them are functional origins in HeLa cells [528]. However, detailed analysis suggests that background
contamination still hampers the reliable detection of individual origins and that the number of sequence reads should be
increased by a factor of 10–20 to solve this problems, a task that is currently quite prohibitive.

In their pilot experiment, O. Hyrien and collaborators have also determined the replication timing profile of the entire
human genome. Asynchronous cells were pulse-labeled with BrDU, a thymidine analogue that is incorporated in replicating
DNA, sorted by FACS into four temporal compartments of S phase, and the newly synthesized DNA from each compartment
was immunoprecipitatedwith anti-BrDU antibodies andmassively sequenced using a Solexa/Illumina platform. Replication
timing of each genome position was estimated as the time in S phase at which 50% of the sequence reads that map in
the region were obtained [529]. Importantly, strong correlations are observed between these high resolution data and
(i) fragmentary timing data from HeLa cells measured in ENCODE regions [530], (ii) low-resolution whole genome timing
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Fig. 85. Illustration of the gene organization around 4 putative replication origins in a fragment of the human chromosome 9. The color coding of the
repeat masked skew profile S is the same as in Fig. 74. In most cases, genes are oriented in the same direction as the putative replication fork progression.

data for human lymphocytes [512,531], and (iii) more recent data in a variety of human cell types [532,533]. Therefore,
in contrast to the origin-mapping data based on microarray hybridization of short nascent strands, the replication timing
profiles generated by different groups are satisfyingly concordant. As shown in Fig. 84(b), the genome-wide replication
timing data of Hyrien’s group confirm and strengthen the results previously obtained in Figs. 81–83 on chromosome 6 [510]:
N-domains borders replicate earlier than their flanking sequences and likely correspond to replication origins mostly active
in the early S phase whereas the central regions replicate late.

6.3. Gene organization in the detected replication N-domains

6.3.1. Gene orientation
As reported in Section 6.1.2, most of the 1062 putative replication origins that border the 678 detected replication N-

domains are intergenic (78%) and are located near to a gene promoter more often than would be expected by chance [91].
The N-domains contain approximatively equal number of genes oriented in each direction (Section 6.1.2). As illustrated in
Fig. 85 and quantified in Fig. 86(b), gene distributions in the 5′ halves of N-domains contain more (+) genes than (−) genes,
regardless of the total number of genes located in the half domains. Symmetrically, the 3′ halves contain more (−) genes
than (+) genes. About 33% of half-domains contain one gene and 51% containmore than one gene,with an overallmean gene
number per N-domain of 4.93. Importantly, when disregarding the genes that overlay a putative replication origin, the 678
replicationN-domains contain significantlymore R+ genes (1911), oriented in the same direction as the putative replication
fork progression, than R− genes (1111) that have the opposite direction. Within 50 kbp of putative replication origins, the
mean density of R+ genes is 8.2 times greater than that of R− genes. This asymmetry weakens progressively with the
distance from the putative origins, up to∼ 250 kbp (Fig. 86(b)). A similar asymmetric pattern is observedwhen the domains
containing duplicated genes are eliminated from the analysis, whereas control domains obtained after randomization of
domain positions present similar R+ and R− gene density distributions (Supplementary in Ref. [91]). Themean length of the
R+ genes near the putative origins is significantly greater (∼ 160 kbp) than that of the R− genes (∼ 50 kbp), however both
tend towards similar values (∼ 70 kbp) at the center of the domains (Fig. 86(c)). Within 50 kbp of the putative origins, the
ratio between the numbers of base pairs transcribed in the R+ and R− directions is 23.7; this ratio falls to∼ 1 at the domain
centers (Fig. 86(d)). This strong transcriptional polarity could be mainly attributable to the preferential R+ orientation of
the first gene (the closest to the N-domain extremity). Yet polarity is still observed for half-domains harboring various gene
numbers even after the first gene has been eliminated [91].

6.3.2. Gene breadth expression
In Fig. 86(e) are reported the results of the analysis of the breadth of expression, Nt (number of tissues in which a gene

is expressed) of genes located within the detected domains [91]. As measured by EST data (similar results are obtained by
SAGE or microarray data [91]), Nt is found to decrease significantly from the extremities to the center in a symmetrical
manner in the 5′ and 3′ half-domains. Thus genes located near the putative replication origins tend to be widely expressed
whereas those located far from them are mostly tissue-specific. Note that this result is robustly observed after eliminating
duplicated genes. We have further checked that the decrease in both Nt values (Fig. 86(e)) and gene length L (Fig. 86(c)),
from theN-domain border to its center does not reflect a correlation between gene length and expression breadthmeasured
using EST, SAGE or microarray data [91].
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Fig. 86. Analysis of the genes located in the identified replication N-domains. (a) Arrows indicate the R+ orientation, i.e. the same orientation as the
most frequent direction of putative replication fork progression; R− orientation (opposed direction); red, (+) genes; blue, (−) genes. (b) Gene density: the
density is defined as the number of 5′ ends (for (+) genes) or of 3′ ends (for (−) genes) in 50 kbp adjacentwindows, divided by the number of corresponding
domains; in the abscissa, the distance, d, in Mbp, to the closest domain extremity. (c) Mean gene length: genes are ranked by their distance, d, from the
closest domain extremity, grouped by sets of 150 genes, and the mean length (kbp) is computed for each set. (d) Relative number of base pairs transcribed
in the + direction (red), − direction (blue) and non-transcribed (black) determined in 10 kbp adjacent sequence windows. (e) Mean expression breadth
using EST data. (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [91].

Fig. 87. Model of gene organization coordinated by replication and transcription. Two successive putative replication origins (ORI) delineate a replication
N-domain. Open chromatin: arrows illustrate an open chromatin state at replication origin position. Replication timing: the triangles figure the replication
timing values along the N-domain. Replication fork orientation: the triangles indicate the proportion of replication forks progressing from each extremity
to the other extremity along the domain (during the successive cell cycles, replication terminates at random siteswithin the domain). Breadth of expression
is maximumnear the replication origins and decreases toward the domain center (grey triangles). Transcription orientation: it is preferentially co-oriented
with the replication fork progression; the colored triangles indicate the proportion of base pairs along the domain transcribed in the + direction (red) and
− direction (blue). Gene organization: red (resp. blue) arrows indicate (+) (resp. (−)) genes in the domains. (For interpretation of the references to color
in this figure legend, the reader is referred to the web version of this article.)
Source: Reprinted from Ref. [91].
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Fig. 88. Masked skewprofiles of three split-N-domains calculated in non-overlapping 1 kbpwindows (masked sequence), with colored dots corresponding
to (+) genes (red) and (−) genes (blue) [549,550]. Split-N-domain shape are sketched in green line. Masked GC content calculated in non-overlapping
100 kbp windows (with a step of 100 kbp) is drawn in purple line. The cyan curve corresponds to high resolution replication timing TR50 data (100 kbp
windows shifted by 10 kbp steps) (see Fig. 84) [529]. (For interpretation of the references to color in this figure legend, the reader is referred to the web
version of this article.)

Altogether the results reported in this section provide the first demonstration of the quantitative relationships in the
human genome between gene expression, orientation and distance fromputative replication origins [91,534]. A possible key
to the understanding of this complex architecture is the coordination between replication and transcription. The putative
replication origins would mostly be active early in the S phase in most tissues. Their activity could result from particular
genomic context involving transcription factor binding sites and/or from the transcription of their neighboringhousekeeping
genes. This activity could also be associated with an open chromatin structure, permissive to early replication and gene
expression in most tissues [535–538]. This open conformation could extend along the first gene, possibly promoting the
expression of further genes. This effect would progressively weaken with the distance from the putative replication origin,
leading to the observed decrease in expression breadth. This model (Fig. 87) is consistent with a number of data showing
that in metazoans, ORC and RNA polymerase II colocalize at transcriptional promoter regions [539], and that replication
origins are determined by epigenetic information such as transcription factor binding sites and/or transcription [540–543].
It is also consistent with studies in Drosophila and humans that report correlation between early replication timing and
increased probability of expression [466,507,512,539,544]. Furthermore, near the putative origins bordering the replication
domains, transcription is preferentially oriented in the same direction as replication fork progression. This co-orientation
has been interpreted as possibly reducing head-on collisions between the replication and transcription machineries, which
may induce deleterious recombination events either directly or via stalling of the replication fork [545,546], as observed in
bacteria for essential genes [547]. But this interpretation has been recently questioned by the analysis of the subset of human
genes that are transcribed during the S phase and that do not present a significant co-orientation with the replication-fork
progression [548].

6.4. Identifying several mega-base-pair long replication split-N-domains

6.4.1. Detection of replication split-N-domains
As reported in Fig. 72(a), N-domain size extends up to 2.8–3 Mbp [509]. However in Section 5.4, with our wavelet-based

methodology, we have detected large amplitude skew upward jumps that are separated by distances larger than 3 Mbp
without any other upward (and downward) jump in between. As illustrated on three examples in Fig. 88, the skew S no
longer decreases over the whole domain length but only on ∼1.5 Mbp nearby the bordering putative replication origins,
independently on the domain size, leaving a large central region of null skew. This shape is reminiscent of an N but split in
half andwith a central region of null skew that can reach several Mbp; this led us to name these domains ‘‘split-N-domains’’
[549,550]. We have detected 113 split-N-Domains with sizes ranging between 3 and 15 Mbp and that cover collectively
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Fig. 89. Description of (a, a’, a’’) the skew S, (b, b’, b’’) the GC content, (c, c’, c’’) the gene density and (d, d’, d’’) the coverage in DNase Hypersensitive
Sites (DHS) along the 74 central regions of human split-N-domains [550]. (a) Variance of the masked skew calculated in 100 kbp windows vs. mean of
the masked skew; (a’, a’’) corresponding mean and variance histograms. (b) Variance vs. mean of the masked GC content; (b’, b’’) corresponding mean
and variance histograms. (c) Variance vs. mean of the gene density (number of genes per Mbp); (c’, c’’) corresponding mean and variance histograms.
(d) Variance vs. mean of the coverage in DHS (in %bp); (d’, d’’) corresponding mean and variance histograms. In (a–d), each red circle corresponds to one
of 74 central regions of split-N-domains; blue circles correspond to regions randomly drawn in the genome that have the same size distribution as the
74 split-N-domain central regions. Red (resp. blue) dashed lines correspond to the median of the red (resp. blue) histograms of mean and variance in the
central regions (resp. in randomly drawn regions in the human genome) [549,550]. (For interpretation of the references to color in this figure legend, the
reader is referred to the web version of this article.)

17% of the human genome. We have checked that split-N-domain borders have similar properties as N-domain borders in
particular as far as gene organization (Section 6.3) is concerned [549,550]. This is a strong indication that the split-N-domain
border length ∼1.5 Mbp is a characteristic size in the organization, coordination and regulation of replication, transcription
and chromatin.

6.4.2. Linking split-N-domains to GC-poor isochores and gene deserts
What distinguishes these new replication split-N-domains are their large central regions with a homogeneous null skew

that are replicated very late in the S phase (Fig. 88). To study these central regions, we have retained the 74 split-N-domains
whose size is superior to 3.5 Mbp, and considered the central region distant of more than 1.5 Mbp from the two borders.
These 74 central regions have sizes ranging from 500 kbp to 11.5 Mbp and overall cover 128 Mbp (4.5% of genome length).

Central regions of split-N-domains: homogeneous null skew. Central regions have a quasi-null skew. What is interesting is not
that the skew is on average null but that it is homogeneously null (Fig. 88). At the scale of a chromosome, there are as much
positive as negative contributions to the skew profile of the human genome, so that the skew of a chromosome or of the
whole genome has a distribution centered on zero (Fig. 89(a) and (a’)). But, when comparing central regions to randomly
drawn regions of the same size, the skew distribution of central regions is much more narrowed (Fig. 89(a) and (a’)). The
proportion of central regions with an average skew comprised between −0.01 and 0.01 reaches 54.1%, far more than the
expected value of 6.2%. This homogeneity of the skew appears more clearly when directly looking at its variance inside
each central region compared with the random expectation (Fig. 89(a) and (a’’)). A homogeneously null compositional skew
suggests that there is no preferred directionality of the replication fork. One way to account for this is to have a random
initiation of replication in these regions. Indeed, if initiation events are randomly distributed, the opposite contributions
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to strand asymmetry of forks progressing in both directions would compensate each other, and thus the whole region of
random initiation would harbour a null skew [549,550].
Central regions of split-N-domains: GC poor isochores. As shown in Fig. 89(b–b’’), central regions of split-N-domains also
correspond to very low GC isochores [127,146–152]. Their GC content has a median value of 0.34 whereas the median for
randomly drawn regions of the same size is 0.39 (Fig. 89(b) and (b’)). Close to 22% of the central regions and less than 1% of
the random regions have a GC content inferior to 0.32. Similarly to what we have observed for the skew, their GC content is
not only low but homogeneous (Fig. 89(b’’)) [549,550].
Central regions of split-N-domains: gene deserts. LowGC isochores are known to be poor in genes [127,146–152]. Consistently,
we find that split-N-domains central regions correspond to gene deserts. Out of the 74 central regions, 33 are void of genes
and the remaining 41 contain altogether 205 genes. On average, they have a very low gene density (1.53 gene per Mbp) and
∼49% of the central regions and only 1.9% of the random regions have a gene density inferior to one gene perMbp (Fig. 89(c)
and (c’)). As for the GC content and the skew, the variance of the gene density in the central regions of split-N-domains is
smaller than expected (Fig. 89(c’’)) [549,550].

To summarize, the central regions of split-N-domains correspond to late replicating gene desert with a low GC content
and a null skew (Figs. 88 and 89). The replication of a large region at the end of the S phase, when there is not much
time left to do so, possibly requires an increase in the number of origin firings. Indeed, studies of replication initiation in
Xenopus early embryos, where no transcription occurs, have revealed that (i) location of replication initiation is randomeven
though replication timing is deterministic at large scale (Mbp) [464,551], and (ii) the rate of initiation (number of origins
firing per unit of time) increases with time during the S phase [552]. Analyses of the replication timing profiles of several
other eukaryotes have revealed that the increase in the rate of initiation during the S phase could be universal [553,554].
Besides, transcriptional activity was shown to contribute to the definition of the replication program as replication initiation
is suppressed within transcription units in Xenopus eggs [555] and transcription initiation might specify the activation of
replication origins [541,556]. Hence the low gene density in these regions could underlay the absence of strong origins and
the randomness of replication initiation [549,550].

In this section, we have segmented the human genome in replication N-domains and split-N-domains that altogether
covermore than half of the genome. In these replication domains that are likely to be conserved inmammalian genomes (see
Section 6.1 forN-domains, data not shown for split-N-domains), genes are remarkably organized in position and orientation,
strongly suggesting that these domains are functional units where transcription and replication are highly coordinated. In
the next section, we will discuss the possibility that these units are indeed structural domains at the heart of the tertiary
structure of chromatin inside eukaryotic nuclei. In particular, wewill report the results of the analysis of chromatinmarkers
that will show that the putative replication origins that border both N-domains and split-N-domains are likely specified by
a peculiar open chromatin environment [92].

7. From sequence analysis to the modeling of the chromatin tertiary structure

7.1. Sequence effects on the structure of the eukaryotic chromatin fiber

7.1.1. The fiber structure
So far, we have mainly focused on the primary structure of the nucleosomal array, i.e. on the linear nucleosome

positioning along eukaryotic chromosomes (see Sections 3 and 4). In particular, we have shown that this positioning
is mainly controlled by a mechanism of ‘‘equilibrium statistical ordering’’ which provides some understanding of the
alternation of well-ordered nucleosome patterns confined near excluding energy barriers (NFRs) and of regions of more
diluted non-positioned nucleosomes, observed in vivo [81–83,86]. However, as already pointed out (Fig. 1), this 10 nm
chromatin fiber has the propensity to condense into a highly folded and compact structure called the 30 nm chromatin
fiber [1,2], depending on the ionic strength and on the presence or not of linker histones [557,558]. But if the structure of
the nucleosome is known at atomic resolution [8–10,559,560], the structure of the fiber and its higher order organization
remain controversial and various models for the fiber geometry are still under investigation [268,269,274,561,562]. Among
the various difficulties encountered in this structural issue, one comes from the size of the fiber in between the range of light
microscopy (scales larger than a few hundreds nm) and of crystallography and other experimental techniques available at
molecular scales (less than a few tens of nm). Another technical difficulty concerns the necessity of extracting the fiber from
the cell nucleus without disturbing and modifying its structure. Furthermore, it is by no mean certain that the structures
observed in vitro for purified fibers or with reconstituted nucleosome arrays, reproduce the actual functional and dynamical
structure of the fiber in vivo. Evenmore crucial, the fiber structural and functional organization is likely to vary in space, along
the chromosomes (e.g. heterochromatin versus euchromatin) and in time, during the cell cycle [268]. The structure designed
to achieve the very tight and optimal packing required duringmitosis condensation [563–566] is presumably different from
the more extended and less condensed conformations that are expected to favor the accessibility of regulatory sites to
external factors involved in functional processes like transcription and replication [416,563,567].

As illustrated in Fig. 90, early in vitro visualization of native or reconstituted chromatin fibers by cryo-electronmicroscopy
[568–571] and scanning force microscopy [382,383,572] has revealed a three-dimensional fiber structure at low ionic
strength with a diameter of ∼30 nm and an irregular, zig–zag arrangement of nucleosomes (Fig. 90(a)). At higher ionic
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Fig. 90. A gallery of electron micrographs of chromatin. (a) Low ionic-strength chromatin spread, the ‘‘beads on a string’’; size marker: 30 nm. (b) Isolated
mono-nucleosomes derived from nuclease-digested chromatin; size marker: 10 nm. (c) Chromatin spread at a moderate ionic strength to maintain the
30 nm higher-order structure; size marker: 50 nm.
Source: Adapted with permission from Ref. [571].
© 2003, by Nature Publishing Group.

Fig. 91. Models for theDNApath in the chromatin fiber. Higher order structuremodels: (a) one-start solenoidal, (b) two-start supercoiled, and (c) two-start
twisted. Upper views have the fiber axis running vertically; lower views are down the fiber axis. DNA associated with the nucleosome core is red/blue, and
linker DNA running between cores is yellow. These models are idealized, with nucleosome cores in each start contacting each other. (For interpretation of
the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Reprinted with permission from Ref. [562].
© 2004, by the American Association for the Advancement of Science.

strength, these fibers collapse into a compact helical structure with closer nucleosomal spacing (6–7 nucleosomes/11 nm)
and a diameter ∼30–33 nm (Fig. 90(c)) [383,573]. Recently, highly compact fibers have been reconstructed in vitro on DNA
containing tandem repeats of strong nucleosome positioning sequences with predefined nucleosome repeat length (NRL),
at high divalent cation concentration and in the presence of linker histones [574]. EM images reveal that the fiber thickness
actually remains constant for NRL ranging from 177 up to 207 bp (corresponding to a linker size varying from 30 to 60 bp),
roughly 35 nm in diameter and 11 nucleosomes/11 nm in compaction. However, arrays with larger linker length (from 70 to
90 bp), corresponding to NRL ranging from 217 to 237 bp, produce fibers of 45 nm in diameter and 15 nucleosomes /11 nm
in compaction. These results were interpreted [574] in terms of some compact helical structure reminiscent of the so-called
solenoid model introduced two decades ago [193,557,558] and closely related to the interdigitated solenoidal structure
proposed in Ref. [575].

Various models of the chromatin fiber geometry have been proposed in the literature. These models can be grouped
into two main classes [562]: (i) the one-start helical stack of nucleosomes with bent linker DNA connecting each pair of
nucleosome cores (Fig. 91(a)) [193], and (ii) the two-start zig–zag helix where two stacks of helically arranged nucleosome
cores are connected by straight linker DNA (Fig. 91(b) and (c)) [561,576]. The historical representative of the one-start class
is the solenoid model where the nucleosomes coil a central cavity with some number of nucleosomes per turn quantifying
the level of compaction [193,557,558,577]. A critical feature of the solenoid model is the interaction between consecutive
nucleosomes on the DNA chain. This requires significant bending of the intervening linker DNA which could be facilitated
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Fig. 92. Two local views of the chromatin fiber that illustrate the basic parameters of the Extended 2 Angle (E2A) model of Diesinger and Heerman [585]:
the entry–exit angle αi , the rotational angle βi , the linker length bi and the pitch di . The DNA linkers are fixed in front of the nucleosome by the H1 histone
(orange ellipsoid). A large entry–exit-angle was chosen here to make the visualization clear.
Source: Adapted with permission from Ref. [585].
© 2008, by Elsevier Limited.

by association with the linker histone H1 [193]. As mentionned just above, recent EM studies [574] of chromatin fibers
reconstituted in vitrowith longer repeat lengths (NRL∼177–237 bp) and one linker histone per nucleosome, have confirmed
the existence of one-start helical structures with interdigitated nucleosomes [574,576]. The two-start class can actually be
divided into twomain structuremodels, namely the helical ribbonmodel (Fig. 91(b)) [576,578] and the crossed-linkermodel
(Fig. 91(c)) [579,580]. In the latter, linker DNA crosses the fiber center, connecting nucleosomes that site on the opposite
sides of the fiber, so that internucleosomal contacts are made between nucleosomes at positions i and i + 2 [267]. The
experimental data currently available support the view that at least, two types of two-start fiber conformations do exist.
The first one was proposed on the basis of EM studies of native chromatin fibers extracted from chicken erythrocytes that
show a zig–zag like DNA backbone with a so-called nucleosome stem motif [569,581]. In this nucleosome stem, the linker
histone H5 mediates the association of the two DNA segments, leaving the nucleosome core particle over a distance of
3–5 nm (10–20 bp) before the linker DNA separates [272,569,581]. The second type of two-start fiber helix is based on the
crystal structure of a tetranucleosome particle [582]. This structure has a short NRL of 169 bp and was determined in the
absence of linker histones. Indeed the tetranucleosome unit can be extended in a fiber model with a predicted compaction
of 5.5 nucleosomes/11 nm [270,582].

7.1.2. Geometrical and physical modeling of the chromatin fiber
As a simple geometrical and staticmodel of the inner structure of the chromatin fiber, the two-anglemodel introduced by

Woodcock et al. [267] has played a major role in the recent blooming of chromatin modeling. In this model, the local helical
geometry of the chromatin fiber is described by two angles (α, β), that define the relative orientation of the entry and exit
linker DNAs, and by the linker size (Fig. 92). Considering the nucleosome as identical solid bodies, these three parameters
determine the linker DNA path within the chromatin fiber and the relative orientation of successive nucleosomes [268]. The
main structural predictions of the two-angle model are (i) the extreme sensibility and variability of the fiber conformation
when exploring the (α, β) parameter space (Fig. 93), from flat ribbon and open structure for large entry/exit angle α (∼180◦)
between the linkers, to more compact and dense superhelical coil for small α (∼0◦) and twist angle β (∼0◦) along the
linker, and (ii) the robustness of the fiber diameter value that remains around 30 nm whatever the inner structure and
compaction level [268,583,584]. As regards to its utmost simplicity, it was under a delusion to expect this geometricalmodel
to faithfully reproduce the wealth of fiber conformations observed experimentally. This explains that extended versions of
the two-anglemodel have been further developed [272,275,585]. As illustrated in Figs. 92 and 93 for the 4-parametermodel
proposed by Diesinger and Heerman [585] to account for the dynamical binding of the linker histone H1, these variants of
the geometrical two-angle model involved more parameters and in turn a higher-dimensional chromatin phase diagram
(Fig. 93). Interestingly, the presence of H1 can be directly introduced in the model by replacing the nucleosome by the so-
called chromatosome [270], that regroups the nucleosome core plus the linker histone and the associated ∼169 bp (147 bp
around thehistone octamer+22bpbound toH1) ofDNA. Indeed, the refined structure of the chromatosome is unknownand
various models have been proposed for the integration of the linker histone H1 or its globular domain into the nucleosome
[586–589].

Coarse-grained physical modeling, based on the geometrical parametrization of the two-angle model and its variants,
have been recently developed to investigate the equilibrium properties of these helical chromatin structures [268,590].
These models take explicitely into account the linker DNA elasticity and the interaction between DNA and between
nucleosomes that are known to bemodulated by the ionic environment. At low-salt concentration, all thesemodels support
the picture of an open zig–zag like fiber structure (Fig. 90(a)), that is consistent with the force–extension curves obtained
on single chromatin fibers under these experimental conditions [235]. These single molecule experimental data actually
turn out to be in good agreement with the results of computer simulations [591] and of analytical approaches [583,584,
592] based on crossed-linker fiber geometries. All these studies suggest that, even at ‘‘moderate’’ condensation level, the
linker size and the nucleosome–nucleosome interaction [272,593] are the key control parameters of the fiber structural
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Fig. 93. A cut-out of the actually four-dimensional chromatin phase diagram of the Diesinger and Heermanmodel [585], as a function of the two-angles α
and β (see Fig. 92). The pitch d and the linker length b are fixed. A single point in this diagram corresponds to a specific chromatin stucture. The forbidden
structures lay left and below the dashed line which is the excluded volume borderline. Due to the parameter distributions of the model, one should not
expect a specific chromatin structure but instead a distribution of structures in the phase diagram. This probability distribution is shown in the back of the
figure as a 2D colored map.
Source: Adapted with permission from Ref. [275].
© 2009, by Elsevier Limited.

(nucleosome compaction) and elastic (persistence length) properties. In particular, the nucleosome–nucleosome interaction
appears to be a crucial driving packing force at the highest physiological salt concentration. As supported by experiments on
liquid crystals of mono-nucleosomes [594,595], nucleosome–nucleosome interaction is generally described by a Gay–Berne
potential [270,272,593,596] that presents an attractive short-range component and some excluded volume (hard core)
component. As reported in Refs. [272,593], increasing the excluded volume leads to a fiber stiffening, whereas increasing
nucleosome–nucleosome interaction energy produces more compact structures. The predicted persistence length lp of the
chromatin fiber spans a wide range from 22 to 390 nm which correlates well with the 30–220 nm range determined
experimentally [597]. In agreement with Monte Carlo simulations of chromatin fiber conformations [596,598], Mergell
et al. [593] and Stehr et al. [272] have shown that increasing the NRL of cross-linked (CL) and solenoid interdigitated (ID)
fibers (Section 7.1.1) leads to a decrease of both packing density and persistence length. The predicted high flexibility of
the CL fiber with lp = 22–351 nm is in agreement with the 30 nm persistence length derived from in situ cross-linking
experiments [599]. ID fibers are expected to be much stiffer with lp = 390 nm for a NRL ∼187 bp. Very recently, Monte
Carlo simulations coupled to in vitro experiments performed on a regular nucleosome array [600] have shown that (i)
condensation without H1 and Mg2+ generates an open zig–zag structure, whereas (ii) condensation with H1 and Mg2+
produces a heteromorphic chromatin with predominantly two-start fiber structure (with interaction between i and i + 2
nucleosomes) and some one-start fiber (with i and i+1 interacting nucleosomes) with highly bent linker (Fig. 91). However,
so far, all these numerical simulations have failed to achieve the high level of compaction observed by Robinson et al. [574]
with 15 nucleosomes/11 nm for a NRL ranging from 217 to 237 bp. In their comparative numerical analysis of the CL model
withoutH1 and the solenoidal IDmodel proposed byRobinson et al. [574], Kepper et al. [270] have confirmed that the ID fiber
is thicker, more compact and stiffer than the CL fiber, but they have failed to observe a thermodynamically stable fiber with
a NRL of size large than∼200 bp. As suggested by the experimental demonstration of a cooperative binding of linker histone
H1 toDNA, pointing to the existence of protein–protein interaction in the resulting complex [601,602], this frustrationmight
be overcome by taking into account, in the Monte Carlo simulations, the interactions between neighboring linker histones.
Along the line of a former all atom modeling of highly compact structures containing linker histones [603], Depken and
Schiessel [604] have recently shown thatwhen considering a simple geometric criteria basedon thenucleosome shape alone,
they can reproduce the observed characteristics of the condensed chromatin fiber and how these change with varying the
NRL. This study puts into light the important role of nucleosome surface interactions in the regulation of chromatin structure
and function.
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Fig. 94. Example of chromatin fiber conformation of length 98.5 kbp with depletion effects. The linker histone skip rate is 6% and the nucleosome skip
rate is 8%. The linker histone skips are marked in orange. (For interpretation of the references to color in this figure legend, the reader is referred to the
web version of this article.)
Source: Adapted from Ref. [608].

7.1.3. Modeling heterogeneous chromatin fibers with defects
The picture that emerges from the numerical and experimental works reported in Sections 7.1.1 and 7.1.2, is that

extended 2-angle models with proper nucleosome interactions and nucleosome shape provide a reliable framework to
characterize the different levels of helical folding of the 10 nm fiber. The dominant influence of the linker DNA length, the
crucial role of the linker histone H1, the fundamental contribution of the form and strength of the nucleosome interaction
under various salt conditions have been systematically investigated and shown to produce a wealth of different chromatin
fiber conformations. If these fiber conformations can be seen as the paradigm of the 30 nm fiber reconstituted in vitro from
native or synthetic nucleosomal arrays, their relevance in vivo is far from being established. Only rare situations of ‘‘native’’
fibers of highly compact structure have been observed like the 12–13 nucleosomes/11 nm fiber from echinoid spermatozoa
with a NRL of about 70 nm (∼206 bp) [605] and the dense fiber frommammalian centromeres [606]. More likely, in vivo, the
chromatin fiber is expected to be highly heteromorphic with a rather broad distribution of packing density, structural and
mechanical properties, as a direct consequence of the heterogeneous distribution of ‘‘control’’ parameter values along the
genomes. The analysis of mouse fibroblast chromatin has indeed revealed a packing density that varies along the genome;
for example, centromeric heterochromatin has a packing density of ∼12 nucleosomes/11 nm, while those of pericentric
heterochromatin and ‘‘bulk’’ chromatin are lower [606]. Very recently, Revaud et al. [607] have shown that in CHO cells of
hamsters, intersticial telomeric sequences display a dense nucleosomal array with very short linker (167 bp) as compared
to the bulk chromatin (187 bp).

All the current models discussed in the previous subsections indeed assume that the chromatin fiber is homogeneous,
i.e. with the same equilibrium structural (linker length) and physical (elasticity, interactions) properties all along the chro-
mosome which is very unlikely in vivowhere these properties are expected to vary not only in space but also in time during
the cell cycle. Actually, as revealed by the genome wide experimental maps of nucleosome positions for many different
organisms and cell types [201–217], nucleosome positioning and occupancy vary along the chromosomes: some regions
present a well ordered periodic nucleosome organization, some other regions are depleted in nucleosomes and some others
do not display any positioning pattern (see Section 3). However, as illustrated in Section 3.4 by the remarkable nucleosome
ordering observed inside yeast genes (Fig. 21), even within periodic regions, the DNA linker size may slightly vary. Wood-
cock et al. [267], as well as more recently Diesinger and Heermann [275], have shown that introducing variability in the
linker size induces some decrease of the fiber compaction level as it unfavors proper nucleosome–nucleosome stacking. If
the variability is too large, onemay observe an unfolded structure and ultimately some nucleosome depleted regions similar
to the NFRs observed in vivo at gene promoters (see Section 3.3). As reported by Diesinger and Heermann [275], increasing
the amount of nucleosome skips drastically affect the large-scale conformational properties of the fiber that becomes more
flexible (lp decreases) (Fig. 94). Similarly, the effect of increasing linker histone H1 skips affects the flexibility and the exten-
sion of the chromatin fiber (Fig. 94). Actually, the average linker size has been shown to vary between species and between
tissues, and this linearly with the average H1/nucleosome stoichiometry [218]. The global in vivo stoichiometry is not 1/1,
clearly suggesting that the fiber is heterogeneous with alternation of stable dense structures (with H1) and loose soft struc-
tures (without H1). In the yeast, that lacks H1, the NRL is shorter (see Section 3) and the ‘‘folded’’ structure is probably a loose
2-start structure. For higher eukaryotes, the stoichiometry increases and the average linker size does the same. This suggests
that in these organisms, stable compact folded fibers exist on particular genomic regions with regular nucleosome ordering
and where H1 has been targeted. In addition, chromatin is subject to various epigenetic biochemical modifications [609],



A. Arneodo et al. / Physics Reports 498 (2011) 45–188 143

such as histone tail acetylation and histone variants incorporation that are likely to play a role in modulating the folding
properties of the 30 nm fiber [274,610].

These results stress again the importance of nucleosome depletion. We have seen in Section 3, that the NFRs observed in
vivo in many organisms, contribute to the statistical linear ordering of nearby nucleosomes (probably under the dynamical
action of remodelers) that likely promotes the local condensation of the 30 nm fiber. A next step in modeling the effect of
the DNA sequence on the structural and mechanical properties of the 30 nm fiber will be to combine our grand canonical
physical modeling of nucleosome assembly along the 10 nm chromatin fiber described in Section 3 [81–83] with current
physical models of the 30 nm chromatin fiber like the ones of Diesinger and Heermann [275], Diesinger [608] and of Wong
et al. [603]. This modeling of the chromatin secondary structure (see Fig. 1) is presently under progress.

7.2. Depletion effects and chromatin loop formation

7.2.1. Current models for the chromatin tertiary structure
DNA replication and transcription require great reproducibility and coordination, all this in the crowded environment of

the cell nucleus. Regulation of these complex processes relies in part on the conformation and dynamics of the 30 nm chro-
matin fiber that ultimately condition DNA sequence accessibility. As we have just discussed, the chromatin fiber is a nucleo-
protein filament with non-homogeneous structural and mechanical properties [2,21]. This heterogeneity evidently affects
how the fiber folds and organizes into higher order structures like loops, coil or chromonema (see below). However, despite
increasing experimental [415–417,611–614] andmodeling [22–25] efforts, the so-called tertiary chromatin structure is still
very controversial [424,615] and the possible role, if any, of the DNA sequence at such large scales remains an enigma.

Although the existence of chromatin loops, ranging in size from several kbp to 10 Mbp or more [424,611,616], has been
extensively discussed in the literature, it has generally been inferred from indirect assays. The geometry of chromatin has
been mainly experimentally studied in human cells where several models have been proposed to describe how the 30 nm
fiber folds into a higher order structure through loop formation. Without aiming at being exhaustive, let us however review
some models that have given impetus to the recent increasing experimental and theoretical interest devoted to the study
of the tertiary chromatin structure.

• The radial loop protein scaffold model [17,18,409–411,417,617] has long been proposed to account for the experimental
observation [408] in extracted metaphase chromosomes of DNA loops attached at their basis to a nuclear substructure,
the nuclear matrix, that is believed to organize the chromatin into looped domains during interphase [618]. Note that
loops can be anchored to the peripheral lamina at the nuclear envelope [619] as well as to the nucleolus [620].

• The chromonema fiber model in which successive levels of helical coiling generate a series of thicker chromatin fibers
with diameters 60–80 nm (tertiary structure) and 100–130 nm (quaternary structures) [19,20,419,420,423]. Rather than
a scaffold to provide structural support, it is thought that chromonema fibers are held together by fiber–fiber interactions
which could be regulated by different histone variants and tailmodifications [21]. Thismodel has been inspired from light
and electron microscopy studies of mitotic and interphase artificial chromosomes [19,621,622].

• The model of chromatin loops formed by clustered polymerases [25,26]. In this model, non-specific entropic forces be-
tween DNA and/or RNA polymerases, already engaged on the chromatin fiber, are supposed to drive the aggregation of
these polymerases thereby promoting the genome compartmentalization into rosette-like multi-loop patterns contain-
ing several thousands (and sometimes millions) of base pairs. This dynamical multi-loop model has been emphasized as
providing a very attractive description of replication foci and transcription factories [623].

However, whether the chromatin loops originate from specific or nonspecific interactions, their wide range of sizes
from several kbp to several Mbp raises the issue of confining in the limited nucleus volume, polymer-like chromatin chains
that can be expected to resist intermingling thereby influencing the localization of other functional compartments through
exclusion interactions [624]. In the early nineties, fluorescence in situ hybridization (FISH) data on 3D distances between
defined genomic sequences have become available [625] and used to improve the modeling of the tertiary structure of
eukaryotic chromosomes. In particular, the early observation of deviations from random-walk behavior at scales larger
than 1–1.5 Mbp during the G0/G1 part of the cell cycle, was initially interpreted by a polymer model in which the DNA
of any one chromosome is confined to a spherical subvolume of the interphase nucleus [626]. An alternative suggestion
was that the deviations could be due to the presence of large flexible chromatin loops, each comprising several Mbp of
DNA (∼3 Mbp on average), that are attached on a random-walk backbone [22,627]. Monte-Carlo simulations based on this
random-walk/giant loop (RW/GL) model have unfortunately shown that it cannot explain new available data sets on the
spatial distance distribution between chromatinmarkers in interphase nuclei. Then themulti-loop sub-compartment (MLS)
model [24,418] has been introduced and shown to account rather well for interphase distances. This model proposes an
arrangement of chromatin loops into rosette-like sub-compartments (of∼1Mbp in size) connected by small chromatin fiber
fragments (∼120 kbp). Variants of the MLS model have been further developed, for example to account for the chromatin
anchoring to the nuclear structures [23] or for the spherical structure of interphase chromosome territories [628].

To summarize, over the years, different experimental studies of the tertiary chromatin structure have yielded apparently
conflicting models based on loops and scaffold, multi-loops or chromonema fibers. Whether these different models can be
reconciled or some of them definitely discarded, will depend on future technological advances. So far progress has been
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Fig. 95. The depletion attraction. (a) This schematic view shows a suspension of large and small spheres in a box. The shaded regions around the four
large spheres are excluded to the center of masses of the small spheres. When one large sphere contacts another, their excluded volumes overlap (1) to
increase the volume available to the small spheres (increasing their entropy); then, aggregation of the large spheres paradoxically increases the entropy
of the system. An analogous effect is found when a large sphere contacts the wall (2). The attraction can also be viewed as an osmotic phenomenon; small
spheres cannot enter excluded volumes, and a force equivalent to their osmotic pressure acts on each side of the two touching large spheres to force them
together (or on one side of the large sphere at the wall to force it to the wall). (b) Spheres bound to each end of a string will also tend to aggregate or
associate with the wall, to loop the connecting string (which has an associated entropic cost).
Source: Adapted with permission from Ref. [629].
© 2009, by Elsevier Limited.

Fig. 96. Model of eukaryotic genome structure. DNA is coiled around a histone octamer, and runs of nucleosomes form a zigzagging string (bottom). At
the intermediate level in the structural hierarchy (middle), this string is organized into loops (from kbp to Mbp) by attachment to factories (pink circles)
of entropy driven self-assembled polymerases (orange triangles and ovals). (For interpretation of the references to color in this figure legend, the reader is
referred to the web version of this article.)
Source: Adapted with permission from Ref. [26].
© 2002, by Nature Publishing Group.

hampered by important experimental limitations such as the difficulty of getting the right biological material to study. For
example, it is far from being certain thatmitotic, meiotic, polytene and synthetic chromosomes are representative of normal
interphase chromatin, and if so, whether the structures observed after extraction and fixation are genuine. Chromatin is
easily shearedwhen it is extracted fromnuclei, and then it often aggregates into an intractable gel. Non-physiological buffers
are often used to minimize this drawback, but they can induce some distortions and modifications of the structure. Even
more penalizing, the resolution of light microscopy is far from allowing us to resolve the various levels of chromatin folding,
and the use of electron microscopy with its higher resolution introduces additional problems of preserving the structure in
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Fig. 97. Visualizing replication foci in HeLa cells [623]. Left: A cell in mid-S phase was grown for 5 min in 150 µM BrdU and fixed; then, Br-DNA was
indirectly immunolabeled with a fluorochrome (Cy3) and a fluorescent image of the center of the cell was collected with a confocal microscope. Newly
made DNA appears as discrete white foci in the nucleus (black ‘‘holes’’ are nucleoli [425]). Scale bar, 2.5 µm. Right: Newly made DNA in individual DNA
fibers. Cells were grown for 15 min (top) or 30 min (bottom) in BrdU and DNA fibers were spread; Br-DNA was indirectly immunolabeled with Cy3 and
photographed in a conventional fluorescence microscope [425]. Each panel contains three regions of newly replicated DNA strung along one fiber of
∼125 µm (∼375 kbp). The three regions probably initiated together as they have equal lengths.
Source: Adapted with permission from Ref. [623].
© 1999, by the American Association for the Advancement of Science.

vacuo. In their experimental study of transcriptionally active tertiary chromatin, Müller et al. [424] have shown that their
light microscope images cannot distinguish among competing models; if they are in agreement with the predictions of the
chromonema fiber models, they can also be explained by a radial-loop/scaffold model and even by a simple nucleosome
affinity, random-chainmodel. We hope that the recent efforts spent in developing new fluorescencemicroscopy techniques
that provide a resolution higher than that afforded by conventionalmicroscopy, like 4Pimicroscopy [630,631], togetherwith
the outstanding progress made in chromosome conformation capture (3C) technique [599] and its 4C [632,633], 5C [634]
and Hi–C genome-wide [635] extensions, will allow one not only to reveal long-range chromatin interactions across the
entire genome as a footprint of the different levels of chromatin folding, but ultimately to visualize these folding patterns
and their dynamics in relation with gene activity and the functional state of the cell.

7.2.2. Chromatin loops formed by clustered polymerases
Some fifty-six years ago, Asakura and Oosawa [636] pointed out that large rigid spheres immersed in a solution of

smaller spheres are subject to an attractive force due to the depletion induced by increasing the space available to small
spheres as the large ones come close to one another (Fig. 95(a)). The environment within a living cell is crowded, with
20%–30% of the volume occupied by macromolecules [2,637,638]; then the aggregation of the largest particles can lower
the free energy of the system through an increase in entropy of the many smaller particles [636,639]. As illustrated in
Fig. 95(b), this entropy-driven aggregationmechanismhas led Cook and collaborators [26,629,640–643] to propose a passive
thermodynamic scenario for DNA looping as an alternative to looping generated by active mechanisms (e.g. molecular
motors). In particular, they have shown that despite the entropic cost of looping the intervening DNA fiber, the clustering of
large (DNA or RNA) polymerizing complexes strung along the chromatin fiber, actually increases the entropy of the system
that spontaneously organizes into rosette-like multi-loop patterns (Fig. 96) [26,629,640,642]. Indeed, loops are expected to
appear and disappear as DNA or RNA polymerases initiate and terminate [26], but since clustering ensures that the local
concentration of polymerases is high, these multi-loop structures are likely to be self-sustaining. This self-organizing multi-
loop structural picture of the chromatin tertiary structure has been emphasized as providing some understanding to the
experimental observations of the so-called replication foci [26,623,644] and transcription factories [26,623,642,645,646].
Replication foci: Replication domains in animal cells were first described in the pioneering experiments of Nakamura
et al. [647], where rodent fibroblast were shown to have about 100 sites of active DNA synthesis, which grew in size for
about an hour before new active sites were activated at adjacent nuclear positions. Improved imaging techniques have
further revealed that mouse 3T3 cells [426] and Hela cells [425] both contain ∼1000 replication sites ∼500 nm in size
(∼1Mbp) in early S-phase (Fig. 97, left panel). Since during the early stage of S-phase, the average replicon size is∼150 kbp,
this is consistent with the view that each replication site must encompass 5–6 replicons in order to complete DNA synthesis
in the observed time frame of 45–60 min (Fig. 97, right panels), given that replication forks progress at a rate of about
1.5 kbp/min [425,426]. An important property of these groups of replicons is that they appear to remain stably associated
within replication foci during all the cell cycle including mitosis [414,425,426] suggesting that they are a fundamental unit
of chromatin organization. As reported in Refs. [427,430,431], many replicons are larger than previously thought (the largest
ones being as large as a few Mbp), requiring most of the S-phase to be completed. In addition to this large heterogeneity
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Fig. 98. Visualizing transcription factories. (a) Cells were permeabilized, nascent transcripts extended in BrUTP, cells cryosectioned (100 nm), the resulting
BrRNA immunolabeled with FITC (green), nucleic acids counterstained with TOTO-3 (red) and a fluorescence image collected on a confocal microscope.
Newly made BrRNA is concentrated in factories in the cytoplasm (made by mitochondrial polymerases), nucleoplasm and nucleoli. (b, c) Conventional
electron micrographs of spread transcription units. In (b), a crescent, like one of the two in the nucleolar factory in (a), has been stripped off the underlying
structure; approx. 125 transcripts can be seen engaged on the rDNA unit. In (c), one of the approx. 8 active transcription units in a nucleoplasmic factory like
the one in (a) is shown; the template is associated with one polymerase and transcript. (d) Electronmicrograph of a nucleoplasmic factory obtained using a
specialized technique (ESI) that can detect endogenous phosphorus and nitrogen in unstained sections. HeLa cells were permeabilized, nascent transcripts
extended in BrUTP, the resulting BrRNA immunolabeled with 5-nm gold particles; after sectioning (70 nm), maps of phosphorus (red), nitrogen (green),
and the gold particles (white)marking BrRNAwere collected. The image shows amerge of the threemaps. Five gold particlesmark BrRNA in a nitrogen-rich
factory (perimeter indicated). Absolute numbers of nitrogen and phosphorus atoms within this perimeter can be calculated by using nearby nucleosomes
as references (as they contain known numbers of atoms). Scale bars, 1 µm (a, b) and 100 nm (d). Modified material reproduced with permission from
Ref. [645]. Copyright 2008 by the Biochemical Society (http://www.biochemsoctrans.org). Panel (a) reprinted with permission from Ref. [623]. Copyright
1999 by the American Association for the Advancement of Science. Panel (b) modified with permission from Ref. [648]. Copyright 1972 by the European
Society of Endocrinology. Panel (c) adapted with permission from Ref. [649]. Copyright 1998 by the American Society for Cell Biology. Panel (d) adapted
with permission from Ref. [650]. Copyright 2008 by the Company of Biologists.

in replicon size, it is now recognized that there is also a corresponding heterogeneity in the size and individual intensity of
replication foci [427].
Transcription factories: A typical view of a eukaryotic transcription factory has been provided by studies of RNA polymerase I
[623,651], associated with the production of 45S rRNA in the nucleolus. A (triploid) HeLa cell contains ∼540 such genes
arranged in tandem repeats on different chromosomes. During interphase, only∼120 genes, on someof these chromosomes,
become active and come together to form ∼30 ‘‘fibrilar centers’’ [649]. Each of the 4 or so active genes associated with one
center is transcribed by∼125 RNA polymerase I and their transcripts can be visualized after extension in Br-UTP as crescent-
shape structures in the nucleolus (Fig. 98(a)). Thus, a nucleolar transcription factory contains ∼500 active polymerases and
∼4 transcription units [649,652]. For comparison, early studies of nucleoplasmic transcription have estimated that 20000
to 100000 polymerases are active within the nucleoplasm of mammalian cells [26,623,645]. Actually RNA polymerase II
generatesmostmessenger RNAs and is found in∼8000 nucleoplasmic factories, indicating that these transcription factories
∼50 nm in diameter (Fig. 98(a)) contain ∼8 active polymerases each engaged on a different transcription unit [649,653].
As pointed out by Cook [26], if the soluble molecules of RNA polymerase II in a HeLa cell were spread randomly inside
the nucleus, they would be spaced approximately every 120 nm, corresponding to a concentration ∼1 µM as observed
for inactive promoters. But the promoter of an active gene is likely to be tethered close to a factory where, thanks to the
clustering, the local concentration of polymerases can be up to ∼1000 times higher.

Models for replication and transcription often display polymerases that track along their helical templates as they make
DNA or RNA [4,654,655]. What makes the rosette-like compartmentalization picture of interphase chromosomes advocated
by Cook and collaborators somewhat provocative is that active polymerases are not only clustered but immobilized by
attachment to larger structures, acting as ties that organize andmaintain genomic loops.We refer the reader to the following
articles of the Cook’s group [26,623,642,645,646] where experimental evidence for models involving tracking and immobile
polymerases is reviewed.

7.2.3. Spontaneous emergence of sequence-dependent rosette-like folding of chromatin fiber
In the spirit of the entropy driven looping picture by clustered polymerases described in Section 7.2.2, our goal here is to

show that multi-looped patterns can self-organize through the aggregation of sequence-induced fiber defects by depletive
forces prior to any external factor coming into play [30,88].When generalizing the study of depletion attraction from spheres
(Fig. 95) to stiff (but not rigid) impenetrable tubes, Snir and Kamien [656] have shown that depletive forces can drive short
molecular chains to a helix configuration. However, this holds only for uniform and relatively short tubes of length of the

http://www.biochemsoctrans.org
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Fig. 99. Examples of possible local defects along the fiber [30,88]. (a) Local swelling or attachment of an external agent (e.g. DNA or RNA polymerases in
the model of Cook [25,26]); (b) local shrinking; (c) any form of fiber denaturation inducing a depletive potential well, according to the position along the
fiber and the entry–exit angle; (d) as an example of (c), the fiber seen as a compact helix (condensed nucleosomal array) with local partial decondensation
illustrating a situation where the excluded volume gain is quite important and the entry–exit angle is fixed.
Source: Adapted from Ref. [30].

Fig. 100. Steps involved in loop formation in depleting environment [30,88]: (a) free evolution of the tube; (b) formation of an unstable loop at around
(3–4)lp; (c) gliding of the loop governed by the positions of the two contact points along the fiber and the entry–exit angle; (d) trapping of the loop by local
defects. The translucent green surface represents the excluded volume for the fluid of hard spheres; in (b, c, d) we see that some of the excluded volume
is reduced from the overlap resulting from formation of the loop.
Source: Adapted from Ref. [88].

order of a few persistence lengths lp of the rod. For longer chains, the picture rapidly grows in complexity with a plethora
of optimal configurations (e.g. hairpin, beta-sheet, superhelix, torus) leading to an overwhelmingly rich phase diagram.
In this section, we extend this study to long tubes with ‘‘frozen’’, heterogeneously distributed elastic and/or geometric
properties [88]. By frozen we mean that these fluctuations are imprinted on the 30 nm chromatin fiber by the sequence
itself. We have seen in Section 7.1, that this fiber is known to be dependent upon the properties of the nucleosomal string-
of-beads (10 nm chromatin fiber) [267,268,561,593], which in turn is influenced by the double helix sequence-dependent
mechanical properties (Section 3). In Section 7.3, we will show that the putative origins that border N-domains (Section 6)
provide privileged locations for intrinsic decondensed fiber defects [92] that may be at the heart of the tertiary chromatin
structure.

For a semi-flexible tube in a dilute environment, local repulsive potentials among parts of the fiber induce a self-avoiding
randomwalk configuration (swollen coil [314]). In a crowded environment, the depletion actionmay dominate and the fiber
will tend to collapse on itself, forming a globular phase. We know from standard statistical physics of polymers that this
latter phase does not admit a universal description in terms of macroscopic parameters (such as total length, Kuhn length
and virial coefficients) but rather depends on a detailed understanding of the interaction potential. An important feature
of the depletion potential lies in its simplistic geometrical nature. We thus consider a system constituted of a dense fluid
of hard spheres bathing a semi-flexible tube. The tube is assumed to be nonuniform, with localized geometrical defects
e.g. local thickening or thinning of the cross-section (Fig. 99). To make the computation easily tractable, this semi-flexible
tube can bemodeled by a compact helix [657], whereas the geometrical defect would be a local decompaction to form ‘‘open
spots’’, as illustrated in Fig. 99(d). Note that the helix structure as well as the mechanism that led to it are of no importance
for our purpose, the only critical aspect for our demonstration being that the local degree of compaction will vary along
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Fig. 101. Depletion potential between two ‘‘opened’’ regions along an helicoidal fiber as a function of the relative angle of the two strands (abscissa) and
the relative shift along the axis of one of the two strands (ordinate). The volume overlap vovl is shown in grey level coding for the following parameter
values relative to the radius of the fiber itself (rf = 1): radius of both helices rh = 3, helix pitches ph = 9 and sphere radius rs = 0.2.
Source: Reprinted from Ref. [88].

the fiber to mimic decondensed structural defects [88]. The elastic nature of the tube (or helix) prevents the appearance of
too high a curvature; consequently the first step in the condensation of the tube is the formation of loops (Fig. 100). Loop
formation involves a competition between the bending energy of the tube and the entropic gain of the hard sphere fluid. The
free energy cost is dominated by elastic energy for small loops and by entropy for large ones. This results in a preferential
length of (3–4)lp in the worm-like-chain (WLC) model with a characteristic loop-formation dynamics (∼10−2 s) which is
much faster than the replication time scale (20 min to a few hours) [658–660].

Once a loop is formed (Fig. 100(a) and (b)), contact will be maintained by depletion forces; hence the loop will
preferentially relax through local gliding of the two contact points (Fig. 100(c)). This is where local defects come into
play: when they meet from this gliding process, they act as local geometrical wells and ‘‘stick’’ together (Fig. 100(d)).
This defect-induced stabilization is important since it prevents further depletion mechanisms from occurring. Indeed by
modifying locally the angle of tangent vectors at the contact points, the depletion force could drive them to align in opposite
directions, forming the first turn of an helix or toroidal condensate; alternatively it could align them in the same direction,
favoring the formation of hairpins. The presence of defects, by favoring a specific contact geometry, breaks the symmetries
(translational, axial) essential to the formation of these compact structures. For example [88], let us consider the overlap
volume of excluded regions induced by the entanglement of a pair of ‘‘opened’’ regions along the inhomogeneously compact
fiber of our pedagogical example (Fig. 99(d)). For a given geometry of the defects (number of turns, pitch, radius) and putting
aside the elastic/entropic contribution involved in loop formation, we can limit the description of the depletive potential
in terms of two configuration parameters, namely the angle between the two strands and the relative axial translation (or
shift). For a given configuration (i.e. for given values of these two parameters), there is a minimal distance between helix
axes, constrained by contact points. We have computed numerically the overlap of excluded volume vovl for two defects
involving 4 complete turns of both helices (Fig. 99(d)). Fig. 101 actually shows vovl; the depletion potential itself depends
linearly on vovl (see Eq. (28)). What should be noticed is the rather sharp potential well centered around 32°; indeed we can
observe a narrow valley that cover angles ranging from about 28° to 36°. Note also that the bottom of the valley varies in
shift with the angle, a trivial consequence of the fact that when the two defects are deeply entangled, they can still rotate
with respect to one another if they are allowed to glide axially. In any event, the message here is that a simple geometrical
defect conformation can lead to the presence of these local depletive locks that may select some characteristic inner loop
angle in the rosette pattern’s self-organization [30,88].

As illustrated in Fig. 102, the emergence of rosette-like folding of the chromatin fiber in the crowded cell nucleus results
from the aggregation of defects. Here, we characterize the distribution of the number of loops per rosette from minimal
parametrization of the system [88]. We consider a dense fluid composed of a large number Ns of identical spheres bathing
a tube which, for simplicity, contains N equidistant defects separated by a distance l along the tube. Consistently with the
experimental observation that replicons involved in replication foci are likely to be adjacent to each other on the same
chromosomal DNA molecule [425–429], we assume that rosettes are formed while respecting sequential order of defects
along the tube. If we cannot rule out the possibility of non-local loops, we somehow implicitly hypothesize that the crowded
environment, far from fluid, imposes additional mechanical constraints that render the contribution of far-reaching defect
collisions to the overall entropy to increase faster than logarithmically. Let n denote the number of rosettes along the tube;
solitary defects are also considered as trivial ‘‘rosettes’’ with zero loops. The case n = N represents the absence of clustering
since all defects are then solitary. The case n = 1 corresponds to a single large rosette assembling all defects. We separate
in a natural fashion the system in two parts, namely the hard sphere fluid and the tube itself [88]. Let F , Ft and Fs denote
the free energies of the system, the tube and the spheres respectively (all of which depend on n) such that we can write
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Fig. 102. Illustration of the spontaneous emergence of rosette-like folding of the chromatin fiber in the crowded environment of the cell nucleus. The
number of leaves per rosette fluctuates from one rosette to the next; this is due both to statistical fluctuations and variations in local environment. From
one cell cycle to the next, leaves can be exchanged between neighboring rosettes.
Source: Adapted from Ref. [30].

F = Ft + Fs. The most probable value for n is obtained by equating to zero the chemical potential µr of a rosette:

µr ≡
∂F
∂n

=
∂Ft
∂n

+
∂Fs
∂n

= 0. (25)

The equation of state of a fluid of hard spheres has been extensively studied in the past [661]. We follow the method used
by Dinsmore et al. [662] and make use of the Carnahan-Starling approximation [663]:

Ps(n)Vs(n)
NskBT

=
1 + ϕ + ϕ2

− ϕ3

(1 − ϕ)3
, (26)

where ϕ = Nsvs/Vs(n) is the sphere density, Ps(n) the fluid osmotic pressure, vs the volume of each sphere and Vs(n) is the
volume available to the spheres. The Ft term can be expressed as

Ft = E0 + (N − n) ·1Fl − kBT · log
 n
N


, (27)

where 1Fl > 0 is the free energy cost for the formation of a single loop, and E0 is an energy term assumed to be
independent of n. We appreciate that this assumption may seem an oversimplification; however our goal here is to propose
an approximation with minimal complexity that still leads to enough structure such that we can derive a useful result for
the chemical potential µr . This pragmatic approach is motivated by the fact that the parameters that we just introduced
cannot be measured with great precision for the time being as we will discuss below. The last term on the right-hand side
of Eq. (27) corresponds to the number of arrangements of n rosettes from N defects and contributes to the entropy of the
tube. From Eqs. (26) and (27), and from the thermodynamical identity ∂Fs

∂Vs
= −Ps, we get:

µr = −kBT · log

N − n

n


−1Fl + kBT ·


vovl

vs


·


ϕ + ϕ2

+ ϕ3
− ϕ4

(1 − ϕ)3


, (28)

where vovl = −
∂Vs
∂n represents the overlapping excluded volume gained for the spheres due to the interaction between two

defects. Thus, this simple model depends on three parameters: the free energy cost of a loop 1Fl, the normalized overlap
volume per loop vovl/vs and ϕ.1Fl can be approximated by the sum of an elastic energy term and an entropic term:

1Fl = 2kBTχ lp/l + ckBT ln(l/lp) . 9kBT , (29)

where l ≃ (3− 4)lp is the length of a typical loop, χ = 7 and c = 3− 4 [658–660]. Physiological values for the hard-sphere
fluid density Φ = ϕ(n = N) vary between ≃0.2–0.3 [638]. For a 30 nm fiber we can expect vovl ∼ 103 nm3 (see Fig. 101);
the typical size of proteins is vs ∼ 102 nm3, leading to values of vovl/vs around 10 [88].

As illustrated in Fig. 103, increasing the sphere densityΦ or the normalized overlap volume results in an increase of the
average number of loops per rosette (N/n − 1), thus in a more compact structure. On the other hand, increasing the free
energy cost of loop formation (stiffening of the fiber) decreases the average number of loops. Interestingly, we find that the
average number of loops per rosette can be regulated by fine-tuning the values of these parameters within physiological
range. For instance, for vovl/vs = 10 and1Fl = 9kBT and varyingΦ between 0.28 and 0.29 results in the average number of
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Fig. 103. Chemical potential vs. the number of loops per rosette (N/n − 1). The thick solid curve serves as a reference and corresponds to the parameter
values:Φ = 0.28,1Fl = 9kBT and vovl/vs = 10. For these values, a mean value of 2.8 loops (•) per rosette is expected. IncreasingΦ to 0.29 (dashed dotted
curve) increases the mean to 7 (△); similarly, increasing vovl/vs to 11.5 (dotted curve) results in a mean value of 12.6 (�). Increasing1Fl to 10kBT (dashed
curve) reduces the mean to 1 (�). Decreasing1Fl to 8kBT (thin solid curve) increases the mean to 7.6 (◦).
Source: Adapted from Ref. [88].

loops per rosette running from 2.8, i.e. low clustering, to 7. This provides attractive scenarios for the spontaneous emergence
of chromatin rosettes in the nucleus prior to their possible stabilization by external factors, e.g. DNA binding proteins
(Section 7.2.2). As recently reported by de Nooijer et al. [664], computer simulations based on Molecular Dynamics have
confirmed that non specific interactions can explain the self-organization of rosette-like structures in Arabidopsis thaliana.
Furthermore, these authors have shown that in the absence of chromatin loops, chromosomes mix whereas the formation
of loops in the Mbp range proves to be sufficient for chromosome territory stability during the cell cycle. This would imply
that chromosome territory formation and stability could in fact also be explained by thermal equilibrium principles, rather
than being the signature of the slow relaxation kinetics of very long entangled polymers as proposed by Rosa and Everaers
[624] for higher eukaryote genomes.

7.3. Genomic DNA codes for open chromatin around ‘‘master’’ replication origins in human cells

In higher-eukaryotes, extensive connections have been established between replication timing, genome organization
and gene transcriptional state; early replication tends to co-localize with active transcription and, in mammals, to gene-
dense GC rich isochores [466,512,530,539,665–667] and to transcription initiation early in development [556]. Interestingly,
as reported in Section 6, the putative origins at N-domain borders were also shown to be at the heart of a remarkable
gene organization [91]: in a close neighborhood, genes are abundant and broadly expressed and their transcription
is mainly directed away from the borders. This preferential orientation was interpreted in relation to replication fork
directionality [91]. All these features weaken progressively with the distance to domain borders. Altogether, these results
suggest that N-domain borders are landmarks of the human genome organization and possible triggers of the replication
program; they correspond to early replicating origins separated by large distance (∼1 Mbp) around which replication and
transcription are highly coordinated. Genome-wide investigation of chromatin architecture has revealed that, at large scales
(100 kbp–1 Mbp), regions enriched in open chromatin fibers correlate with regions of high-gene density [535] whereas,
at small scales (.1 kbp), DNA accessibility and nucleosome distribution and modifications are important determinant
for transcriptional activity [207,212,668–670]. Moreover, there is a growing body of evidence that transcription factors
are regulator of origin activation [671]. In this context, we can reasonably ask to which extent the remarkable genome
organization observed aroundN-domain borders ismediated byparticular chromatin structure favorable to the specification
of early replication origins. In this subsection, we map experimental and numerical chromatin mark data in the 678
replication N-domains (Fig. 104(a) and (b)) and we show that a significant subset of N-domain borders corresponds to
particular open chromatin regions, permissive to transcription, that may have been imprinted in the DNA sequence during
evolution [92].

7.3.1. N-domain borders are hypersensitive to DNase I digestion
By combining DNase sequencing and DNase tiled microarray strategies, high resolution DNase I hypersensitivity (HS)

sites were identified in human primary CD4+ T cells as markers of open chromatin across the genome [670]. The resulting
library contains 94925 DNase I HS sites covering 60 Mbp (2.1%) of the human genome. We first observe [92] that, whereas
replication N-domains cover 30% of the human autosomes, only 22.7% of the autosomal DNase I HS sites fall within an
N-domain. This is significantly lower than expected if the DNase I HS sites were uniformly distributed along the human
genome (P < 10−15 using a binomial test).Whenmapping DNase I HS sites inside the 678 replicationN-domains previously
identified in the human autosomes [92], we observe that the mean site coverage is maximum at the N-domain extremities
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(a)

(b)

(c)

(d)

(e)

Fig. 104. Open chromatin markers along N-domains. (a) Nucleotide compositional asymmetry profile S (Eq. (20)) along a 19Mbp long fragment of human
chromosome 6 that contains 7 replication N-domains (horizontal green lines) bordered by 11 distinct putative replication origins O1 to O11 (vertical green
lines). Each dot corresponds to the compositional asymmetry S calculated in awindow of 1 kbp of repeat-masked sequence. The different colors correspond
to: black, intergenic regions; red, (+) genes; blue, (−) genes. (b) The different colored profiles correspond to the DNase I HS score (black, resolution
1 kbp), the NFR density (blue, resolution 100 kbp), the CpG o/e (red, resolution 100 kbp) and the replication timing ratio tr (light blue, inhomogeneous
spatial resolution ∼300 kbp). The vertical dashed green line marks the location O0 of the closest upward jump to the region where we observe the
concomitant occurrence of a prominent burst in DNase I HS data, NFR numerical density and CpG o/e, in a region where the replication timing ratio
is high (tr ∼ 1.6). (c) Correlation between replication timing ratio tr and DNase I HS site coverage (window size = 300 kbp) along the 54 N-domains
identified in chromosome 6 (r = 0.56, P = 1.3× 10−14); dots are color coded according to CpG o/e value. (d) Correlation between replication timing ratio
tr and NFR density (window size = 300 kbp, GC content ≤ 41%) along the 54 N-domains in chromosome 6 (r = 0.41, P = 1.7 × 10−6); dots are color
coded according to DNase I HS sites coverage. (e) Correlation between CpG o/e and NFR density (window size = 300 kbp, GC content ≤ 41%) along the 678
N-domains identified along the 22 human autosomes (r = 0.71, P < 10−15); dots are color coded according to DNase I HS site coverage. In (c, d, e) the
3 color code is provided as a lateral color bar; each color corresponds to one third of the data points. (For interpretation of the references to color in this
figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [92].

and decreases significantly from the extremities to the center that is rather insensitive to DNase I cleavage (Fig. 105(a)). This
decrease extends over ∼150 kbp suggesting that N-domain extremities are at the center of an open chromatin region of
∼300 kbp. This is illustrated in the 19 Mbp long fragment of human chromosome 6 containing 7 N-domains (Fig. 104(a))
and showing peaks of DNase I hypersensitivity that co-localize within 3 kbp for 7 (O1, O3, O6, O7, O8, O10 and O11) out of the
11 distinct N-domain borders (O1 to O11) (Fig. 104(b)). Similar observations weremade for each of the 22 human autosomes
(see Supplementary in Ref. [92]).

When examining high resolution replication timing data previously measured in chromosome 6 [512], we observe a
significant correlation between DNase I HS sites coverage and the replication timing ratio showing that DNase I HS sites
are preferentially located in early replicating regions (r = 0.56, P = 1.3 × 10−14; Fig. 104(c)). This is confirmed in
Fig. 105(a) where the mean DNase I HS sites coverage profiles computed around (i) the 25 earliest replicating (tr > 1.51)
and the 25 latest replicating (tr < 1.4) N-domain borders among the 83 putative replication origins that border the 54
N-domains predicted along chromosome 6, are compared. In contrast to the earliest borders located within ±150 kbp
regions characterized by a high sensitivity to DNase I cleavage, the regions around the 25 latest borders do not display such
an enrichment in DNase I HS sites. This suggests that these putative origins lie in a less accessible chromatin environment
similar to the one observed at the N-domains centers which replicate late and where genes are rare and expressed in a few
tissues [91,510]. This is further illustrated by the observation that among the 11 N-domain borders predicted in the human
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(a) (b)

Fig. 105. Mean profiles of DNase I HS sites coverage over the 678 replication N-domains identified in the human genome. (a) DNase I HS site coverage vs.
the distance to the closestN-domain border. Black lines correspond to the overall average; orange (resp. light blue) line corresponds to the average over the
half N-domains bordered by the 25 earliest (resp. the 25 latest) chromosome 6 putative replication origins (out of a total of 83); (b) Same as (a) but when
conditioning the analysis by the GC content; color lines correspond to the average over loci belonging to different isochores — blue lines: G + C < 37%
(L1), green lines: 37 < G + C < 41% (L2) and red lines G + C > 41% (H1–3). (For interpretation of the references to color in this figure legend, the reader
is referred to the web version of this article.)
Source: Adapted from Ref. [92].

chromosome 6 fragment previously examined (Fig. 104(a)), the only 2 (O2 and O9) that are found without any DNase I HS
site in a close neighborhood, actually present low timing ratios (tr = 1.2 and tr = 1.25, respectively), as the signature of
late replication. For comparison, the 7 putative origins that turned out to be hypersensitive to DNase I cleavage are all early
replicating with tr & 1.5 [92].

Recently, it has been observed that the density of DNase I HS sites is positively correlated with the GC content, indicating
a significant compositional preference in the accessibility of chromatin to DNase I [672]. We have examined the DNase I
HS site coverage around the set of putative replication origins when conditioning the analysis by the GC content, 100 kbp
windows being grouped into three classes according to their GC level (Fig. 105(b)). Consistently with previous results [672],
we observe an overall increase of DNase I HS sites coverage with the GC content. Yet, whatever the GC class, a significant
decrease of the DNase I HS sites coverage with the distance to the N-domain borders is robustly observed over a similar
±150 kbp distance around these bordering origins. This observation demonstrates that DNase I HS at putative replication
origins is not a simple consequence of sequence composition [92].

7.3.2. DNA sequence codes for the accumulation of nucleosome-free regions around N-domains borders
Previous analysis has revealed that promoter regions for protein-coding genes are extremely hypersensitive to DNase I

digestion [670]. These regionswere shown to be nucleosomedepleted [207,212,668–670], verymuch like theNFRs observed
at yeast promoters. As reported in Section 3, to a large extent, these NFRs are coded in the DNA sequence via high energy
barriers that (i) impair nucleosome formation and (ii) condition the collective nucleosomal organization observed over
rather large distances along the chromatin fiber [81–83,86,210]. Here we use the same physical modeling of nucleosome
formation energy based on sequence-dependent bending properties as described in Section 3.2 [81,82]. Since the GC content
of S. cerevisiae is rather homogeneous around 39% as compared to the heterogeneous isochore structure of the human
genome [127,146–152], we restrict our modeling of nucleosome positioning to the light isochores L1 and L2 (GC < 41%).
Combining the nucleosome occupancy probability profile and the original energy profile, we identify nucleosome NFRs as
the genomic energy barriers that are high enough to induce a nucleosome depleted region in the nucleosome occupancy
profile (SupportingMaterial, PhysicalModeling in Ref. [92]).When averaging the nucleosome occupancy profiles around the
predicted NFR positions along human light isochores, we observe a striking correlation between the profiles obtained using
our physical modeling and the experimental genome-wide nucleosomemapping reported in Ref. [212], which confirms the
relevance of our physical nucleosome modeling to the human genome (Fig. 106). Moreover, the concomitant observation
of ∨-shape experimental occupancy profiles coinciding with high energy barriers in the sequence-derived nucleosomal
formation energy landscape indicates that the regions depleted in nucleosome in vivo are likely to be encoded, at least to
some extent, in the DNA sequence [92].

The distribution of NFRs along the 678N-domains shows amean density profile that ismaximal atN-domain extremities
(∼0.7 NFR/kbp) and that decreases from extremities to center where some NFR depletion is observed (∼0.62 NFR/kbp)
(Fig. 107(a)). This decay over a characteristic length scale ∼150 kbp is strikingly similar to that displayed by DNase I HS
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Fig. 106. Nucleosome occupancy profiles around in silico Nucleosome-Free Regions in the human genome [92]. (a) (resp. (b)) Average theoretical
nucleosome occupancy probability (blue) and experimental nucleosome score [212] (purple) around the 1017747 predicted NFRs in low GC content
regions (≤41%) when aligned on their 5′ (resp. 3′) borders. The green bars represent the theoretical NFR predictions (see Supplementary in Ref. [92]).
(For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [92].

(a) (b)

Fig. 107. Mean profile of NFR density (GC content <41%) over the 678 replication N-domains identified in the human genome. (a) NFR density vs. the
distance to the closest N-domain border. Black lines correspond to the overall average; brown (resp. purple) line corresponds to the average over loci
presenting a high DNase I HS sites coverage >1% (resp. low, <0.2%). (b) same as in (a) but when conditioning the analysis by the GC content; color lines
correspond to the average over loci belonging to different isochores — blue lines: G + C < 37% (L1) and green lines: 37 < G + C < 41% (L2). (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [92].

site coverage (Fig. 105(a)). The excess of NFRs at putative replication origins is robustly observed when conditioning the
analysis by the GC content but to a lesser extent in the neighborhood of the GC poorest origins that likely replicate late in S
phase (Fig. 107(b)). Indeed, verymuch like the DNase I HS site coverage (Fig. 104(b)), the in silicoNFR density displays strong
correlation with the replication timing ratio data in human chromosome 6 (r = 0.41, P = 1.7×10−6; Fig. 104(d)). This is in
agreement with the fact that no excess of NFRs is observed at the putative replication origins O2 and O9 that fire late in the
S phase (tr = 1.2 and 1.25, respectively) and where no DNase I HS site is found in a close neighborhood (Fig. 104(b)) [92].

Altogether, these results show that the NFR density profile displays the same characteristic increase around N-domain
borders, as the experimental DNase I HS site coverage profile. In fact, when comparing theNFR density profiles obtained over
loci presenting high (resp. low) DNase I HS site coverage, we confirm that NFR enrichment is correlated to higher sensitivity
to DNase I (Fig. 107(a)). If this correlation was expected, the fact that we recover it using a sequence-based modeling of
nucleosome occupancy suggests that putative replication origins that border the N-domains are situated within regions
of accessible open chromatin likely encoded in the DNA sequence via excluding energy barriers that inhibit nucleosome
formation and participate to the collective organization of the nucleosome array [81,82].
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(a) (b)

Fig. 108. Mean profiles of the CpG o/e over the 678 replication N-domains identified in the human genome as a function of the distance to the closest
N-domain border. In (a), black line corresponds to the overall average; blue (resp. green) line corresponds to the average over NFR (resp. non-NFR) loci. In
(b), colors have the same meaning as in Fig. 105(b).
Source: Adapted from Ref. [92].

7.3.3. DNA hypomethylation is associated with N-domain borders
Cytosine DNA methylation is a mediator of gene silencing in repressed heterochromatic regions, while in potentially

active open chromatin regions, DNA is essentially unmethylated [673]. DNA methylation is continuously distributed in
mammalian genomes with the notable exceptions of CpG islands (CGIs), short unmethylated regions rich in CpGs, and of
certain promoters and TSS [674]. Since there was no genome wide map of DNAmethylation available, we have investigated
the distribution of DNA methylation using instead indirect estimators calculated directly from the genomic sequence [92].
Methyl-cytosines being hypermutable, prone to deamination to thymines, we have considered the CpG observed/expected
(CpG o/e) ratio as an estimator of DNA methylation [675]. Using data from the Human Epigenome Project [676], we have
confirmed that hypomethylation in sperm corresponds to high values of the CpG o/e outside CGIs (Supporting Material
in Ref. [92]). We have also observed that the hypomethylation level of CGIs extends to about 1 kbp around the annotated
CGIs, so that the sequence coverage by CGIs enlarged 1 kbp at both extremities provided a complementary marker for
hypomethylated regions.

When computing CpG o/e after removing CGIs from the analysis along the 19 Mbp long reference fragment of human
chromosome 6, we find that 9 out of the 11 putative replication origins that border the 7 N-domains correspond to a well
defined local maximum of the CpG o/e profile (Fig. 104(b)). Since CpG o/e values are known to be positively correlated
with the GC content [677], we have determined the CpG o/e profiles for fixed GC content. When averaging over the 678
N-domains, the overall mean CpG o/e profile (Fig. 108(a)) as well as the mean CpG o/e profiles obtained for each class
of GC content (Fig. 108(b)) present a maximum at origins positions, as the signature of hypomethylation, and decrease
over a characteristic distance ∼150 kbp, similar to the one found for DNase I HS sites coverage and NFR density profiles
(Figs. 105 and 107), from the extremities to the center of N-domains where a minimal level of CpG o/e is attained. These
data show that the peak of CpG o/e observed around the putative replication origins, even when CpG islands were removed
from the genome, cannot be attributed to some peculiar GC content environment but more likely to an hypomethylated
open chromatin state where CpG o/e is correlated with DNase I HS sites coverage (r = 0.35, P < 10−15) and NFR density
(r = 0.71, P < 10−15) (Fig. 104(e)). The decrease of the CpG o/e with the distance to N-domain border is robustly observed
when considering separately NFR and non-NFR regions (Fig. 108(a)) showing that the gradient of hypomethylation over
∼150 kbp around N-domain borders is not specific to either of these regions. The correlation measured between CpG o/e
and replication timing (r = 0.30, P = 1.1× 10−4, Fig. 104(c)) further indicates that this property is significantly associated
with the putative replication origins located in early-replicating regions. Complementary analysis using the 1 kbp-enlarged
CGI coverage as hypomethylation marker provides exactly the same diagnosis. We observe that each of the 11 N-domain
borders presented in Fig. 104(b), corresponds to a peak in the 1 kbp-enlarged CGI coverage profile (data not shown) and that
the average over the 678N-domains decreases from borders to center over a similar characteristic distance∼150 kbp. These
observations are consistent with the hypothesis [678] that CGIs are protected frommethylation due to their co-localization
with replication origins.

7.3.4. Open chromatin regions around N-domain borders have a characteristic size
The decreasing behavior over a characteristic distance of±150 kbp fromN-domain borders common to themeanDNase I

HS site coverage profile, themeanNFR density profile, themean CpGo/e profile and the average 1 kbp-enlarged CGI coverage
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Fig. 109. Mean profiles of DNase I HS site coverage (a), NFR density (GC content <41%) (b), CpG o/e (c) and GC content (d) as a function of the distance
to the closest N-domain border over the 678 replication N-domains identified in the human genome, for 3 N-domain size categories: L < 0.8 Mbp (red),
0.8 < L < 1.5 Mbp (green) and L > 1.5 Mbp (blue). (For interpretation of the references to color in this figure legend, the reader is referred to the web
version of this article.)
Source: Adapted from Ref. [92].

is actually observed whatever the size of the replication N-domains (Fig. 109(a–c)). This contrasts with the GC content
profile that behaves quite differently (Fig. 109(d)). For N-domains of small size (L < 0.8 Mbp), the GC profile is rather flat
all along the domains, whereas for the larger sizes (L > 0.8 Mbp), it decreases very slowly towards the center of the N-
domains. These results confirm that the excess of CpG o/e observed around the putative replication origins does not simply
reflect some localized high GC environment but more likely some open chromatin state with a mean characteristic size of
∼300 kbp [92].

Chromatin structure has also been analyzed at the fiber level using separation by sucrose gradient sedimentation [535].
As shown in Fig. 110(a), the proportion of microarray DNA fragments presenting an open/input ratio >1.5 decreases
significantly (five fold) from N-domain borders to centers. This result provides additional support for the peculiar property
of chromatin in the neighborhood of N-domain borders. Note that only close to these borders this proportion of open/input
chromatin >1.5 exceeds (for small N-domains) the mean value ∼0.2 obtained when averaging over the 22 human
autosomes. This means that the central part of the N-domains and a fortiori of the larger split-N-domains (Section 6.4),
definitely correspond to heterochromatic gene poor regions (see Fig. 89(c) and (d)). When considering these two sets of
replication domains, they overall covermore than 50% of the human genome. But as reported in Fig. 110(b), some variability
is observed when examining each one of the 22 human autosomes. Interestingly, the 5 autosomes that have the largest
(>30%) proportions of DNA fragments presenting an open/input chromatin ratio>1.5, namely chromosomes 19, 22, 17, 16
and 20, correspond to 5 among the 6 chromosomes that have the lowest coverages byN-domains and split-N-domains. This
confirms that our wavelet-basedmethodology to detect N-domains (Section 6.1) has been rather efficient for chromosomes
that are less open than average as for example chromosomes 3, 4, 9 and 13, and where, unlike for the top five most open
chromosomes, the characteristic size of the N-domains is significantly larger than the mean gene size (Section 6.1).

7.3.5. Open chromatin around N-domain borders are potentially fragile regions involved in chromosome instability
Since chromatin accessibility and openness are possible factors responsible for fragility and instability,N-domain borders

could also play a key role in genome dynamics during evolution and genome instability in pathologic situations like cancer.
Taking advantage of recent progress in the detection of rearrangement breakpoints in mammalian chromosomes [679],
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(a) (b)

Fig. 110. Proportion of DNA fragments presenting a ratio of ‘‘open’’ over input chromatin greater than 1.5 vs. (a) the distance to the closest N-domain
border and (b) the coverage by skew domains (including N- and split-N-domains) for each of the 22 human autosomes. In (a), colors correspond to three
N-domain size categories: L < 0.8 Mbp (red), 0.8 < L < 1.5 Mbp (green) and L > 1.5 Mbp (blue). (For interpretation of the references to color in this
figure legend, the reader is referred to the web version of this article.)
Source: Panel (a) is adapted from Ref. [92].

we have recently studied their distribution along the human genome relatively to the position of genes, to the isochore
organization and to the segmentation by replication N-domains [680]. As shown in Fig. 111, the available set of 622 high-
resolution non-intersecting breakpoint regions fall more frequently nearN-domain borders than in their central regions and
the way the breakpoint density decreases from the borders displays the same characteristic scale ∼±150 kbp as previously
observed for the different open chromatin markers. This suggests that the distribution of large-scale rearrangements
in mammals reflects a mutational bias towards regions of high transcriptional activity and replication initiation [680].
Furthermore, the fact that chromosome anomalies involved in the tumoral process like at the RUNX1T1 oncogene locus (see
Supplementary Fig. S6 in Ref. [92]) coincide with replication N-domain extremities raises the possibility that the replication
origins detected in silico are potential candidate loci susceptible to breakage in some cancer cell types [92].

7.4. Master replication origins at the heart of the chromatin tertiary structure

7.4.1. Recent experimental replication origins mapped on ENCODE confirm N-domain border predictions
Previous analyses of nucleotide strand compositional asymmetries have shown that, out of the 9 experimentally

identified replication origins, 7 (78%) presented an upward jump in the asymmetry profile analog to those bordering N-
domains (Section 5.3) [89,90]. Recently, the localization of replication origins has been experimentally investigated along
1% of the human genome (ENCODE regions) by hybridization to Affymetrix ENCODE tiling arrays of purified small nascent
DNA strands and of restriction fragments containing small replication bubble [477,479]. Out the 7 N-domain borders that
reside within an ENCODE region, 4 match an experimental replication origin (P = 4 × 10−3): 3 to the bubble trapping
dataset (Bubble-HL, P = 0.017) and 1 to a nascent strand purification dataset (NS-HL-2, P = 0.09) (Table 10). Actually,
as previously noted [479], a second N-domain border is located within 1 kbp of a NS-HL-2 origin (Table 10). Hence, there
is direct experimental evidence that 5/7 (71%) N-domain borders correspond to active replication origins at a few kbp
resolution. These results are all the more significant considering the rather low overlap between the experimental datasets.
For example, only 69 (25%) of the NS-HL-2 origins overlap with a Bubble-HL origins, only 4 (1.4%) with the second nascent
strand dataset in HeLa cells (NS-HL-1) and only 12 (4.3%) even when extending NS-HL-1 and NS-HL-2 origins by 1 kbp on
both sides.

7.4.2. N-domain borders: a subset of ‘‘master’’ replication origins at the heart of the spatio-temporal program of replication
In metazoans, recognition of replication origins by the origin recognition complex (ORC) does not involve a simple

consensus DNA sequence. Initiation sites do not share common genetic entities but seem to be favored by various factors
that can differ from one origin to another and be required or dispensable under different conditions [463,473]. Specification
of initiation sites can be favored by negatively supercoiled DNA [681] (possibly resulting from the removal or displacement
of nucleosomes), by interacting proteins that chaperone ORC to specific chromatin sites [682], by the transcriptional
activity [541] or by open chromatin to which ORC might bind in a non-specific way [683]. Our finding in Section 7.3 show
that the putative early replication origins located at N-domain borders are likely to be specified by the ∼300 kbp wide
region of open chromatin that surrounds this peculiar subset of origins that will be further qualified as ‘‘master’’ replication



A. Arneodo et al. / Physics Reports 498 (2011) 45–188 157

Fig. 111. Mean profiles of DNase I HS site coverage (black), NFR density (GC content<41%, blue), CpG o/e (red) and evolutionary breakpoint density (green)
as a function of the distance to the closest N-domain border, after masking CGIs and genes extended by 2 kbp at both extremities [92]. (For interpretation
of the references to color in this figure legend, the reader is referred to the web version of this article.)

Table 10
Correspondence between N-domain borders and experimental replication origins datasets along ENCODE regions [92]. Main characteristics of replication
origin prediction along ENCODE regions based on purified restriction fragments containing replication bubble (Bubble) [525] or purified small nascent
strands (NS) [466]. First column indicates the experimental method (Bubble or NS) and the cell type (HL: HeLa cells and GM: GM06990 cell lines). They
are two independent NS-HL datasets labeled 1 and 2. ‘‘All’’ corresponds to the four initial datasets considered together. NS + 1 kbp-HL-2 corresponds to
the NS-HL-2 dataset when extending replication origins by 1 kbp on both sides. +Bublle-HL corresponds to merging the NS + 1 kbp-HL-2 and Bubble-HL
datasets. We provide the number of replication origins, their total coverage of ENCODE regions, the number of N-domain borders out of 7 within ENCODE
regions that match with one of the experimental replication origins and the corresponding P-value using a binomial test (P-values<0.02 are in bold).

Method Number Coverage (%) Match with N-domain borders (P-value) Reference

Bubble-HL 234 8.6 3 (0.017) [477]
NS-GM 758 1.0 0 [477]
NS-HL-1 434 0.6 0 [477]
NS-HL-2 282 1.4 1 (0.093) [479]

All 11.0 4 (0.004)
NS + 1 kbp-HL-2 3.2 2 (0.019)
+Bublle-HL 11.2 5 (0.0003)

origins [92]. Interestingly, location O0 in Fig. 104 that was not identified as a N-domain border but displays all these open
chromatin characteristics, indeed corresponds to a sharp upward jump in the skew profile as the hallmark of the presence of
a ‘‘master’’ replication origin. Such a strong gradient of accessible and open chromatin environment is not observed around a
large fraction of the 283 replication origins experimentally identified along ENCODE regions [479]. Actually, besides a strong
associationwith CGIs, only 29% overlap a DNase I hypersensitive site and half of these origins do not present open chromatin
epigenetic marks and are not associated with active transcription [92]. Furthermore, the typical inter-origin distance in the
human somatic cells has been estimated to be of the order of 50-100 kbp [479,684], a value significantly smaller than the
typical size (∼1 Mbp) of N-domains (Fig. 72, Section 6.1) [91,509]. As illustrated in Fig. 112, we are currently working,
in collaboration with A. Goldar and O. Hyrien, on a more refined model of the spatio-temporal replication program where
replication first initiates at ‘‘master’’ origins atN-domain borders in an open chromatin environment, followed by successive
activations of secondary origins within N-domains according to the observed timing profile (see Figs. 74(d) and 83). One
possible mechanism for this is that secondary origins are remotely activated by the approach of a center oriented fork.
This ‘‘saltatory transmission’’ of origin activation could explain why replication progress from N-domain borders much
faster (3–5 times) than the known speed of single fork obtained by DNA combing techniques [685,686]. Furthermore,
the linear decline of the skew along N-domain is likely to reflect a progressive change in the proportion of center- and
border- oriented forks that itself reveals the dynamic patternwithwhich secondary initiations occurwithinN-domains. The
results of preliminary numerical simulations based on previousmodeling studies [553,554,687,688] of replication in several
eukaryotic species look very encouraging. It will be interesting to analyze to which extent chromatin state influences fork
progression and secondary initiations and whether outside of N-domains, the genome replicates according to a similar or
completely different set of rules.

7.4.3. Unifying replication foci and transcription factories
The results reported in Section 7.3 show that the ∼300 kbp wide regions of open chromatin around the putative

replication origins that border N-domains are good candidates as intrinsic structural defects (burst of ‘‘openness’’) in the
30 nm chromatin fiber [92]. Actually these regions of higher accessibility are to some extent encoded in the DNA sequence
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Fig. 112. A cascade model for replication of N-domains [689]. Replication initiates at master origins (ORI) at N-domain borders followed by successive
firing of secondary origins (ori) which explains why replication is observed to progress faster than single forks. According to replication timing data [529],
the dynamic pattern with which secondary initiations occur predicts a progressive change in average fork polarity that matches the progressive inversion
of the skew across N-domains.

(a) (b)

Fig. 113. Mean profile of Pol II (a) and H3K4me3 (b) Chip-Seq tag density ±2 kbp around TSS vs. the distance to the closest N-domain border [92]. Colors
correspond to three N-domain size categories: L < 0.8Mbp (red), 0.8 < L < 1.5Mbp (green) and L > 1.5Mbp (blue). (For interpretation of the references
to color in this figure legend, the reader is referred to the web version of this article.)
Source: Adapted from Ref. [92].

via an enrichment in nucleosome excluding energy barriers (NFRs) (Fig. 107). In that respect, these master replication
originsmight play a central role in the self-organization of eukaryotic chromatin into rosette-like structures according to the
entropy-driven scenario described in Section 7.2.3 [30,88]. Since the previously investigated chromatin markers have been
associated, at least to some extent, with genes (e.g. 16% of all DNase I HS sites are in the first exon or at the TSS of a gene,
and 42% are found inside a gene [670]), we have reproduced the analysis of their distribution along the N-domains after
masking the genes extended by 2 kbp at both extremities and the CGIs. As shown in Fig. 111, the fact that the mean DNase I
HS site coverage, NFR density and CpG o/e profiles still present the decaying behavior over∼150 kbp, demonstrates that the
excess observed around the putative replication origins does not simply reflect the rather packed gene organization at the
N-domain borders (Fig. 86(b)). Additionally, when investigating the transcriptional potential of genes as a function of their
distance to N-domain borders, we observe in Fig. 113 that Pol II binding and H3K4me3 Chip-Seq tag density ±2 kbp [668]
around TSS, also present a strongly decaying mean profile over a length of ∼150 kbp from N-domain borders to center
(five-fold and three-fold respectively). The presence of these two marks at the TSS have been shown to correlate with gene
activity [668]. These results thus indicate that the open chromatin regions around putative replication origins are prone to
transcription, whereas N-domain central regions appear transcriptionally silent [92].

Remark. The fact that someN-domain borders (like O2 in Fig. 104) do not present an open chromatin signature nor an early
replication timing in the cell line used experimentally, but still exhibit a sharp upward jump in the skew profile, raises the
question of whether they have a different status or are associated with open chromatin and early replication like the others
only in the germline. To address this issue, we are currently investigating open chromatin marker and replication timing
data in different cell lines.

Altogether the results reported in Sections 7.3 and 7.4 suggest a rather unifying picture of the tertiary chromatin structure
where ‘‘master’’ replication origins will be at the heart of a compartmentalization of the human genome into multi-looped
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structural domains that are likely to account for both replication foci [414,425–427] and transcription factories [26,642,
645,646] (Section 7.2.2). According to the clustering mechanism described in Section 7.2.2, the spatial proximity in the cell
nucleus of replication origins and active gene promoters will contribute to increase significantly the local concentration of
DNA and RNA polymerases that in turn will participate in maintaining these super-structures dynamically stable during
the cell cycle. Note that this unified understanding of replication foci and transcription factories provides an alternative
interpretation of the gene organization observed around N-domain borders in Section 6.3 [91]. The observed excess of R+
genes oriented in the same direction as the putative replication fork progression (Fig. 86(c)) might simplymean that for long
(possibly housekeeping) genes (&150 kbp) to have an active promoter, better to be well oriented R+ so that their promoter
be located in the accessible open chromatin environment surrounding themaster replication origins that borderN-domains.
Further investigation of the gene organization and orientation inside and outsideN-domains is necessary to corroborate this
intimate link between replication and transcription via the subset of putative replication origins that we have qualified, for
that very peculiar purpose, as ‘‘master’’ origins [92].

8. Concluding remarks

In a recent past, theDNAdouble helixwas simply considered as a biologicalmacromolecule (a polymer)whose nucleotide
sequence codes for our genes. The regulation and control of DNA replication and gene transcription was supposed to be
fully delegated to proteins. Nowadays, DNA is more andmore recognized as a complex heteropolymer whose structural and
mechanical properties play a relevant part in the management of gene information. The results reported in this review
demonstrate that there is a lot of information encoded in the DNA sequences concerning the different stages of DNA
compaction inside the cell nucleus (Fig. 1). Surprisingly, if the local structural and mechanical properties of the double helix
are ‘‘written’’ in the sequence, which in turn influences the formation and dynamics of the nucleosomal string, our results
show that the sequence also conditions to some extent the next compaction levels. When playing on the magnification
of our WT microscope, we have seen that at large scales (&30–40 kbp), the primary sequence still contains structural and
mechanical information, no longer on the DNA double helix, but rather on the 30 nm chromatin fiber and its propensity
to form loops and multi-loop (rosette) patterns that are likely to correspond to structural domains of autonomous DNA
replication and gene expression (replication foci, transcription factories). Since introns and intergenic regions constitute
more than 95% of the human genome, our study therefore contributes to give a role to the non-coding regions in eukaryotic
genomes. These regions actually play a driving role in the condensation and decondensation processes of the chromatin
architecture as well as in many related regulatory functions.

The results reported here open new perspectives in DNA sequence and genomic data analysis, in modeling as well as in
experiment. From a methodological point of view, they underline the need and potential benefits of a multi-scale approach
for improving our understanding of chromatin-mediated regulation of transcription and replication. Indeed, joint evolution
and adaptation of the different levels of chromatin organization (DNA, nucleosome, fiber, chromatin loop) (Fig. 1) have
led to a situation where all these levels are consistently coupled functionally and cannot be investigated separately. We
have seen how the lowest levels can condition the organization at larger scales; conversely the upper levels via (Mbp) long
chromatin loops, control back and even participate to the shaping of the smaller-scale levels. This explains that regulatory
mechanisms involving the chromatin structure also offer numerous ways of epigenetic control (e.g. histone variants and
post-translational modifications) that may amplify direct ‘‘physical by-products’’ of the genomic sequence [268,609]. A
consistent framework bridging scales and levels of organization from DNA to chromosome is therefore desirable to get an
integrated picture of nuclear functions. Various scientific projects aiming at deciphering the mechanisms underlying how
information flows across scales during the different stages of the cell cycle, are in current progress.
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Appendix A. A wavelet-based multifractal formalism: the wavelet transformmodulus maxima method

The continuous wavelet transform (WT) is a mathematical technique introduced in signal analysis in the early 1980s
[33–35]. Since then, it has been the subject of considerable theoretical developments and practical applications in a
wide variety of fields [28,37–39,41–55]. The WT has been early recognized as a mathematical microscope that is well
adapted to reveal the hierarchy that governs the spatial distribution of singularities of multifractal measures [36,40,694].
What makes the WT of fundamental use in the study of ‘‘DNA walks’’ in Section 2, is that its singularity scanning ability
equally applies to singular functions than to singular measures [36,40,694–700]. Taking advantage of this property, a
unified thermodynamic description of multifractal distributions including measures and functions, the so-called Wavelet
Transform Modulus Maxima (WTMM) method has been developed [457–459,701,702]. By using wavelets instead of boxes
or increments, one can take advantage of the freedom in the choice of these ‘‘generalized oscillating boxes’’ to get rid of
possible (smooth) polynomial behavior that might either mask singularities or perturb the estimation of their strength h
(Hölder exponent), remedying in this way for one of the main failures of the classical multifractal methods (e.g. the box-
counting algorithms in the case of measures and the structure function method in the case of functions [457–459,702]). The
other fundamental advantage of using wavelets is that the skeleton defined by the WTMM [699,700], provides an adaptive
space-scale partitioning fromwhich one can extract the D(h) singularity spectrum via the Legendre transform of the scaling
exponents τ(q) (q real, positive as well as negative) of some partition functions defined from the WT skeleton [28,51]. We
refer the reader to Bacry et al. [457], Jaffard [703,704] for rigorous mathematical results and to Hentschel [705] for the
theoretical treatment of random multifractal functions. Note that alternative approaches to the WTMM method have been
developed using discrete wavelet bases [706–709], including the recent use of wavelet leaders [710–712].

Applications of theWTMMmethod to 1D signals have already provided insights into a wide variety of problems [29], e.g.,
the validation of the log-normal cascade phenomenology of fully developed turbulence [713–716] and of high-resolution
temporal rainfall [717–719], the characterization and the understanding of long-range correlations in DNA sequences
(Section 2) [14–16,113,124,130], the demonstration of the existence of a causal cascade of information from large to small
scales in financial time series [720,721], the use of the multifractal formalism to discriminate between healthy and sick
heartbeat dynamics [722,723], the discovery of a Fibonacci structural ordering in 1D cuts of diffusion limited aggregates
(DLA) [724–727]. The canonical WTMM method has been further generalized from 1D to 2D [728,729] with the specific
goal to achieve multifractal analysis of rough surfaces with fractal dimensions DF anywhere between 2 and 3 [730–
732]. The 2D WTMM method has been successfully applied to characterize the intermittent nature of satellite images
of the cloud structure [733,734], to perform a morphological analysis of the anisotropic structure of atomic hydrogen
(HI ) density in Galactic spiral arms [735], to assist in the diagnosis in digitized mammograms [736] and to perform an
automatic segmentation of chromosome territories in confocal cell nucleus imaging [737,738]. We refer the reader to
Arneodo et al. [739] for a review of the 2DWTMMmethodology, from the theoretical concepts to experimental applications.
Recently, the WTMMmethod has been further extended to 3D scalar [740] as well as 3D vector [741,742] field analysis and
applied to 3D (velocity, vorticity, dissipation, enstrophy) numerical data issued from direct numerical simulations (DNS)
of incompressible Navier–Stokes equations [741,742]. Because it combines singular value decomposition and multifractal
description, the so-called tensorial wavelet transform modulus maxima method for vector fields looks very promising for
future simultaneous multifractal and structural (velocity sheets, vorticity filaments) analysis of turbulent flows [741,742].

In this Appendix, we summarize the main steps of the WTMMmethod for the multifractal analysis of 1D signals like the
DNA walks in Section 2.

A.1. The continuous wavelet transform

The WT is a space-scale analysis which consists in expanding signals in terms of wavelets which are constructed from
a single function, the ‘‘analyzing wavelet’’ ψ , by means of translations and dilations. The WT of a real-valued function f is
defined as [33–35]:

Tψ [f ](x0, a) =
1
a

∫
+∞

−∞

f (x)ψ

x − x0

a


dx, (A.1)
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Fig. A.1. Set of analyzing wavelets ψ(x) that can be used in Eq. (A.1). (a) g(1) and (b) g(2) as defined in Eq. (A.3). (c) ψN as defined in Eq. (A.7) and used in
Section 6 to detect replication N-domains. (d) Box function φT used in Section 6 to model step-like skew profiles induced by transcription.

where x0 is the space parameter and a (>0) the scale parameter. The analyzing wavelet ψ is generally chosen to be well
localized in both space and frequency. Usually ψ is required to be of zero mean for the WT to be invertible. But for the
particular purpose of singularity tracking that is of interest here, we will further require ψ to be orthogonal to low-order
polynomials [457–459,696–702]:∫

+∞

−∞

xmψ(x)dx, 0 ≤ m < nψ . (A.2)

As originally pointed out by Mallat and collaborators [699,700], for the specific purpose of analyzing the regularity of a
function, one can get rid of the redundancy of the WT by concentrating on the WT skeleton defined by its modulus maxima
only. These maxima are defined, at each scale a, as the local maxima of |Tψ [f ](x, a)| considered as a function of x. These
WTMM are disposed on connected curves in the space-scale (or time-scale) half-plane, called ‘‘maxima lines’’ (see Fig. B.1(e,
f)). Let us define L(a0) as the set of all the maxima lines that exist at the scale a0 and which contain maxima at any scale
a ≤ a0. An important feature of these maxima lines, when analyzing singular functions, is that there is at least one maxima
line pointing towards each singularity [458,699,700].

A.2. Analyzing wavelets

There are almost as many analyzing wavelets as applications of the continuousWT [29,36,40,458,459,694]. A commonly
used class of analyzing wavelets is defined by the successive derivatives of the Gaussian function:

g(N)(x) =
dN

dxN
e−x2/2, (A.3)

for which nψ = N and more specifically g(1) and g(2) that are illustrated in Fig. A.1(a,b). Note that the WT of a signal f with
g(N) (Eq. (A.3)) takes the following simple expression:

Tg(N) [f ](x, a) =
1
a

∫
+∞

−∞

f (y)g(N)

y − x
a


dy,

= (−a)N
dN

dxN
Tg(0) [f ](x, a). (A.4)
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Eq. (A.4) shows that theWT computed with g(N) at scale a is nothing but the Nth derivative of the signal f (x) smoothed by a
dilated version g(0)(x/a) of the Gaussian function. This property is at the heart of various applications of theWTmicroscope
as a very efficient multi-scale singularity tracking technique [29].

One of the main advantages of the WT is its adaptive ability to perform time–frequency analysis [43,51] when using
complex analyzing wavelets like the Morlet’s wavelet:

ψM(x) =
1

√
2π

eiωx

e−x2/2

−
√
2e−ω2/4e−x2


, (A.5)

where the second term in the r.h.s. is negligible for large ω values (ω & 5). The ‘‘scale-spectrum’’ of a signal S of total length
L is defined as:

Λ(a) =
1
L

∫ L

0

TψM [S](x, a)
 dx. (A.6)

With the specific goal of disentangling the contributions to the nucleotide composition strand asymmetry coming
respectively from transcription and replication processes, we use in Section 6, an adapted analyzing wavelet called N-let
because of its shape that looks like the letter N (Fig. A.1(c)) [32,509]:

ψN(x) = −xχ[−1,1](x), (A.7)
where χ[−1,1] is the characteristic function of the interval [−1, 1]. By performing multi-scale pattern recognition in the
(space, scale) half-plane with this N-let, we are able to achieve some segmentation of the human and more generally
mammalian genomes into replication domains bordered by putative replication origins [32,91,509,510].

A.3. Scanning singularities with the wavelet transform modulus maxima

The strength of the singularity of a function f at point x0 is given by the ‘‘Hölder exponent’’, i.e., the largest exponent such
that there exists a polynomial Pn(x − x0) of order n < h(x0) and a constant C > 0, so that for any point x in a neighborhood
of x0, we have [457,458,696–700]:

|f (x)− Pn(x − x0)| ≤ C |x − x0|h. (A.8)
If f is n times continuously differentiable at the point x0, then one can use for the polynomial Pn(x − x0), the order-n Taylor
series of f at x0 and prove that h(x0) > n. Thus h(x0)measures how irregular the function f is at the point x0. The higher the
exponent h(x0), the more regular the function f .

The main interest in using the WT for analyzing the regularity of a function lies in its ability to be blind to polynomial
behavior by an appropriate choice of the analyzing waveletψ . Indeed, let us assume that according to Eq. (A.8), f has, at the
point x0, a local scaling (Hölder) exponent h(x0); then, assuming that the singularity is not oscillating [700,743–745], we can
easily prove that the local behavior of f is mirrored by the WT which locally behaves like [457–459,696–704]:

Tψ [f ](x0, a) ∼ ah(x0), a → 0+, (A.9)
provided nψ > h(x0), where nψ is the number of vanishingmoments ofψ (Eq. (A.2)). Therefore one can extract the exponent
h(x0) as the slope of a log–log plot of theWT amplitude versus the scale a. On the contrary, if we choose nψ < h(x0), theWT
still behaves as a power-law but with a scaling exponent which is nψ :

Tψ [f ](x0, a) ∼ anψ , a → 0+. (A.10)
Thus, around a given point x0, the faster the WT decreases when the scale goes to zero, the more regular f is around that
point. In particular, if f ∈ C∞ at x0 (h(x0) = +∞), then the WT scaling exponent is given by nψ , i.e. a value which is
dependent on the shape of the analyzing wavelet. According to this observation, we can hope to detect the points where f
is smooth by just checking the scaling behavior of theWTwhen increasing the order nψ of the analyzing wavelet [457–459,
701,702].

A very important point (at least for practical purpose) raised byMallat and Hwang [699] is that the local scaling exponent
h(x0) can be equally estimated by looking at the value of theWTmodulus along amaxima line converging towards the point
x0. Indeed we can prove that both Eq. (A.9) and (A.10) still hold when following a maxima line from large down to small
scales [699,700].

A.4. The wavelet transform modulus maxima method for multifractal analysis

A.4.1. Singularity spectrum
As originally defined by Parisi and Frisch [746], the multifractal formalism of multi-affine functions amounts to comput-

ing the so-called ‘‘singularity spectrum’’ D(h) defined as the Hausdorff dimension of the set where the Hölder exponent is
equal to h [457–459]:

D(h) = dimH{x, h(x) = h}, (A.11)
where h can take, a priori, positive as well as negative real values (e.g., the Dirac distribution δ(x) corresponds to the Hölder
exponent h(0) = −1) [703].
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A.4.2. The wavelet transform modulus maxima method
A natural way of performing amultifractal analysis of fractal functions consists in generalizing the ‘‘classical’’ multifractal

formalism [747–751] using wavelets instead of boxes or increments. By taking advantage of the freedom in the choice of the
‘‘generalized oscillating boxes’’ that are the wavelets, we can hope to get rid of possible smooth behavior that could mask
singularities or perturb the estimation of their strength h. But the major difficulty with respect to box-counting techniques
[750,752–756] for singular measures, consists in defining a covering of the support of the singular part of the function with
our set of wavelets of different sizes. As emphasized in Refs. [457–459,701,702], the branching structure of theWT skeletons
of fractal functions in the (x, a) half-plane enlightens the hierarchical organization of their singularities (see Fig. B.1(e, f)).
The WT skeleton can thus be used as a guide to position, at a considered scale a, the oscillating boxes in order to obtain
a partition of the singularities of f . The wavelet transform modulus maxima (WTMM) method amounts to compute the
following partition function in terms of WTMM coefficients [457–459,701,702]:

Z(q, a) =

−
l∈L(a)

 sup
(x,a′)∈l
a′≤a

|Tψ [f ](x, a′)|


q

, (A.12)

where q ∈ R and the sup can be regarded as a way to define a scale adaptive ‘‘Hausdorff-like’’ partition. Now from the
deep analogy that links the multifractal formalism to thermodynamics [459,754], we can define the exponent τ(q) from the
power-law behavior of the partition function:

Z(q, a) ∼ aτ(q), a → 0+, (A.13)

where q and τ(q) play respectively the role of the inverse temperature and the free energy. The main result of this wavelet-
based multifractal formalism is that in place of the energy and the entropy (i.e. the variables conjugated to q and τ ), one has
h, the Hölder exponent, and D(h), the singularity spectrum. This means that the singularity spectrum of f can be determined
from the Legendre transform of the partition function scaling exponent τ(q) [457,703,704]:

D(h) = min
q
(qh − τ(q)). (A.14)

A.4.3. Monofractal versus multifractal functions
From the properties of the Legendre transform, it is easy to see that ‘‘homogeneous’’ fractal functions that involve

singularities of unique Hölder exponent h = ∂τ/∂q, are characterized by a τ(q) spectrumwhich is a linear function of q (see
Fig. B.2(c)). On the contrary, a nonlinear τ(q) curve is the signature of nonhomogeneous functions that exhibit ‘‘multifractal’’
properties, in the sense that the Hölder exponent h(x) is a fluctuating quantity that depends upon the spatial position x (see
Fig. B.2(c)). As illustrated in Fig. B.2(d), the D(h) singularity spectrum of a multifractal function displays a single humped
shape that characterizes intermittent fluctuations corresponding to Hölder exponent values spanning a whole interval
[hmin, hmax], where hmin and hmax are the Hölder exponents of the strongest and weakest singularities respectively.

For more details on the 1D, 2D and 3DWTMMmethod, we refer the reader to Ref. [757].

Appendix B. Test applications of the wavelet transform modulus maxima method on monofractal and multifractal
synthetic random signals

This Appendix is devoted to test applications of the WTMMmethod to random functions generated either by ‘‘additive’’
models like fractional Brownianmotions [758,759] or by ‘‘multiplicative’’models like randomW-cascades onwavelet dyadic
trees [713,714,760,761]. For each model, we first wavelet transform 1000 realizations of length L = 65 536 with the first
order (nψ = 1) analyzing wavelet g(1). From the WT skeletons defined by the WTMM, we compute the mean partition
function (Eq. (A.12)) fromwhichwe extract the annealed τ(q) (Eq. (A.13)) and, in turn, D(h) (Eq. (A.14)) multifractal spectra.
We systematically test the robustness of our estimates with respect to some change of the shape of the analyzing wavelet,
in particular when increasing the number nψ of zero moments, going from g(1) to g(2) (Eq. (A.3)).

B.1. Fractional Brownian signals

Since its introduction by Mandelbrot and Van Ness [758], the fractional Brownian motion (fBm) has become a very
popular model in signal and image processing [28,56–79]. In 1D, fBm has proved useful for modeling various physical
phenomena with long-range dependence, e.g., ‘‘1/f ’’ noises. The fBm exhibits a power-law spectral density:

S(ω) ∼ 1/ωβ , with β = 2H + 1, (B.1)

where ω is the frequency and the spectral exponent β is related to the Hurst exponent H . fBm has been extensively used
as test stochastic signals for Hurst exponent measurements. The performances of classical methods (e.g., height–height
correlation function, variance andpower spectralmethods, first return andmulti-return probability distributions,maximum
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Fig. B.1. WT of monofractal and multifractal stochastic signals. Fractional Brownian motion: (a) A realization of B1/3 (L = 65 536); (c) WT of B1/3 as coded,
independently at each scale a, using 256 colors from black (|Tψ | = 0) to red (maxb |Tψ |); (e) WT skeleton defined by the set of all the maxima lines. Log-
normal random W-cascades: (b) A realization of the log-normal W-cascade model (L = 65536) with the following parameter valuesm = −0.355 ln 2 and
σ 2

= 0.02 ln 2 (see Ref. [761]); (d) WT of the realization in (b) represented with the same color coding as in (c); (f) WT skeleton. The analyzing wavelet is
g(1) (Eq. (A.3)) (see Fig. A.1(a)). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)

likelihood techniques) [129,762–770] have been recently competed by wavelet-based techniques [771–781]. A fBm BH(x)
indexed by H ∈]0, 1[, is a Gaussian process of mean value 0 and whose correlation function is given by

⟨BH(x)BH(y)⟩ =
σ 2

2


|x|2H + |y|2H − |x − y|2H


, (B.2)

where ⟨· · ·⟩ represents the mean value. The variance of such process is

var(BH(x)) = σ 2
|x|2H . (B.3)

The classical Brownian motion corresponds to H = 1/2 and to a variance var(B1/2(x)) = σ 2
|x|. We can easily show that the

increments of a fBm over a distance l:

δBH,l = BH(x + l)− BH(x) (B.4)

are stationary. Indeed, the correlation function depends only on1x = x − y and l:

CH,l(1x) = ⟨δBH,l(x)δBH,l(x +1x)⟩ =
σ 2

2


|1x + l|2H + |1x − l|2H − 2|1x|2H


,

∼
1x/l≫1

H(2H − 1)
1x

l

2H−2

. (B.5)
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ForH = 1/2,we recover the fact that the classical Brownianmotion has uncorrelated increments: CH,l(1x) = 0 for |1x| > l.
For H ≠ 1/2, CH,l(1x) decays very slowly as a power-law. For 1/2 < H < 1, the increments are positively correlated,
CH,l(1x) > 0 and the randomwalk is called persistent. On the contrary, for 0 < H < 1/2, the increments are anti-correlated
and the random walk is called antipersistent [29,56,458].

Note that from Eq. (B.2), we get:

BH(x + λy)− BH(x) ≃ λH (BH(x + y)− BH(x)) , (B.6)

where ≃ stands for the equality in law. This means that fBm is a self-affine process [56,759,782,783] and that the Hurst
exponent is H . The higher H , the more regular the motion. But since Eq. (B.6) holds for any x and y, this means that almost
all realizations of the fBm are continuous, everywhere non-differentiable with a unique Hölder exponent h(x) = H , ∀x
[56,458,759,784]. Thus fBm is a homogeneous fractal characterized by a singularity spectrum which reduces to a single
point:

D(h) = 1 if h = H,
= −∞ if h ≠ H. (B.7)

By Legendre transforming D(h) (Eq. (A.14)), we get the following expression for the partition function exponents:

τ(q) = qH − 1. (B.8)

τ(q) is a linear function of q with a slope given by the index H of the fBm. Let us point out that τ(2) ≠ 0 (i.e. H ≠ 1/2)
indicates the presence of long-range correlations.

In Figs. B.1 and B.2, we report the results of a statistical analysis of fBm’s using the WTMM method [457–459,701,702].
We mainly concentrate on B1/3 since it has a ω−5/3 power-spectrum similar to the spectrum of the multifractal stochastic
signal we will study in the next section. Actually our goal is to demonstrate that, where the power spectrum analysis fails,
the WTMM method succeeds in discriminating unambiguously between these two fractal signals. The numerical signals
were generated by filtering uniformly generated pseudo-random noise in Fourier space in order to have the required ω−5/3

spectral density. A B1/3 fractional Brownian trail is shown in Fig. B.1(a). Fig. B.1(c) illustrates the WT coded, independently
at each scale a, using 256 colors. The analyzing wavelet is g(1) (nψ = 1). Fig. B.2(a) displays some plots of log2 Z(q, a) vs.
log2(a) for different values of q, where the partition function Z(q, a) has been computed on the WTMM skeleton shown in
Fig. B.1(e), according to the definition in Eq. (A.12). Using a linear regression fit, we then obtain the slopes τ(q) of these
graphs. As shown in Fig. B.2(c), when plotted vs. q, the data for the exponents τ(q) consistently fall on a straight line that
is remarkably fitted by the theoretical prediction τ(q) = q/3 − 1 (Eq. (B.8)). As expected theoretically, we find from the
numerical application of theWTMMmethod, that the fBm B1/3 is a nowhere differentiable homogeneous fractal signal with
a unique Hölder exponent h = H = 1/3, as given by the slope of the linear τ(q) spectrum (the hallmark of homogeneous
fractal scaling). Similar good estimates are obtained when using analyzing wavelets of different orders, and this whatever
the value of the index H of the fBm [457–459,701,702].

Within the perspective of confirming the monofractality of fBm’s, we have studied the probability density function (pdf)
of wavelet coefficient values ρa(Tg(1)(., a)), as computed at a fixed scale a in the fractal scaling range. According to the
monofractal scaling properties, we expect these pdfs to satisfy the self-similarity relationship [29,113,124]:

aHρa(aHT ) = ρ(T ), (B.9)

where ρ(T ) is a ‘‘universal’’ pdf (actually the pdf obtained at scale a = 1) that does not depend on the scale parameter a.
As shown in Fig. B.3 for B1/3, when plotting aHρa(aHT ) vs. T , all the ρa curves corresponding to different scales (Fig. B.3(a))
remarkably collapse on a unique curve when using a unique exponent H = 1/3 (Fig. B.3(a’)). Furthermore the so-obtained
universal curve cannot be distinguished from a parabola in semi-log representation as the signature of the monofractal
Gaussian statistics of fBm fluctuations [29,113,458].

B.2. Random W-cascades

Multiplicative cascade models have enjoyed increasing interest in recent years as the paradigm of multifractal
objects [458,705,747–749,756,785]. The notion of cascade actually refers to a self-similar process whose properties are
defined multiplicatively from coarse to fine scales. In that respect, it occupies a central place in the statistical theory of
turbulence [73,746,756]. Originally, the concept of self-similar cascades was introduced to model multifractal measures
(e.g. dissipation or enstrophy) [756]. It has been recently generalized to the construction of scale-invariant signals
(e.g. longitudinal velocity, pressure, temperature) using orthogonal wavelet basis [760,761,786]. Instead of redistributing
the measure over sub-intervals with multiplicative weights, we allocate the wavelet coefficients in a multiplicative way
on the dyadic grid. This method has been implemented to generate multifractal functions (with weights W ) from a given
deterministic or probabilistic multiplicative process. Along the line of the modeling of fully developed turbulent signals by
log-infinitely divisible multiplicative processes [787,788], wemainly concentrate here on the log-normal W-cascades [761]
in order to calibrate the WTMM method. If m and σ 2 are respectively the mean and the variance of lnW (where W is a
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Fig. B.2. Determination of the τ(q) andD(h)multifractal spectra of fBm B1/3 (circles) and log-normal randomW-cascades (dots) using theWTMMmethod.
(a) log2 Z(q, a) vs. log2 a: B1/3 . (b) log2 Z(q, a) vs. log2 a: log-normal W-cascades with the same parameters as in Fig. B.1(b). (c) τ(q) vs. q; the solid line
corresponds to the theoretical spectra (B.8) and (B.10). (d) D(h) vs. h; the solid line corresponds to the theoretical prediction (B.11). The analyzing wavelet
is g(1) (Fig. A.1(a)). The reported results correspond to annealed averaging over 1000 realizations of L = 65536.

multiplicative random variable with log-normal probability distribution), then, as shown in Ref. [761], a straightforward
computation leads to the following τ(q) spectrum:

τ(q) = − log2⟨W
q
⟩ − 1, ∀ q ∈ R

= −
σ 2

2 ln 2
q2 −

m
ln 2

q − 1, (B.10)

where ⟨· · ·⟩ means ensemble average. The corresponding D(h) singularity spectrum is obtained by Legendre transforming
τ(q) (Eq. (A.14)):

D(h) = −
(h + m/ ln 2)2

2σ 2/ ln 2
+ 1. (B.11)

According to the convergence criteria established in Ref. [761], m and σ 2 have to satisfy the conditions: m < 0 and
|m|/σ >

√
2 ln 2. Moreover, by solving D(h) = 0, one gets the following bounds for the support of the D(h) singularity

spectrum:

hmin = −
m
ln 2

−

√
2σ

√
ln 2

and hmax = −
m
ln 2

+

√
2σ

√
ln 2

. (B.12)

In Fig. B.1(b) is illustrated a realization of a log-normal W-cascade for the parameter values m = −0.355 ln 2 and
σ 2

= 0.02 ln 2. The corresponding WT andWT skeleton as computed with g(1) are shown in Fig. B.1(d) and (f) respectively.
The results of the application of theWTMMmethod are reported in Fig. B.2. As shown in Fig. B.2(b), when plotted vs. the scale
parameter a in a logarithmic representation, the annealed average of the partition function Z(q, a) displays a well defined
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Fig. B.3. Probability distribution functions of wavelet coefficient values of fBm B1/3 (open symbols) and log-normal random W-cascades (filled symbols)
with the same parameters as in Fig. B.1(b). (a) ρa vs. Tg(1) for the set of scales a = 10 (△), 50 (�), 100 (◦), 1000 (�), 9000 (▽); (a’) aHρa(ρ(aHTg(1) )) vs.
Tg(1) with H = 1/3; the symbols have the same meaning as in (a). (b) ρa vs. Tg(1) for the set of scales a = 10 (N), 50 (�), 100 (•), 1000 ( ), 9000 (H);
(b’) aHρa(aHTg(1) ) vs. Tg(1) with H = −m/ ln 2 = 0.355. The analyzing wavelet is g(1) (Fig. A.1(a)).

scaling behavior over a range of scales of about 5 octaves. Note that scaling of quite good quality is found for a rather wide
range of q values:−5 ≤ q ≤ 10.When processing to a linear regression fit of the data over the first four octaves, one gets the
τ(q) spectrum shown in Fig. B.2(c). This spectrum is clearly a nonlinear function of q, the hallmark of multifractal scaling.
Moreover, the numerical data are in remarkable agreement with the theoretical quadratic prediction (Eq. (B.10)). Similar
quantitative agreement is observed on the D(h) singularity spectrum in Fig. B.2(d) which displays a single humped parabola
shape that characterizes intermittent fluctuations corresponding to Hölder exponents values ranging from hmin = 0.155 to
hmax = 0.555. Unfortunately, to capture the strongest and the weakest singularities, we need to compute the τ(q) spectrum
for very large values of |q|. This requires the processing of manymore realizations of the considered log-normal random W-
cascade. Themultifractal nature of log-normalW-cascade realizations is confirmed in Fig. B.3(b, b’) where the self-similarity
relationship (Eq. (B.9)) is shown not to apply. Actually there does not exist a H value allowing to superimpose onto a single
curve the WT pdfs computed at different scales.

The test applications reported in this Appendix demonstrate the ability of the WTMM method to resolve multifractal
scaling of 1D signals, a hopeless task for classical power spectrum analysis. They were used on purpose to calibrate and
to test the reliability of our methodology (and of the corresponding numerical tools) with respect to finite-size effects and
statistical convergence [29,757].

Appendix C. Modeling the effect of sequence-dependent long-range correlated structural disorder on the thermody-
namical properties of 2D elastic chains

C.1. The worm-like-chain model

In this subsection, we summarize the main results of the WLC model [311–317] that accounts for the entropic elastic
behavior of an intrinsically straight semi-flexible polymer. In 2D, the chain conformations of length L with local curvatures
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Fig. C.1. Schematic representation of a DNA chain of total length L with curvature disorder induced by the sequence (intrinsic) and possibly by thermal
fluctuations (T ≠ 0). The local curvature at the base-pair n is defined as C(n) = 1/r(n) = 1θn = θn − θn−1 . In the continuous limit, R⃗ is the end-to-end
vector, u⃗(s) and u⃗(s′) are unit vectors tangent to the chain at locations s and s′ respectively and u⃗o is the unit tangent vector at the origin.

induced by thermal fluctuations (Fig. C.1) are controlled by the elastic energy function [789]:

Eeℓ
kT

=
A
2

∫ L

0

[
dθ(s)
ds

]2
ds, (C.1)

where the elastic bending modulus A actually controls the exponential decay of the orientational correlation between
tangent unit vectors to the chain, u⃗(s) and u⃗(s′), separated by a curvilinear distance ℓ = |s′ − s|:

⟨u⃗(s).u⃗(s + ℓ)⟩ = ⟨cos(θ(s + ℓ)− θ(s))⟩ = exp


−
ℓ

2A


, ∀s (C.2)

where ⟨·⟩ stands for averaging over thermal realizations. Thus 2A = ℓp is nothing but the persistence length, i.e. the decay
length through which the memory of the initial orientation of the chain persists. Actually the probability of having a certain
bend angle1θ(s, ℓ) = θ(s + ℓ)− θ(s) over the distance ℓ at any position s, follows a Gaussian distribution [340,341,789]:

P(1θ) =


A

2πℓ
exp


−

A
2ℓ
1θ2


. (C.3)

C.1.1. Persistence length estimate from the mean square end-to-end distance
Then, upon a straightforward integration, we get the following expression for the mean square end-to-end distance of

the polymer:

⟨R2
⟩ =

∫ L

0

∫ L

0
⟨u⃗(s).u⃗(s′)⟩dsds′,

= 4AL
[
1 −

2A
L


1 − exp


−

L
2A

]
, (C.4)

from which we can estimate the persistence length

ℓp = lim
L→∞

⟨R2
⟩/2L = 2A. (C.5)

For finite length polymers, we will use the following definition of the ‘‘local persistence length’’:

ℓD
p (L) =

⟨R2
⟩

2L
= ℓp

[
1 −

ℓp

L


1 − exp


−

L
ℓp

]
, (C.6)

where the superscript D stands for the double integration required to compute ⟨R2
⟩ in Eq. (C.4).
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C.1.2. Persistence length estimate from the mean projection of the end-to-end vector on the initial orientation
Alternatively, we can estimate the persistence length from the projection of the end-to-end vector R⃗ on the initial unit

tangent vector to the chain [340], i.e.

⟨u⃗(0).R⃗⟩ =

∫ L

0
⟨u⃗(0).u⃗(s)⟩ds,

= 2A(1 − exp(−L/2A)), (C.7)

from which we get in the limit L ≫ 2A:

lim
L→∞

⟨u⃗(0).R⃗⟩ = 2A = ℓp. (C.8)

Again, for finite length polymers, we will use the following definition:

ℓS
p (L) = ⟨u⃗(0).R⃗⟩ = ℓp


1 − exp


−L/ℓp


, (C.9)

where the superscript S now stands for the simple integration involved in Eq. (C.7). Let us remark that as compared to the
rather slow 1/L convergence of ℓD

p (L) towards the persistence length ℓp = 2A, ℓS
p (L) converges exponentially fast to ℓp.

C.2. Revisiting polymer statistical physics to account for the presence of long-range correlated structural disorder in 2DDNA chains

As sketched in Fig. 32, DNA is not intrinsically straight and the main limitation of the WLC model is that it does not take
into account the intrinsic sequence-dependent structural disorder θ̇o(s) (Fig. 2(b)). Then the elastic energy function takes
the following new form [80,346]:

Eeℓ
kT

=
A
2

∫ L

0


θ̇ (s)− θ̇o(s)

2
ds, (C.10)

where the local fluctuation θ̇ (s) = dθ(s)/ds for a straight polymer (Eq. (C.1)) has been replaced by a local fluctuation
θ̇ (s) − θ̇o(s) around the intrinsic frozen DNA trajectory (Fig. 32). Let us point out that when modeling the local intrinsic
curvature of the chain θ̇o(s) as the realization of a fractional Gaussian noise of zero mean and variance σ 2

o (see Appendix D),
then

1θo(s, ℓ) =

∫ s+ℓ

s
θ̇o(u)du = BH(s + ℓ)− BH(s) = δBH,ℓ(s) (C.11)

is the increment over a distance ℓ of a fBm BH (Appendix B, Eq. (B.4)) [56,758], which is quite consistent with the Gaussian
statistics of wavelet coefficients obtained, at small scales, for the PNuc bending profiles in Fig. 10. This means that the
intrinsic bend angle1θo(ℓ) over a distance ℓ follows a Gaussian law

P(1θo) =


1

2πσ 2
o ℓ

2H
exp


−

1θ2o

2σ 2
o ℓ

2H


(C.12)

of zero mean and variance σ 2(ℓ) = σ 2
o ℓ

2H , where as discussed in the Appendix B and Section 2, the Hurst exponent H
accounts for the possible existence of LRC (1/2 < H < 1) in the distribution of the intrinsic curvature along the chain
(Fig. 32). Under this assumption, we can analytically compute the directional correlations between tangent unit vectors and
Eq. (C.2) transforms into [80,346]:

⟨u⃗(s).u⃗(s + ℓ)⟩ = ⟨cos [(θ(s + ℓ)− θo(s + ℓ))− (θ(s)− θo(s))]⟩ = exp


−
ℓ

2A
−
σ 2
o ℓ

2H

2


, (C.13)

where · stands for averaging over intrinsic curvature disorder (θ̇o) realizations.

C.2.1. The worm-like-chain model still at work for DNA chains with uncorrelated intrinsic disorder
Let us remark that for uncorrelated (or short-range correlated) DNA chains, introducing H = 1/2 in Eq. (C.13) yields:

⟨u⃗(s).u⃗(s + ℓ)⟩ = exp


−
ℓ

2


1
A

+ σ 2
o


. (C.14)

We recover the exponential behavior predicted by the WLC model (Eq. (C.2)) but with an effective persistence length:

ℓeffp =
2A

1 + Aσ 2
o
. (C.15)
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a c

db

Fig. C.2. Persistence length ℓD
p (solid line) and ℓS

p (dashed line) computed from Eqs. (C.21) and (C.22) respectively [346]. (a) 2A = 310 bp, σo = 0.01,
H = 0.5, 0.7 and 0.9 from top to bottom; (b) same as (a) but for 2A = 490 bp; (c) 2A = 490 bp, H = 0.5, σo = 0.007, 0.022 and 0.04 from top to bottom;
(d) same as (c) but for H = 0.73. The symbols ℓD

p (•) and ℓS
p (◦) correspond to DNA simulations when averaging over one thermal realization for N = 103

different frozen chains generated with the corresponding parameters as described in Appendix D. In (a) and (b), the asymptotic convergence of ℓD
p and ℓS

p
is illustrated up to s = 10 000 bp disregarding excluded volume effects [350,790].
Source: Adapted from Ref. [85].

This equation can be rewritten in the following form:
1

ℓ
eff
p

=
1
ℓdp

+
1
ℓsp
, (C.16)

where

ℓdp = 2A, ℓsp = 2/σ 2
o (C.17)

are respectively the dynamical persistence length associated with entropic disorder and the static persistence length
associated with the intrinsic curvature disorder. Eq. (C.16) is identical to the Trifonov et al. Eq. (12) [323] except that it
applies in 2D and not in 3D.

Remark. From themean square end-to-end distance of an uncorrelated chainwhich freely equilibrates on a surface, we can
show, under the hypothesis that the chain is a continuous, homogeneous and isotropicmaterial, that its apparent persistence
length is twice the one found for the 3D conformations [340,341]:

ℓ2Dp = 2ℓ3Dp . (C.18)

Importantly, WLC equations (C.6) and (C.9) for ℓD
p and ℓS

p , still apply to heteropolymers with uncorrelated structural
disorder but with an effective elastic bend rigidity that has been renormalized by the amplitude σ 2

o of the intrinsic curvature
fluctuations, the larger σ 2

o , the smaller the effective persistence length:

Aeff =


1
A

+ σ 2
o

−1

. (C.19)
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Note that in the weak disorder limit, σ 2
o ≪ 1/A, Eq. (C.19) leads to Nelson’s formula (Eq. (13)) [330]:

leffp = 2A

1 − Aσ 2

o


. (C.20)

C.2.2. Generalized 2D worm-like-chain model for long-range correlated DNA chains
For LRC structural disorder, when using Eq. (C.13) to compute both the mean end-to-end distance and the mean

projection of the end-to-end vector on the initial unit tangent vector, then Eqs. (C.4) and (C.7) become, respectively [80,
346]:

⟨R2⟩ =

∫ L

0
ds′
∫ s′

0
ds exp


−

s
2A

−
s2Hσ 2

o

2


, (C.21)

and

⟨u⃗(0).R⃗⟩ =

∫ L

0
ds exp


−

s
2A

−
s2Hσ 2

o

2


. (C.22)

Both these equations can be handled perturbatively and numerically. But unlike Eq. (C.15) for uncorrelated static disorder
(H = 1/2), there is no longer analytically tractable expression of the persistence length when considering the presence of
LRC (1/2 < H < 1).

As far as the convergence to the persistence length is concerned, we show in Fig. C.2, the behavior of ℓD
p (s) and ℓ

S
p (s)

obtainedwhennumerically integrating Eqs. (C.21) and (C.22) for values ofA,σo andH allowing for some comparative analysis
of persistence length estimates of various DNA fragments using AFM imaging in Section 4. As shown in Fig. C.2(a) and (b)
for 2A = 310 bp and 490 bp respectively, when fixing σo = 0.01, we see that for uncorrelated H = 1/2 chains, ℓD

p and
ℓS
p both converge to the effective persistence length ℓeffp = 305 bp and 478 bp according to the WLC equations (C.6) and

(C.9) respectively, and in good agreement with the weak-disorder perturbative formula (C.20). When introducing LRC, for
both A values, we observe a faster convergence to a smaller persistence length, the larger the H , the smaller the ℓp. ℓS

p still
converges faster than ℓD

p to the persistence length that is well approximated by the following weak disorder formula for
σ 2
o ≪ 2/[(2A)2HΓ (2H + 1)] [80,346]:

ℓeffp = 2A

1 −

(2A)2Hσ 2
o

2
Γ (2H + 1)


, (C.23)

where Γ is the Gamma function. As shown in Fig. C.2(c) for H = 1/2 and (d) for H = 0.73, when increasing the amplitude
σo of the intrinsic curvature disorder, the decrease of the persistence length is even more pronounced for LRC chains than
for uncorrelated ones. This significant decrease of ℓp that cannot be accounted for by the WLC model is not the signature
of some increased flexibility, but rather the consequence of the LRC induced persistence in the distribution of intrinsically
bent sites [80,346]. In Fig. C.2(c) and (d) are also reported for comparison the results of numerical estimates of ℓD

p and ℓS
p

from DNA simulations when averaging over one thermal realization for N = 103 different uncorrelated (H = 1/2) and
LRC (H = 0.73) frozen chains respectively (see Appendix D). For the two values of σo = 0.007 and 0.022 considered in
these simulations, the numerical results obtained for the LRC chains in Fig. C.2(d) are in just as good agreement with the
theoretical predictions (Eqs. (C.21) and (C.22)), as are the numerical results for the uncorrelated chains with theWLCmodel
predictions in Fig. C.2(c). These results strengthen our GWLC model as a very reliable guide to future experiments.

Remark. In this Appendix, we have neglected electrostatic effects assuming that the ionic strength is such that the
electrostatic persistence length [791] is much larger than the entropic persistence length [792–795]. In other words, the
local DNA curvature fluctuations will be assumed to be significantly larger than the thickness of the Debye layer.

Appendix D. DNA simulations of uncorrelated and long-range correlated 2D elastic chains

The GWLC model developed in Appendix C, involves some averaging over the structural disorder, i.e. over many DNA
sequences. As experienced in Section 4, this is without any doubt a rather prohibitive experimental task that led us to extend
the DNA simulations performed in Ref. [339] for intrinsically straight DNA to uncorrelated and LRC DNAmolecules [80,346].
Because of the rather small size (.3000 bp) of the numerical DNA chains under study, DNA chains are simulated without
taking into account excluded volume effects among segments of the samemolecule (self-avoiding effects) which have been
shown to show up for sizes larger than 10–20 ℓp only [350,790]. The interaction energy between the DNA chain and the
surface is assumed to be zero. Thus, a simulated chain consists of a series of L segments of length 1 pixel and infinitesimal
thickness, joined together at one end.
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a

c

b

d

Fig. D.1. (a)N = 100 numerically generated frozen DNA chains of length L = 2200 bpwith uncorrelated (H = 1/2, blue) and LRC (H = 0.73, red) intrinsic
curvature angle fluctuations of amplitude σo = 0.007; (b) same as in (a) with σo = 0.022. (c) DNA simulations of N = 100 2D equilibrium conformations
(black trajectories) generated with an elastic bend rigidity 2A = 490 bp from a chain of length L = 2200 bp with uncorrelated (H = 1/2) intrinsic bend
angle fluctuations of amplitude σo = 0.022 (blue trajectory); (d) same as in (c) but for a chain with LRC (H = 0.73) intrinsic bend angle fluctuations of
amplitude σo = 0.007 (red trajectory). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this
article.)
Source: Adapted from Ref. [85].

D.1. Intrinsically straight DNA

2D equilibrium conformations of straight DNA are generated using the centered Gaussian distribution of variance 1/A
given by Eq. (C.3) (ℓ = 1) to randomly choose the angle deformation1θ(n) between successive segments.

D.2. DNA chains with intrinsic uncorrelated structural disorder

To model the presence of some intrinsic uncorrelated curvature disorder induced by the sequence, we first generate a
Gaussian white noise 1θo(n) of zero mean and variance σ 2

o from which we construct a frozen uncorrelated trajectory like
the one shown in blue in Fig. D.1(a) and (b) for σo = 0.007 and 0.022 respectively. Then 2D equilibrium conformations are
generated as before but using for 1θ(n) a Gaussian law of variance 1/A which is no longer of zero mean but centered at
1θo(n). In Fig. D.1(c) we show for illustrative purpose,N = 100 trajectoriesmimicking the effect of the thermal fluctuations
(2A = 490 bp) on the original uncorrelated blue frozen chain (H = 1/2, σo = 0.022).

D.3. DNA chains with long-range correlated structural disorder

Along the line of our GWLCmodel (Appendix C.2.2) [80,346], wemodel the presence of LRC in the DNA intrinsic curvature
properties using a fractional Gaussian noise of zeromean and variance σ 2

o andwhose index (1/2 < H < 1) actually controls
(i) the power-law increase of the varianceσ 2

o ℓ
2H of the distribution of intrinsic curvature1θo(ℓ) over a distance ℓ (Eq. (C.12)),

and (ii) the slow power-law decay of the intrinsic curvature correlation function (Eqs. (C.11) and (B.5)). Typical constructed
frozen LRC trajectories with H = 0.73 and σo = 0.007 and 0.022 are shown in Fig. D.1(a) and (b) respectively. Then 2D
equilibrium conformations are generated as before for uncorrelated chains, i.e., using for1θ(n) a Gaussian law centered at
1θo(n) and of variance 1/A. In Fig. D.1(d), we show N = 100 trajectories mimicking the effect of thermal fluctuations on
some LRC frozen chains (H = 0.73, σo = 0.007) andwhich, according to the value of the elastic bend rigidity (2A = 490 bp),
more or less retain the overall large-scale curvature of the original LRC chain.
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Remark. To use fractional Gaussian noise (and in turn fBm) in numerical experiments, we need to sample it. It has been
shown in Refs. [796–798] that a fractional autoregressive integrated moving average (FARIMA) time series with Gaussian
innovations [784,799,800] corresponds to a well defined sampling (using a particular sampling filter). All our LRC DNA
simulations were performed using FARIMA processes [80,130,346,781].
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